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ABSTRACT

Respirometric experiments were performed to evaluate the role of nitrogen in

aerobic diesel biodegradation. Specific objectives included 1) evaluating the effects of

water potential induced by various nitrogen amendments on diesel biodegradation rates in

arid region soils, 2) comparing concurrent effects of C:N ratios and soil water potential

on diesel degradation rates, and 3), measuring gross rates of nitrogen cycling processes in

diesel-contaminated soil to determine duration of fertilizer bioavailability. In all studies,

increasing nitrogen fertilization resulted in a decrease in total water potential and

correlated with an increase in lag phase and overall reduction in microbial respiration.

Highest respiration and estimated diesel degradation was observed in the 250 mg N/kg

soil treatments regardless of diesel concentration, nitrogen source, or soil used,

suggesting an inhibitory osmotic effect from higher rates of nitrogen application. The

depression of water potential resulting in a 50% reduction in respiration was much

greater than that observed in humid region soil, suggesting higher salt tolerance by

microbial populations of arid region soils.

Due to the dependence on contaminant concentrations, use of C:N ratios was

problematic in optimizing nitrogen augmentation, leading to over-fertilization in highly

contaminated soils. Optimal C:N levels among those tested were 17:1, 34:1, and 68:1 for

5,000, 10,000 and 20,000 mg/kg diesel treatments respectively. Determining nitrogen

augmentation on the basis of soil pore water nitrogen (mg N/kg soil H20) is independent

of hydrocarbon concentration but takes into account soil moisture content. In the soil

14
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studied, optimal nitrogen fertilization was observed at an average soil pore water nitrogen

level of 1950 mg N/kg H20 at all levels of diesel contamination.

Based on the nitrogen transformation rates estimated, the duration of fertilizer

contribution to the inorganic nitrogen pooi at 5,000 mg/kg diesel was estimated at 0.9,

1.9, and 3.2 years in the 250, 500, and 1000 mg/kg nitrogen treatments respectively. The

estimation was conservative as ammonium fixation, gross nitrogen immobilization, and

nitrification were assumed as losses of fertilizer with only gross mineralization of native

organic nitrogen contributing to the most active portion of the nitrogen pool.



CHAPTER 1

LITERATURE REVIEW

Explanation of the Problem

Diesel fuel soil contamination has become a global environmental concern.

Contamination can result from processing, improper waste disposal, and accidental spills.

However, most often it results from leaking underground storage tanks at service stations

(Atlas, 1995). Such tanks are generally made of steel with little or no corrosion

protection and kept underground more than 20 years (Shen and Bartha, 1994). In the

United States there have been an estimated 300,000 leaking underground storage tanks

(Dowd, 1984; Feliciano, 1984). Diesel fuel is the second most frequently treated

contaminant after benzene at US EPA superfund sites (Buswell, 1994). In situ

bioremediation is considered a favorable approach to the restoration of diesel fuel

contaminated soil because, compared to excavation and off site treatment, it is more cost-

effective, and under optimal conditions has the potential for complete mineralization of

the contaminant, producing only innocuous by-products such as cellular biomass, water,

and carbon dioxide.

Diesel fuel is a distillate fraction of crude oil consisting mostly of C-b to C-20

hydrocarbons. It is a complex mixture of compounds comprised of approximately 30%

alkanes, 45% cyclic alkanes, and 24% aromatics (Frankenberger et al., 1989). Diesel fuel

typically has a density of 0.85 g/cm3 (Merck Index, 1983), a general solubility in water of

16
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less than 1 mg/i (ppm), and a viscosity of 2 to 4 centistokes (Cole, 1994). Basic and

neutral nitrogen compounds comprise a small fraction of fossil fuels, around 1-2% of

shale oil and coal (Oliveira et al, 2004). Nitrogen composition of diesel fuel is even

lower, with residual fluid catalytic cracking diesel oil consisting of 0.13% nitrogen

(Cheng et al., (2004), and diesel #2 standard containing only 0.0 12% nitrogen (Qimby

and Giarrocco, 1997).

Microbial growth in the soil environment is primarily limited by the availability

of substrate carbon. However, at hydrocarbon contaminated sites, the high influx of

carbon results in the limitation of macronutrients such as nitrogen and phosphorous.

Exogenous supplementation of fertilizers to enhance the biodegradation rates of

hydrocarbon-utilizing bacteria has therefore often resulted in positive effects in

bioremediation (Atlas and Bartha, 1972; Dibble and Bartha, 1979; Bragg et al., 1994,

Zhou and Crawford, 1995). However, optimal nitrogen augmentation in hydrocarbon

bioremediation continues to remain elusive.

Bioremediation

Bioremediation is a technology which utilizes microorganisms, primarily bacteria,

to transform chemical compounds. In a general sense, microorganisms use the

hydrocarbon contaminant as a carbon and energy source, breaking it down to carbon

dioxide, water, and biomass. This complete oxidation of the contaminant is known as

mineralization. In situ bioremediation systems are those where the contaminated medium

(soil and or/groundwater) is not physically moved or transported from its original
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location, and can be further classified as either intrinsic remediation or engineered

bioremediation systems. Intrinsic bioremediation, or natural attenuation, relies on natural

processes to clean up pollution in soil and/or groundwater, followed by an extensive

long-term monitoring program. Engineered in situ bioremediation systems supply

microbe-stimulating materials into the subsurface.

The indigenous bacterial populations encountered in the soil matrix generally

contain species capable of bioremediation. However, the enumerations may not be high

enough to rapidly transform the contaminant. Thus in engineered in situ bioremediation,

the indigenous microbes are often provided with inorganic nutrients, electron acceptors,

and, depending on the contaminant, even substrates (electron donors) required to sustain

high-density populations necessary for contaminant biodegradation. The most commonly

isolated soil hydrocarbon-consuming bacteria are Pseudomonas, Arthrobacter,

Alcaligenes, Corynobacterium, Flavobacterium, Achromobacter, Micrococcus,

Nocardia, and Mycobacterium (Wong et al., 1997). Table 1 lists some of the genera of

hydrocarbon consuming bacteria and fungi isolated from soil.

Biodegradation can occur aerobically or anaerobically depending on the microbial

population and the electron acceptors available. Aerobic degradation is preferred as

oxygen has the highest redox potential relative to the anaerobic electron acceptors and

thus provides the most free energy to the microorganism during electron transfer

(Bouwer, 1994). During aerobic metabolism, the petroleum hydrocarbon serves as an

electron donor, and is oxidized to carbon dioxide, while reducing oxygen to water.
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Table 1. Genera of hydrocarbon-degrading bacteria and fungi isolated from
soil.
(Adapted from Calabrese, E.J.and P.T. Kostecki, 1993)

Bacteria Fungi

Achromobacter Acremonium
Ace intobacter Asperigillus
Alcaligenes Aureobasidiurn
Arthrobacter Beauveria
Bacillus Botrytis
Brevibacterium Candida
Chromobacterium Chrysosporium
Corynebacterium Cladosporium
Cytophaga Cochiliobolus
Erwina Cylindrocarpon
Flavobacterium Debaryomyces
Micrococcus Fusarium
Mycobacterium Geotrichum
Nocardia Gliocladium
Proteus Graphium
Pseudomonas Humicola
Sarcina Monilia
Serratia Mortierella
Spirillum Paecilomyces
Streptornyces Penicillium
Vibrio Phorma
Xanthomonas Rhodotorula

Saccharomyces
Scolecobasidium
Sporobolomyces
Sprotrichum
Spicaria
Tolypocladium
Torulopsis
Trichoderma
Verticillium
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This ultimately results in a production of energy (ATP) for the organism as the electrons

from the substrate hydrocarbon are moved along the respiratory or electron transport

chain via a series of membrane-bound reactions and transferred to 02. The proton

gradient produced facilitates energy production and the production of H outside the

membrane (Paul and Clark, 1989). Alternative electron acceptors required for anaerobic

metabolism, in order of reducing redox potential or energy yield during respiration,

include NO3, Mn(IV), Fe(III), SO42, and CO2 (Stumm and Morgan, 1981).

Substrate Utilization

Microbial utilization of hydrocarbons or other substrates is dependent on the

compounds ability to reach the necessary enzyme responsible for the initial step of its

catabolism. The substrate may be passively diffused through the cellular envelope

followed by specific interaction of the compound with the enzyme responsible for the

first step of its catabolism. The catabolic mechanism may require preliminary interaction

with an extracellular enzyme before the molecule can penetrate the cell. The substrate

may also require active transport into the cell via binding to the active sites of the

necessary protein required for its transport (Maier et al., 2000).

It is generally assumed that in the soil-water matrix, the contaminants must exist

in the dissolved phase in order for biodegradation to occur (Mihelcic and Luthy, 1991;

Mihelcic et al., 1993; Stotzky, 1972). In this phase, most contaminants are freely

transported across the cell membrane for intracellular metabolism, either as complete

molecules or after attack by extracellular enzymes (Verschurern and Visschers, 1988).
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Cellular uptake of the contaminant, or the ease with which the substrate is capable of

penetrating the microbial cell and reaching the appropriate enzyme site, can be a limiting

step in biodegradation for pollutants with low water solubility and high sorption

capabilities (compounds exhibiting high octanol-water partitioning coefficients, K).

Therefore, bioavailability, or the rate of contaminant dissolution from liquid phase or

desorption from a solid surface, generally governs the rates of biodegradation.

Rates of hydrocarbon biodegradation are proportional to the solubility and

inversely proportional to the molecular weight of the contaminant. The simpler the

chemical structure, the easier the hydrocarbon is to degrade. Therefore, branched

structures degrade at a slower rate than corresponding straight-chain hydrocarbons

(Breedveld et al., 1995). Alkanes are degraded more rapidly than aromatic compounds.

Shorter-chain aliphatic hydrocarbons are generally believed to be most susceptible to

biodegradation (Geerdink et al., 1996; Perry, 1984; Atlas and Bartha, 1993) Alkanes C10

to C18 in length are utilized more readily than alkanes with either shorter or longer chains

(Maier et al., 2000). Greater length aliphatics have lower bioavailability and reduced

degradation rates. However, because of their greater solubilities, very short chain alkanes

are toxic to microorganisms as they disrupt the cell membrane affecting membrane-

bound proteins necessary for transport and oxidation.

The presence of branching and functional groups slows biodegradation by

changing the chemistry of the degradation reaction site thus hindering the contact

between the enzyme and contaminant (Maier et al., 2000). The electronegativity of

functional groups may also interfere with enzyme bonding or alter the energy required to
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break critical bonds in the molecule. Generally, the more electronegative the functional

group, the slower the aerobic biodegradation rate of the compound (Pitter and Chudoba,

1990). This is because organic compounds act as electron donors and become oxidized

under aerobic conditions. Electronegative functional groups and halogens act as electron

acceptors rather than donors making them difficult to degrade under aerobic conditions.

Optimal Soil Moisture in Hydrocarbon Bioremediation

Soil water content can affect microbial activity and bioremediation of petroleum

by influencing nutrient and contaminant bioavailability, aeration, and microbial mobility.

Because microorganisms obtain nutrients and substrates necessary for growth from the

soil solution, water content influences microbial growth and consequently biodegradation

efficacy. Due to slow gas diffusion rates through water and the limited solubility of

oxygen (9.3 mg/l at 20 ° C and 1 atm pressure, Handbook of Chemistry and Physics,

1996) saturated soil water conditions may result in an anaerobic environment which is

unfavorable if aerobic biodegradation processes are desired. Lastly, bacterial movement

becomes negligible at soil matrix potentials of -0.02 to -0.1 MPa (Sommers et al., (1980).

Low soil water content may therefore restrict bacterial movement to new nutrient

locations resulting in nutrient limitations and reduced biodegradation efficiency (Baozhi

et al., 2001). Soil water-holding capacity is a product of soil texture, structure, and

compaction (Brady and Weil, 1999). Therefore optimum moisture in contaminated soils

will depend on the properties of the soil, the compound in question, and whether the

favorable transformation is aerobic or anaerobic (Alexander, 1999).



23

Optimum levels of soil water for hydrocarbon biodegradation are variously

reported to be 30 to 90% (Dibble and Bartha, 1979), 50-80% (Morgan and Watkinson,

1989), 50 -70% (Frankenberger, 1991), and 25 -85% (Sims et al., 1989) of field capacity

based on a gravimetric basis. Soil moisture recommendations for bioremediation given

in units of potential (Sims et al., 1989 suggest -0.1 bar) generally indicate matric potential

only, and do not include the osmotic component. Although the effects of solute potential

on biodegradation rates have been noted, interactions with nutrient levels in soil systems

have been largely unexplored.

Microbial Composition and Growth Requirements

Nitrogen is a very important constituent of the bacterial cell, being integrally

incorporated into nucleic and amino acids, proteins, amino sugars, the cytoplasm, and

peptidoglycan of the cell wall (Atlas and Bartha, 1993; Paul and Clark, 1989). It may

comprise from 10 to 25% of the bacterial cell (Lewandowski and DeFilippi, 1998;

Alexander, 1999; Paul and Clark, 1989). The National Research Council (1993)

describes the composition of the bacterial cell as 50% C, 14% N, 3% P, 2% K, 1% S,

0.2% Fe, and 0.5% Ca, Mg, and Cl. The concentrations of inorganic micro-nutrients (S,

K, Ca, Mg, and Fe) required for microbial growth are usually found in sufficient

quantities in the soil (Alexander, 1999). However, available forms of N and P are only

present in limited quantities in the environment (Frankenberger, 1991; Huesemann,

1994). Therefore, to sustain microbial growth and biotransformation required for
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bioremediation, these nutrients must be supplemented. Although both nitrogen and

phosphorous have been reported in short supply in hydrocarbon contaminated ecosystems

(Alexander, 1999; Walworth and Reynolds., 1995), the higher bacterial consumption rate

of N relative to P during the catabolic breakdown of hydrocarbons often results in N

becoming the primary limiting inorganic nutrient for oil bioremediation (Alexander,

1999).

Nitrogen Supplementation in Hydrocarbon Bioremediation

Nitrogen augmentation in bioremediation systems is generally estimated using

empirical C:N ratios. These ratios are based on contaminant concentration, generalized

composition of soil microbial biomass, assumed carbon assimilation efficiency, complete

hydrocarbon degradation, and no nitrogen cycling. Waksman (1924) indicated that soil

bacteria contain C :N in a 5:1 ratio and assimilate 5 to 10% of the oxidizable organic

carbon. For complete microbial degradation of 100 units of organic carbon, a total of 1 to

2 units of nitrogen would be required. Thus the C:N ratio required for complete organic

carbon degradation would range from 100:1 to 50:1 (calculated by dividing the C :N ratio

of the biomass by the assimilatory efficiency).

Bacteria are generally richer in protein than are fungi (11 verses 3% biomass

nitrogen respectively) and consequently have a lower biomass C:N ratio. Fungal C:N

ratios range from 15:1 to 4.5:1, while bacterial C:N ratios range from 10:1 to 5:1 (Paul

and Clark, 1989). Thus an average microbial biomass C:N ratio is often used in nitrogen
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augmentation estimations. Alexander (1999) described a typical C:N ratio for soil

microbes as 10:1 and a substrate assimilation efficiency of 30%. Therefore, during

biodegradation of 1000 g of organic carbon, 300 g of carbon would be converted to

microbial biomass. This would require 30 g of nitrogen (because the biomass has a C:N

ratio of 10:1), resulting in an overall soil C :N ratio (the ratio of contaminant carbon to

required nitrogen) of 1000:30 or 33:1.

It is important to note that the efficiency of biomass production is variable and

dependent on such factors as temperature, the species carrying out the transformation, the

composition of the substrate being degraded, and its concentration (Alexander, 1999).

Furthermore, varying nutrient conditions affect the bioactivity and distribution of

microbial species (Cleland et al., 1997), as well as the overall subclass of hydrocarbons

actually getting degraded (Graham et al., 1995). Thus, Alexander (1999) pointed out that

the nitrogen requirement based on soil C:N ratios may be optimum for total degradation

of the contaminant, but this method is probably not valid for predicting the concentration

of nitrogen required to support the maximum rate of degradation.

A vast range of recommended soil C:N ratios have been published in literature.

Dibble and Bartha (1979) found optimal hydrocarbon degradation at a C:N ratio of 60:1.

Paul and Clark (1989) recommended a 6:1 C:N ratio to allow unrestricted growth of soil

bacteria. Litchfield (1993) recommended a C:N ratio of 10:1 to compensate for

decreased elemental bioavai!ability. Sims et al. (1989) recommended a C:N ratio of 12:1,

while the US EPA (1993) proposed a C:N range of 100:1 to 10:1. A review by Morgan
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and Watkinson (1989) reports optimal soil C:N ratios in hydrocarbon bioremediation

ranging from 200:1 to 9:1.

Many researchers have reported favorable nitrogen augmentation with C:N ratios

close to 20:1. Rasiah et al. (1991) evaluated biodegradation of oily waste in clay loam

soil at C:N ratios of 266:1, 89:1, 44:1, 22:1, and 18:1 and found that the percent carbon

mineralized increased with decreasing C:N ratios with greatest enhancement of

biodegradation observed with C :N ratios of 18 to 22:1. Brook et al. (2001) found higher

02 consumption and hydrocarbon loss when ammonium sulfate was added to diesel

contaminated silty clay loam soil at C:N ratios of 20:1 verses 40:1. Atagana et al. (2003)

found highest creosote removal with N supplementation reaching C:N ratios of 25:1.

They found that increasing N augmentation to C:N ratios of 5:1 did not enhance

microbial growth or creosote removal.

However, there are indications that the optimum C:N ratio is dependent upon C

loading level. Genouw et al. (1994) found that at a 44,000 mg/kg hydrocarbon soil

contamination, a C:N ratio of approximately 170:1 stimulated microbial CO2 production,

whereas increasing nitrogen fertilization to a C:N ratio of 11:1 reduced microbial

respiration. Brown and Donnelly (1983) found that the optimum C:N ratio was 9:1

where refinery sludge was added to soil at a level of 3,500 mg/kg. In contrast, the

optimum ratio was 124:1 where petrochemical sludge was added at 21,000 mg/kg, and

reducing the C :N ratio to 23:1 decreased biodegradation.

Numerous studies suggested that too much nitrogen may have negative effects on

hydrocarbon biodegradation. Zhou and Crawford (1995) concluded that under low
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nutrient conditions (C:N = 300:1), microorganisms did not have enough nutrient for

optimal growth. C:N ratios of 50:1, 18:1, and 15:1 favored microbial growth. Excessive

addition of nitrogen to a C:N ratio of 1.8:1 almost stopped biodegradation. The authors

attributed this to NT-I3 toxicity, which inhibited microbial growth. Braddock et al. (1997)

observed highest hydrocarbon degradation rates as well as numbers of hydrocarbon

degraders under lowest (100 mg/kg N) rather than highest (300 mg/kg N) nutrient

addition and concluded that at 200 to 300 mg/kg N microbial activity and hydrocarbon

degradation were inhibited. They hypothesized that the decline in microbial activity

resulted from the increased salinity attributable to the partitioning of the fertilizer salts

into the pore water.

Walworth et al. (1997a) correlated soil moisture with the in situ effective nutrient

concentration and concluded that, depending on soil texture, even low fertilization could

lead to toxic effects on microbial populations due to osmotic stress. Walworth et al.

(1997 a,b) noted that hydrocarbon respiration rates are restricted by both low bioavailable

nitrogen in unfertilized soils, as well as the osmotic soil water potential attributable to the

dissolution of fertilizer salt under high nitrogen conditions. They observed highest

respiration in a humid-region soil at total water potential of -0.3 to 0.4 MPa or greater.

As water potential became more negative, respiration declined and was reduced by 50%

at -0.8 MPa. Haines et al. (1994) found that increasing salinity (from 0 to 30 mg/kg

NaC1) increased the lag phase and inhibited oil biodegradation rates in slurry reactions.

Wimpenny (1990) observed water potential limitations on the growth of microbial

colonies. They added KC1 to growth media of E. coli, S. areus, B. cereus, and
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Salmonella typhimurium. At values lower than -4.4 MPa, colony growth ceased for all

but the Staphylococcus genus.

Soil Water Potential

Water potential can be defined as the potential energy per unit mass of water in a

system, or the amount of work required to move water. Soil water potential is defined as

the amount of work that must be done per unit quantity of pure water in order to transport

reversibly and isothermically an infinitesimal quantity of water from a pool of pure water,

at a specified elevation and at atmospheric pressure to the soil water at the point under

consideration (Grifin, 1981; Brady and Weil, 1999). The potential energy of water in soil

is determined by the position (with respect to some reference level) of the water in a

gravity field, the adsorptive forces binding water to a matrix (due to cohesive and

adhesive forces), the concentration of dissolved substances in the water, and the

hyrostatic or pneumatic pressure on the water. The total water potential is the sum of all

these components and is written as:

1PPgPm+Wo+'p (1)

where the subscripts represent the gravitational, matric, osmotic, and pressure potentials

respectively. The pneumatic pressure is operational only for water in saturated zones. In

microbial systems the gravitational component is excluded as it is assumed that there is

no difference in elevation between the experimental system and the reference pool of

water (Grifin, 1981). Thus under contaminated unsaturated soil conditions, matric and
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osmotic water potentials play the primary role in the availability of water for microbial

growth.

Water potential is expressed in units of pressure, thus water potential and water

activity are related as follows:

W=RT/V\VlnaW (2)

where R is the gas constant (0.082 L x atml°K x mol), T is 298 °K, V is the molar

volume of water (0.018 Llmol), and a is water activity (unitless). The units of water

potential in equation 2 are standard atmosphere (1 bar = 0.987 atm). Although

synonymous, water activity is commonly used when the water is being emphasized and

the matrix retaining the water is ignored, while potential is more commonly used when

the matrix is being considered (Bohn, 1999).

Water activity is the fugacity, or relative escaping tendency of water. The activity

of the water is proportional to the relative humidity of the air and ranges from 0 (total

dryness) to 1 (the activity of pure water) (Bohn, 1999). The relative humidity of soil air

is affected by both matric and osmotic forces which constrain the escape of water

molecules from liquid water. Both components of soil water potential can be measured

using a thermocouple psychrometer which measures the humidity of air in equilibrium

with a soil sample.



Water Activity/Potential and Microbial Growth

The bacterial cell is made up of approximately 70 - 90% water (Wong et al.,

1997). Water functions as the matrix through which cellular chemistry including

metabolic activity and reproduction as well as transport of nutrients and wastes takes

place. Therefore, microorganisms need available water to survive and proliferate. As

water activity/potential decreases there is less water available for dissolving nutrients,

general metabolic processes, and for hydrating proteins and nucleic acids (Litchfield,

1998). It is water activity/potential and not water content that is a better measure of

available water necessary for microbial metabolic activity and osmotic regulation. In the

soil environment, the combined matric and osmotic components of soil water determine

the stress against which an organism must work to obtain water (Paul and Clark, 1989).

Since water moves from high to low water potential, in absence of a water pump which

would drive water against a potential gradient, cells can absorb water only if their internal

water potential is less than that of the environment (Griffin, 1981).

Reduced water content or water availability resulting from increased salinity has

an inhibitory effect on microbial growth generally characterized by a prolonged lag

phase, a depression of the log phase, lower respiration, and an overall reduction in total

number of viable microorganisms (Troller, 1989; Han and New, 1994; Haines et al.,

1994; Holden et al., 1997; Shapir et al., 1998; Baozhi et al., 2001; Volker et al., 2003). In

hyperosmotic environmental conditions, an initial dramatic osmotic shock is followed by

a second phase of much slower decline in population. Eventually, and often depending

30
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on the a of the environment, this decline becomes almost asymptotic, and increases in

numbers after weeks of steady decline may even be observed. This increase may be the

result of actual growth as a result of adaptation or genetic accommodation to low a, or

simply the accumulation of nutrients from cell contents released during cell death and

rupture (Troller, 1991).

Bacteria are generally less tolerant of low water activities (greater water stress)

than fungi (Brown, 1976; Berg and Bruin, 1981; Griffin, 1981; Reid, 1981). Gram

negative bacteria demonstrate high metabolic rates over only a narrow range of water

activity (0.97 - 0.995) (Berg and Bruin, 1981; Brown, 1976; Griffin et al., 1981; Reid,

1981). The majority of cultured organisms found in arid environments representative of

low water activity are spore-forming Gram positive bacteria (Atlas, 1984; Rainey et al.,

1999). Of the Gram positive bacteria, Staphylococcus aureus is the bacterial species

capable of growth at the lowest water activity (Troller, 1989; Atlas, 1984; Troller, 1991).

Thus Gram negative nitrifiers, as typified by Nitrosomonas, are less tolerant of water

stress than are ammonifiers as typified by Gram positive Ciostridium and the fungal

genera Penicillium (Paul and Clark, 1989). Table 2 depicts microbial growth under

varying water activities! water potentials.



Microbial Osmoregulation

Biological membranes are readily permeable to water molecules, but form an

effective barrier for most other solutes. The total concentrations of osmotically active

solutes within a cell are generally higher than those of the environment, causing water to

flow down its potential gradient into the cell. The flux of water increases the cellular

volume, until the cytoplasmic membrane gets packed against the peptidoglycan of the

cell wall. As a result, a hydrostatic pressure or turgor pressure is exerted by the

cytoplasmic membrane on the peptidoglycan layer (Morbach and Kramer, 2002; O'Byme

and Booth, 2002). Turgor pressure exerted by Gram positive bacteria is considerably

greater than that of Gram-negative bacteria, with values of 15.2 to 20.3 bars being
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Table 2. Approximate limiting water activities/potentials on microbial growth.
(Adapted from Harris, 1981 and Atlas, 1984).
Water

Activity
Water

Potential
(bars)

Water
Potential

(MPa)

Bacteria Gram
+/-

Fungi Algae

0.99 -13.8 -1.38 Nitrosomonas
Rhizobium

-

-

0.93 -99.82 -9.98 Clostridium +
0.90 -144.92 -14.49 Lactobacillus

Bacillus
+
+

Fusarium
Mucor

0.85 -223.53 -22.35 Staphylococcus + Debaromyces
0.80 -306.92 -30.69 Penicillium
0.75 -395.68 -39.57 Halobacterium

Halococcus
Aspergillus

Chrysosporum
Dunaliella

0.60 -702.61 -70.26 Saccharomyces
rouxii

Xeromyces
bisporus



33

observed for the former and 0.81 to 5.1 bars being observed for the latter respectively

(Ingraham, 1987; Koch and Pinette., 1987; Waisby. 1986).

Turgor is maintained throughout the growth cycle as the cell elongates (Chater

and Nikaido, 1999) and is considered necessary for enlargement of the cell envelope and

thus for growth and division (Koch, 1983). Although the major polymers of the cell

(DNA, protein, RNA, and lipids) are not osmotically active, growth is defined as the

balanced increase in the mass of these polymers until such time as the cell achieves a

critical mass and divides (O'Byme and Booth, 2002). The volume that is occupied by the

newly synthesized polymers is created by expansion of the cell.

In its simplest form, therefore, the problem faced by organisms introduced to

environments of high osmolality (environmental conditions with higher solute

concentrations than those found in the cytoplasm) is one of controlling and maintaining a

state of turgor within the cell (Troller, 1991). Loss of turgor will result in less growth,

and eventually death of the cell. Generally speaking, microorganisms maintain

osmostasis by the accumulation (uptake and/or synthesis) or efflux of specific solutes.

For halophilic microorganisms (microorganisms that will not grow below salt

concentrations of 10-12% and may grow at up to 34% NaC1 depending on temperature),

these solutes are the K and Cl ions (Litchfield, 1998). Xerotolerant eukaryotes, including

yeasts, molds, and algae, accumulate high concentrations of polyhydric alcohols or

related compounds (Gailani and Fung, 1986).

Nonhalophilic bacterial cells respond to hyperosmotic stress in three overlapping

phases: 1) dehydration of the cytoplasm, 2) re-hydration of the cytoplasm by adjustment
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of the cytoplasmic solvent composition due to accumulation of ions or compatible

solutes, and 3) cellular remodeling changes as a consequence of gene expression profiles

and exchange of ionic osmolytes against compatible solutes (Wood, 1999). Under

hyperosmotic environmental conditions, the passive efflux of water from the cell results

in loss of turgor and possible shrinkage of the cytoplasm (Delmarche et al., 1999).

During plasmolysis, a cell will not grow. It will either die or remain dormant. To grow,

the cell must reduce its intracellular a to regain its turgor. Bacteria may compensate for

the loss of turgor by controlled accumulation of K ions (Epstein, 1986; Booth et al.,

1988). The initial fast response of K accumulation may lead to unfavorably high ion

concentrations in the cytoplasm inimical to enzyme function (Dodd et al., 1997).

Bacteria therefore exchange initially accumulated potassium for compatible solutes

(mostly low-molecular-weight organic compounds). Thus the water activity of the cell

interior is reduced, and consequently cell volume and turgor are restored.

Compatible solutes combine two fundamental properties. On the one hand they

cause rehydration of the cytoplasm by increasing the internal osmolarity. On the other

hand they are compatible with vital functions of the cell, even when accumulated to

molar concentration in the cytoplasm under conditions of hyperosmotic stress (Csonka

and Epstein, 1996; Arakawa and Timasheff, 1985). Compatible solutes stabilize and

protect enzymes mainly by being excluded from the protein surface, thus leading to a

preferential hydration of the protein (Arakawa and Timasheff, 1985; Papageorgiou and

Murata, 1995; Welsh, 2000). The prominent compatible solutes found in bacteria are

comprised of amino acids or their derivatives, methylamines, sulfonium analogues,
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polyols, and sugars. Glycine, betaine, ectoine, proline, and trehalose are probably the

most widely used compatible solutes by bacteria (RoeBler and Muller, 2001; Morbach

and Kramer, 2002).

Choline (the precursor of betaine), betaine, and ectoine are only available from

the environment, proline can be either synthesized or transported, and trehalose is only

available via synthesis (O'Byrne and Booth, 2002). In the ecosystem compatible solutes

originate from decaying microbial, plant, animal cells, and rood exudates, and are thus

locally varying (Galinski and Truper, 1994; Ventosa et al., 1998). The internal

accumulation of compatible solutes occurs against their concentration gradient and

therefore needs some input of energy. Therefore, compatible solutes are unable to cross

the cell membranes without the aid of transport systems (Csonka, 1989; Morbach and

Kramer, 2002). Nonetheless, uptake of compatible solutes has the advantage of being

energetically cheaper than their synthesis (Morbach and Kramer, 2002). Production of

large amounts of polyols or amino compounds within the stressed cell is demanding of

energy as shown by increased rates of specific respiration and enhanced heat production

(Wilson and Griffin, 1975; Gustafsson and Norkrans, 1976; Gustafsson, 1979) both being

associated with decreased efficiency of growth at low water potentials.

Solute Effects on Hydrocarbon Biodegradation

Studies evaluating solute effects on hydrocarbon degradation have shown that

increasing solute concentrations results in reduced microbial growth rates, demonstrated
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by a prolonged lag phase, reduction in respiration, and an overall reduction in

hydrocarbon biodegradation (Han and New, 1994; Haines et al., 1994; Shapir et al., 1998;

Holden et al,, 1997; Volker et al., 2003; Rhykerd et al., 1995; Diaz et al., 2000). Han and

New (1994) observed maximal 2,4-dichlorophenoxyacetic acid removal at the highest

water potential tested (-0.1 MPa which corresponded to field capacity of the soil).

Prolonged lag phase and decreased degradation was observed down to w = -5.5 MPa with

no breakdown at i = -22 MPa. The authors found that the community of microbes able

to remove 2,4-D was much more sensitive to increasing solute conditions than the

community of culturable aerobic heterotrophs.

An adaptation mechanism involving the production of the osmolyte trehalose by

Pseudomonas sp strain ADT pre-grown on 3% NaCl during the degradation of atrazine

was observed by Shapir et al. (1998), and resulted in the reduction in lag and log phases

by two and four times respectively relative to non-adaptive bacteria. Although the

bacteria could not utilize trehalose added to the growth medium, the addition of 1mM

glycine betaine induced salt tolerance. The authors believed that some temporary growth

inhibition could have been caused by the diversion of energy to the synthesis of

compatible solutes, rather than to maintenance and cell growth.

The microbial production of compatible solutes and extracellular polysaccharides

in response to solute and matric water stress respectively is generally assumed to result in

an overall reduction of microbial cell yield (Welsh et al., 1996; Shapir et al., 1998;

Robertson and Firestone, 1992). However, Holden et al. (1997), found that total yield

(protein) and carbon utilization efficiency were not affected by water potential (matric
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and osmotic) during toluene biodegradation by Pseudomonas putida in growth media.

This study evaluated changes in both matric potential (via the addition of high molecular

weight polyethylene glycol) and solute potential (adjusted by various concentrations of

NaC1). The authors concluded that matric and solute potentials common to temperate

soils (0 to -1.5 MPa) were not sufficiently stressful to change cellular energy

requirements.

Volker et al. (2003) evaluated the degradation of diesel fuel by bacterial consortia

from saline soils in liquid culture at salinity levels of 0 to 25%. Nearly equal degrees of

degradation occurred across the salinity range of 0-10% and degradation was not

significantly lower in the presence of 17.5% salt. No degradation took place in the

presence of 25% salt, but 10% of the microorganisms survived the high salt concentration

after 53 days. The majority of the degrading species revealed halotolerant rather than

halophilic properties because intensive contaminant degradation also occurred without

the addition of salts. Isolates were identified as members of the genera Cellulomonas,

Bacillus, Dietzia, and Halomonas. The authors concluded that bioremediation of

contaminated saline soils should be possible if the salinity of the soil water is lower than

15% or if it is reduced below this limit by addition of water.

Diaz et al. (2000) evaluated the biodegradation of crude oil by the extremely

halotolerant bacterial consortium MPD-M and found that degradation of crude oil was

greatest at lower salinities and decreased at salinities over twice that of normal seawater.

Furthermore, they found that cells immobilized by adsorption on polypropylene fibers in

media with salinities ranging from 0 to 1 80g NaC1/l demonstrated between 4 to 7 times
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higher biodegradation rates compared to that of free cells under the same salinity

conditions (Diaz et al., 2002).

Nitrogen Cycling and Bioremediation Efficacy

In most soil environments the majority of nitrogen (95 to 99%) is present as a

constituent of soil organic material, with only a minor fraction present as bioavailable

inorganic nitrogen (NH4 and NO3) (Brady and Weil, 1999). Mineralization or the

biological conversion of organically bound nitrogen into bioavailable inorganic mineral

forms (NO3 or NH), therefore, controls biodegradation efficacy in unfertilized or

under-fertilized systems. Whether indigenous or augmented, inorganic nitrogen becomes

assimilated by microorganisms (immobilization), and may further be converted to soil

mineral nitrogen through re-mineralization. Depending on the form of inorganic nitrogen

amended (NO3 or NH4) other processes involved in the dynamics of nitrogen cycling

include denitrification (nitrate reduction), ammonium nitrification (ammonium

oxidation), volatilization or fixation to clay. Quantifying rates of the processes involved

in nitrogen cycling within contaminated systems allows for a better understanding of how

long added inorganic nitrogen fertilizer may contribute to the pool of active nitrogen

pool, thereby allowing for optimal nitrogen augmentation and an overall improved

biodegradation efficacy.
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Nitrogen Oxidation States

Nitrogen gas (N2) is the largest constituent of the atmosphere, comprising 79.08%

by volume of clean air at sea level (Stevenson, 1986). Due to the strong triple bond

holding the two nitrogen atoms, nitrogen gas is relatively inert. Therefore environmental

chemistry of nitrogen consists primarily of reactions and transport of its oxidized or

reduced species which are dominated by biological mediation. Consequently, nitrogen

exists in oxidation states ranging from -3 to +5 in a variety of species (Table 3).

Table 3. Nitrogen species and their oxidation states.

Species Name Oxidation State

NH3, NH4 ammonia, ammonium ion -3

N2H4 hydrazine -2

NH2 OH hydroxylamine -1

N2 nitrogen 0

N20 nitrous oxide +1

NO nitric oxide +2

HNO2, NO2 nitrous acid, nitrate ion +3

NO2 nitrogen dioxide +4

HNO3, NO3 nitric acid, nitrate ion +5
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Global Nitrogen Reservoirs

Approximately 98% of the total nitrogen pooi exists in the geosphere with the

remaining majority found in the atmosphere (Table 4). The majority of nitrogen within

the geosphere reservoir (96%) is contained within igneous rocks of the mantle. Only

about 0.0001% of the nitrogen is contained in terrestrial soils, the majority of which

occurs as organic nitrogen. Relatively little nitrogen is found in both the hydrosphere

and biosphere. Within the biosphere, nitrogen is highly reactive and continually

recycled. The way in which nitrogen circulates on the earth's surface and in its

atmosphere is usually described as the nitrogen cycle.

Table 4. Size of global nitrogen reservoirs. (Estimates from Bums and Hardy, 1975;
Soderlund and Svensson, 1976; Stevenson, 1982)

Sizes of Global Nitrogen Reservoirs

Reservoir N content, x 1016 kg % of Total

Biosphere 0.028 - 0.065 0.002 - 0.004
Hydrosphere 2.3 0.014
Atmosphere 386 2.3
Geosphere 16,360 97.7

Crust 100 0.60
Sediments (fossil N) 35 - 55 0.21 - 0.33
Coal 0.007 4.18x i0
Sea bottom organics 0.054 0.0003
Terrestrial soils

Organic matter 0.022 0.0001
Clay-fixed NH4 0.002 1.19 x i0

Mantle 16,200 96.7
Core 13 0.078
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Nitrogen Cycle

Nitrogen Fixation

Most biological organisms are unable to utilize N2 gas for synthesis of orgathc

biomolecules (amino acids, proteins, peptides, enzymes, and purines and pyrimidiens

forming nucleic acids (RNA and DNA). However, the end product of a process known

as nitrogen fixation results in bioavailable inorganic nitrogen. Nitrogen fixation is both a

natural and industrial process, with the former generating an order of magnitude more

bioavailable nitrogen annually (Table 5). Because it requires breaking the covalent triple

bond holding the two nitrogen atoms together, nitrogen fixation is energy intensive and

proceeds slowly.

Table 5. Global sources of nitrogen fixation. (Estimates from Jenkinson, 1990; Burns
and Hardy, 1975).

Source Nitrogen Fixed
(metric tons/year)

Biological fixation
Legume crops
Nonlegume crops
Meadows and grassland
Forest and woodland
Other vegetated land
Sea

Total biological fixation
Total terrestrial fixation
Lightning
Fertilizer industry
Grand total

3.5 x i07
9 x 106

4.5 x i07
4.0 x i07
1 x 1 0

3.6x 10
1.75 x 108
1.39 x 108

8 x 1 6

7.7 x i07
2.60 x 108
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N2 can be oxidized to NO3 via high-voltage electrical discharges such as

lightning, cosmic radiation, and meteorite trails. N2 is reduced to NH3 industrially using

high temperature, pressure and a catalyst. Biologically mediated fixation is most

common with an end product of NH3 (equation 1).

N, +8H +6e n!frngena e
2 ['/11 + 112 (1)

The process is carried out by a limited number of microorganisms, including several

species of bacteria, a number of actinomycetes, and certain cyanobacteria (blue-green

algae). Regardless of the organisms involved, the reduction of N2 gas is catalyzed by the

nitrogenase enzyme. This enzyme is destroyed by free 02 and must be protected from

exposure to oxygen by nitrogen fixing organisms. Because the process is so energy

intensive, N2 fixation is end-product inhibited (Brady and Weil, 1999). Furthermore, N2

fixation is enhanced by association with higher plants which can supply the

microorganism with carbohydrate for energy. The symbiotic fixation of legumes and

bacteria of the genera Rhizobium and Bradyrhizobium provide the major biological

source of fixed nitrogen in agricultural soils (Brady and Weil, 1999).

N2 fixation concurrent with hydrocarbon degradation has been documented in

literature. Coty (1967) found a wide range of hydrocarbon-oxidizing bacteria capable of

fixing atmospheric nitrogen thereby concomitantly converting hydrocarbons and '5N2

into cellular substances. After a one year period of methane degradation with concurrent

N2 fixation, Coty observed a threefold increase in the amount of fixed nitrogen.
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Toccalino et al. (1993) found that nitrogen limitation in butane amended soil was

overcome by N2 fixation, resulting in increased degradation rates and significantly higher

total nitrogen (P<0.01, increasing by 30 ppm N). Piehler et al. (1999) observed that the

addition of particulate organic carbon in the form of ground, sterile corn-slash to diesel-

fuel polluted nitrogen limited coastal water samples stimulated the indigenous N2 fixing

microbial consortia to degrade petroleum hydrocarbons at rates 350% of control while

significantly increasing the amount of nitrogen fixed (p<O.O5). Pichtel and Liskanen

(2001) evaluated the degradation of diesel in rhizosphere soil and found that diesel fuel

concentrations were consistently lower under legumes compared to other crop treatments

regardless of fertilizer treatment. Perez-Vargas et al. (2000) isolated a nitrogen fixing

consortia from kerosene contaminated soil capable of utilizing kerosene hydrocarbons as

a sole carbon source. Eckford et al. (2002) isolated five free-living heterotrophic nitrogen

fixing bacteria from fuel contaminated Antarctic soils. Two of the isolates were capable

of utilizing jet fuel vapors and volatile hydrocarbons for growth but not in nitrogen

deficient medium.

The reduction of dinitrogen gas to ammonia is highly energy consumptive

requiring 16 molecules of ATP to break the triple bond between the nitrogen atoms under

optimal conditions, and in practice 30 ATPs as the overall process is not 100% efficient

in the environment (Burns and Roberts, 1993). The energy for this process is obtained

from the oxidation of carbon by heterotrophic organisms or from light in the case of

photosynthetic diazotrophs. Free living heterotrophic N2 fixers (ranging from strict
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anaerobes, facultative anaerobes and aerobes) are inefficient users of carbohydrates with

only 15mg of N being fixed per gram of carbohydrate used (Maier et a!, 2000).

In addition to biological fixation, many of the reactions in the nitrogen cycle are

microbially catalyzed redox reactions. Specifically, the oxidation of NH4 to NO2 and

then to NO3 (nitrification), the reduction of NO3 to NO2 and then to NH (nitrate

reduction to ammonium), and the reduction of NO3 to N2 gas (denitrification), are

microbially mediated redox reactions. The incorporation of NH4 into nitrogen

containing organic matter or its release is the only non-redox reaction involving a

nitrogen transformation in the entire nitrogen cycle.

Mineralization/ Immobilization/NitrjjIcation

The conversion of organically bound nitrogen into bioavailable inorganic mineral

forms is referred to as mineralization. A consortium of soil microorganisms simplify and

hydrolyze the organic nitrogen compounds producing NH4 and NO3 ions. Using R-NH2

as an example of organic nitrogen, the overall process can be simplified as follows:

- - - mineralization -* -+ -* -f

RNH7< >0H+ROH+NH< >4H+energy+NO< >energy+NO

- - - immobilization - - -

The first step of mineralization is the referred to as ammonification (equation 2).

During this process, organic nitrogen compounds such as proteins, amino sugars, and
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nucleic acids are converted to ammonia. This process is mediated by both aerobic and

anaerobic heterotrophic microorganisms (Jansson and Persson, 1982; Stevenson, 1986;

El-Shinnawi et al., 1993):

RNH,+H70 >NH3+ROH+energy (2)

Ammonia (NH3) is hydrolyzed in water to form ammonium (NH4). This is referred to as

ammonia hydrolysis (equation 3):

NH3+H2O >NH+OH (3)

Nitrification or the oxidation of ammonium is predominately mediated by

chemoautotrophic organisms (bacteria which obtain their carbon from inorganic sources,

and energy from the oxidation of inorganic substances, i.e. NH4). Autotrophic

nitrification is sensitive to low pH with rates slowed with pH < 6 and completely

inhibited below pH 4.5 (Maier et al, 2000), therefore, heterotrophic nitrification may play

an important role in acidic forest soils (Myrold, 1998). Nitrification has also

demonstrated sensitivity to salinity or depression in soil water potential (Stark and

Firestone, 1995; Zaman et al., 1999). Autotrophic nitrification takes place in 2 steps

(equations 4 and 5) and is mediated by the bacteria Nitrosomonas and Nitrobacter

respectively:



Nitrosomonas

NH + + 2H >NH2OH+H2O >NO,+5H (4)

Nitrobacter

2N0+O, 2NO (5)

The first step of this process is catalyzed by the enzyme ammonium

monooxygenase (AMO). Ammonium monooxygenase, along with methane

monooxygenase, toluene oxygenase (mono or dioxygenase), and propane

monooxygenase, exhibit broad enzyme specificity, and can therefore cometabolically

transform trichioroethene (TCE) (Ensley, 1991). Because no energy is gained by the

microorganisms from the transformation of the solvent, the microorganisms need a

primary substrate for growth. The cometabolic inducers of these oxygenases include: 1)

ammonium, 2) methane, 3) toluene, phenol and 4) propane (Ensley, 1991).

A number of studies have shown that Nitrosomonas europaea oxidize a wide

variety of hydrocarbons through the action of ammonia monooxygenase including

alkanes, alkenes, aromatic compounds, and chlorinated aliphatic compounds (Hyman et

al., 1988; Keener and Arp, 1994; Rasche et al., 1990; Vannelli et al., 1990). The

hydrocarbon transformation is a competitive co-oxidation (oxidation products are not

assimilated by N europaea) and therefore reduces the rate and extent of nitrification. The

nitrification activity eventually becomes restored possibly by increasing the affinity of

nitrifying bacteria for ammonium (Miller et al., 1997; Deni and Penninckx, 1999).

46
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Inhibition of nitrification with increasing hydrocarbon concentrations has also been noted

(Okpokwasili and Odokuma, 1996; Chang and Weaver, 1997).

Aerobic hydrocarbon degradation in which the contaminant serves as a source of

carbon and energy generation may also be catalyzed by either the monooxygenase or

dioxygenase enzymes. The most common heterotrophic degradation pathway for alkanes

begins in the cell membrane and involves the incorporation of one oxygen atom by a

monooxygenase using NADH2 and resulting in a formation of a primary alcohol. A

dehydrogenase enzyme removes two hydrogens from the alcohol forming an aldehyde to

which the hydrolase enzyme adds water fonning a fatty acid. The fatty acid is more

soluble and moves into the cytoplasm where it is subject to beta oxidation which cleaves

off consecutive two-carbon fragments. The two-carbon fragment is removed by

coenzyme A as acetyl-CoA and shunted to the tricarboxylic (TCA) cycle which results in

the production of cell mass, CO2 and 1120 (equation 6, Maier et aL, 2000).

Monooxygenase Dehydrogenase Hydrolase

CH3(CH2)14CH3-4 CH3(CH2)14CH20H - CH3(CH2)14C0H* CH3(CH2)14C00H*
02

2H, 2e

*J3-oxidation* TCA-4 cell mass CO2 +H2O (6)

Alternatively, a dioxygenase enzyme may incorporate two oxygen atoms into the

alkane resulting in the formation of a hydroperoxide. However, the end result of both

pathways is the production of a fatty acid. Although eukaryotic microorganisms (fungi)

oxidize aromatics via cytochrome P-450 monooxygenase, they degrade the compounds to

detoxify (increase its solubility via oxidation) and further excrete them out of the cell.

Heterotrophic bacteria degrade aromatics for energy or assimilation. However, they
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metabolize the aromatics using the dioxygenase enzyme forming a cis-dihydrodiol which

is rearomatized to form a dihydroxylated intermediate, catechol (Maier et al., 2000).

In soils, the nitrate ion is far more mobile than the ammonium ion. Although both

ions demonstrate high solubility (Bodek et al., 1988), due to its positive charge, the

ammonium ion is retained by cation exchange sites in soils. Nitrogen is typically leached

from soils as nitrate. This is because as an anion, nitrate is repelled by negatively

charged soil colloids, and anion sorption is generally insignificant. Therefore, the

movement of nitrate in soils equals that of the water in which it is contained.

Mineralization is generally always accompanied by immobilization (the microbial

assimilation of either ammonium or nitrate the latter referred to as assimilatory nitrate

reduction) thus gross rates of ammonification or nitrification caimot simply be calculated

based on the concentrations of either NH4 or NO3. Because nitrate must be reduced to

ammonium before its incorporation into organic molecules, it is energetically more

favorable for microorganisms to take up ammonium rather than nitrate (Maier et al.,

2000). Furthermore, assimilatory nitrate reduction is inhibited by the presence of

ammonium. The preference for ammonium versus nitrate by petroleum degrading soil

bacteria has been also been noted (Chang and Weaver, 1997).

Whether the net effect of mineralizationlimmobilization is an increase or

decrease in the available mineral nitrogen pool depends primarily on the C:N ratio of the

soil organic substrate undergoing degradation. Assuming an average microbial C:N ratio

of 8:1 with a 30% assimilation efficiency (30% of carbon assimilated into biomass with

70% lost as CO2) results in a 24:1 substrate or soil C:N requirement to sustain microbial
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growth, biomass synthesis, and CO2 evolution. If the C:N ratio of the organic matter

exceeds this requirement, the soil microbe will have to obtain inorganic nitrogen from

the soil solution, thus depleting the soil's pool of soluble nitrogen resulting in overall net

immobilization. Degradation of organic matter rich in nitrogen will release excess

animonium and nitrate thus resulting in overall net mineralization. It is generally

assumed that decomposition of organic materials with a C:N ratio of less than 35:1 will

mineralize nitrogen, whereas degradation of those with a C:N ratio greater than 35:1 will

immobilize nitrogen (Vigil and Kissel, 1991).

Intense microbial activity resulting from residue addition can either stimulate or

retard decomposition of native humus in the soil. This phenomenon is know as the

"priming effect" and is usually positive resulting in mineralization of soil organic carbon

and nitrogen. Negative priming effects have been documented when complex or

recalcitrant carbon residues have an insufficient nitrogen content to meet microbial

demands resulting in native organic nitrogen immobilization, as well as due to

denitrification of native NO3 following organic amendment (Azam et al., 1993).

Dissimilatorv Nitrate Reduction

Dissimilatory nitrate reduction is comprised of two processes: dissimilatory

nitrate reduction to ammonia and denitrification. In dissimilatory nitrate reduction to

ammonium, nitrate is used as a terminal electron acceptor under anaerobic conditions to

produce energy to drive f qxidation of organic compounds. The overall reaction and

can be written out as follow ..juation 7):



NO+4H2+2H *NH+3H2O (7)

Denitrification is the reduction of nitrate to nitrous oxide (N20) or nitrogen gas

(N2) by heterotrophic anaerobic bacteria. In anaerobic soil systems, this process may be a

major mechanism for nitrogen loss. Again, nitrate is used as an electron acceptor while

the oxidation of organic substrates provides energy and carbon for denitrifying bacteria.

The process can be written as follows (equation 8):

nitrate reductase nitrite reductase nitric oxide reductase nitrous oxide reductase

2HNO3 '2HNO, '2N0 N,O(gas) >N,(gas) (8)

In terms of energy provided during electron transfer, nitrate used as an electron

acceptor generates more energy during denitrification than during the electron transfer of

nitrate reduction to ammonium (redox potentials of +0.75 and +0.36 volts respectively,

Zehnder and Stumm, 1988; Snoeyink and Jenkins, 1980). Therefore, denitrification will

be the preferred process in carbon limited, high redox potential environments, while

dissimilatory nitrate reduction to ammonium will dominate in environments rich in

carbon with low levels of available electrons (Maier et al., 2000). Furthermore, the

heterotrophic microorganisms involved in dissimilatory nitrate reduction to ammonium

use fermentative metabolism, while those involved in denitrification use the respiratory

pathways of metabolism (Maier et al., 2000). The use of nitrate as an electron accepter
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rather than as a nutrient per se has been used to enhance anaerobic hydrocarbon

degradation, (Hutchins et al., 1991).

Ammonia Volatilization and Ammonium Fixation

Nitrogen can be lost as ammonia gas (NH3) in alkaline or calcareous soils

especially under high temperatures and drying soil conditions (Stevenson, 1986; Brady

and Weil, 1999). The process is written as follows (equation 9):

NH + 0H H2O + NH1(gas) (9)

The ability of NH4 to form electrostatic bonds with clay minerals and organic

colloids is of considerable importance in reducing losses of soil and fertilizer nitrogen

through NH3 volatilization. The ammonium can further undergo exchange reactions with

other cations on the exchange sites of the clay and humus particles making it bioavailable

to microorganisms. Ammonium fixation can be simplified as follows, where C is an

exchangeable cation on either the clay or organic matter:

NH+CX >NH4X+C (10)

Due to the size of the ammonium ion, however, clay minerals with a 2:1 type

structure have the capacity to fix or trap ammonium within cavities in the crystal

structure. Vermiculite has the greatest capacity followed by fine-grained mica and some
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smectites (Brady and Weil, 1999). Fixed in the crystal structure, the ammonium is non-

exchangeable. Fixation of up to 10% of NH4 added to clay minerals may occur in less

then 30 minutes (Drury and Beauchamp, 1991; Trehan, 1996). The work of Breitenbeck

and Paramasivam (1995) found that although heterotrophic soil microorganisms

assimilated non-exchangeable 15NH4 when the availability of an organic carbon substrate

created demand, the fixed NH4 was only 23-46% as available as NH4 added directly to

soil.

Gross verses Net Rates of Nitrogen Processes

A distinction must be made between gross and net rates of nitrogen processes.

Net mineralization is the difference between the actual or gross nitrogen mineralization

and the concurrent microbial immobilization of the mineralized nitrogen (Hart et al.,

1994). Under aerobic batch experimental conditions, denitrification (the reduction of

NO3 to N2 or N20), dissimilatory nitrate reduction (the reduction of NO3 to NH4), plant

assimilation and leaching are assumed to be insignificant. Under such conditions,

therefore, net mineralization can be calculated from change in the soil inorganic-N (NH4

+ NO3) pool size over time. Similarly, net nitrification is equal to gross nitrification

minus microbial immobilization of NO3, and can be calculated from changes in the soil

NO3 pool size over time.

Net N mineralization:

(NH4tN + NO3 -N) t+i -(NH4-N + NO3-N)
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Net nitrification:

(NO3-N)1 - (NO3-N) (12)

The actual or gross rates of N process can only be estimated using N isotope techniques.

Nitrogen Isotope Techniques

The use of '5N in measuring the dynamics of N cycling can be separated into two

techniques: using'5N as tracer, or the '5N-isotope dilution technique. The '5N tracer

technique involves the addition of labeled substrate pool and determining the partitioning

of the added '5N. Gross rates of flow of total N ('4N +'N) into the product pool can be

calculated based on the initial isotopic composition of the substrate and the amount of '5N

that ends up in the product pool over time. Three limitations with measuring gross N-

process rates using '5N tracer techniques are (Hart et al, 1994): 1) the addition of the

isotope increases the size of the substrate pooi which may stimulate the process of

interest and result in artificially high rate estimates, 2) influx of ambient N resulting from

other concurrent reactions into the labeled substrate pooi will result in an isotopic decline

in the substrate pool over the study period (more ambient isotope ('4N) will accompany

each unit of added isotope ('5N) ) resulting in underestimation of rates, and 3)

consumption of the product pool will result in a lower amount of the isotope measured in
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the product pooi relative to the amount that actually transferred into that pooi during the

time period and also results in underestimation of rates.

The 15N.. isotope dilution technique involves the addition of a labeled product

pool and monitoring the rate at which production alters the isotopic enrichment of that

pooi. Because the product pooi rather than the substrate pool is labeled with isotope,

rates of production should not be stimulated by an increase in substrate. When the

product pool is consumed, the pooi size may change, but consumptive processes do not

significantly alter the 15N enrichment of the substrate pooi. Only production can

significantly change the bN enrichment of the product pool.

The '5N-isotope dilution model was developed by Kirkham and Bartholomew

(1954) and has three assumptions: 1) no occurrence of isotopic fractionation during

microbial transformation of soil N (microbes do not discriminate between '4N and 15N),

2) rates of processes measured remain constant over the incubation period (steady state

conditions), and 3) and no re-mineralization of assimilated '5N during the course of

incubation. Fractionation is generally small relative to the large decline in the 15N

enrichment of the product pooi occurring form production over relatively short

incubation periods. Violation of the second assumption results in only minor errors over

relatively short incubation periods which are most likely insignificant relative to

experimental error (Kirkham and Bartholomew 1955; Bjamason, 1988). Simulation

modeling of laboratory '5N data (Bjarnason, 1988), as well as field data (Bristo et al,

1987) have indicated that immobilization and re-mineralization can occur within a week

of adding the '5N label leading to error in calculated rates of longer duration. However,



55

more recent research (Davidson et al., 1992) concluded that the although the mean

residence time of a nitrogen atom is generally a few days in the NH4 and NO3 pools

respectively, the mean residence time of microbial biomass nitrogen is 1 to 2 months.

These findings therefore support the use of the '5N-isotope dilution technique for

estimating gross rates of nitrogen processes in studies with incubation periods up to 2

months in duration.

Summary

Diesel fuel soil contamination has become a global environmental concern

primarily resulting from leaking underground storage tanks at service stations. In the

United Stated it is estimated that out of 920,000 regulated underground storage tanks,

over 300,000 are leaking. Thus diesel fuel is the second most frequently treated

contaminant after benzene at US EPA superfund sites. In situ bioremediation is

considered a favorable approach to the restoration of diesel fuel contaminated soil

because it is cost effective, and has the potential to transform the hydrocarbon

contaminants into stable non-toxic compounds within the subsurface, thereby reducing

human exposure.

Microorganisms require nitrogen to build many essential components such as

proteins, nucleic acids (DNA and RNA), energy transfer molecules (ATP, ADT),

microbial cell walls, hormones, and enzymes. The nitrogen-poor composition of

petroleum hydrocarbons and the high microbial consumption rate of the nutrient result in
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nitrogen becoming the primary limiting inorganic nutrient for oil bioremediation.

Therefore, to sustain optimum microbial growth and biotransformations required for

diesel bioremediation, nitrogen must be supplemented.

Estimations of exogenously supplied nitrogen requirements have generally been

based on empirical carbon to nitrogen (C:N) ratios derived from microbial synthesis and

cell oxidation/reduction reactions. However, the efficiency of biomass production is a

function of not only the species carrying out the transformation, but the composition and

concentration of the substrate in question. Furthermore, varying nutrient conditions

affect the bioactivity and distribution of microbial species, as well as the overall subclass

of hydrocarbons actually getting degraded. Therefore, a large range of optimal C:N

ratios in hydrocarbon bioremediation exists in literature. Although nitrogen requirements

based on C:N ratios may be optimum for total degradation of the contaminant, this

method is probably not valid for predicting the concentration of nitrogen required to

support the maximum rate of degradation. Therefore, optimal nitrogen augmentation in

hydrocarbon bioremediation continues to remain elusive.

Dissolution of nitrogen fertilizers into soil solution results in a decrease of the

osmotic component of total water potential. It is water potential and not water content

that is a better measure of available water necessary for microbial metabolic activity and

osmotic regulation. As water potential decreases there is less water available for

dissolving nutrients, general metabolic processes, and for hydrating proteins and nucleic

acids. However, this component is not usually considered in the assessment of nitrogen

augmentation or soil moisture recommendations. Although the effects of solute potential
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on biodegradation rates have been noted, interactions with nutrient levels in soil systems

have been largely unexplored.

In most soil environments, the majority of nitrogen is present as soil organic

material with only a minor fraction present as bioavailable inorganic nitrogen.

Mineralization of organic nitrogen therefore, controls biodegradation efficacy in

unfertilized or under-fertilized systems. Whether indigenous or augmented, inorganic

nitrogen becomes assimilated by microorganisms, and may further be converted to soil

mineral nitrogen through re-mineralization. Depending on the form of inorganic nitrogen

amended (NO3 or NH4) other processes involved in the dynamics of nitrogen cycling

include denitrification, ammonium nitrification, volatilization or fixation to clay.

Quantifring rates of the processes involved in nitrogen cycling within contaminated

systems allows for a better understanding of how long added inorganic nitrogen fertilizer

may contribute to the active nitrogen pool, thereby allowing for optimal nitrogen

augmentation and an overall improved biodegradation efficacy.

Dissertation Format

This dissertation is comprised of three manuscripts found in the subsequent

appendices. Appendix A was peer reviewed and published in Bioremediation of

Inorganic Compounds: Nitrogen Removal and Nitrogen-Enhanced Biodegrdation, 6(9),

2001, A. Leeson, B.M. Peyton, J.L. Means and V.S. Magar (Eds.), Battelle Press,

Columbus OH, pgs. 231-239. The other two appendices are intended for submission to
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Bioremediation Journal and Environmental Science and Technology respectively.

Although my advisor has provided me with invaluable insight and direction, all

experiments and data analysis were performed by myself. Furthermore, the experimental

design of the third manuscript (Appendix C) was my own.



CHAPTER 2

PRESENT STUDY

The methods, results, and conclusions of this study are presented in the papers

appended to this dissertation. The following is a summary of the most important findings

in these papers.

Nitrogen Dynamics in Hydrocarbon Bioremediation Systems

Bioavailable nitrogen is often a limiting parameter in hydrocarbon bioremediation

and must be supplemented to sustain microbial growth and biodegradation efficacy.

Nitrogen augmentation in bioremediation systems is generally estimated using empirical

carbon to nitrogen (C:N) ratios. These ratios are based on contaminant concentration,

generalized composition of soil microbial biomass, assumed carbon assimilation

efficiency, complete hydrocarbon degradation, and no nitrogen cycling. Not only is the

biomass C:N ratio variable between organisms, but biomass assimilation efficiency is a

function of both the species carrying out the transformation, as well as the structure and

concentration of the substrate in question. Furthermore, varying nutrient conditions

affect the bioactivity and distribution of microbial species, as well as the overall subclass

of hydrocarbons actually getting degraded. Therefore, a 30-fold variation exists in

published C :N ratios, and optimal nitrogen augmentation in bioremediation remains

elusive. Determining nitrogen supplementation on the basis of C:N ratios may be
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optimum for total degradation of the contaminant, but is probably not valid for predicting

the concentration of nitrogen required to support the maximum rate of degradation.

Soil moisture recommendations for in situ bioremediation generally only account

for the matrix component of soil water potential. Dissolution of nitrogen fertilizers in

soil solution, however, results in a decrease in the osmotic component of the total water

potential. It is water potential and not water content that is a better measure of available

water necessary for microbial metabolic activity and osmotic regulation. As water

potential decreases there is less water available for dissolving nutrients, general metabolic

processes, and for hydrating proteins and nucleic acids. Although this component is not

usually considered in the assessment of nitrogen augmentation or soil moisture

recommendations, it can have a significant effect on microbial populations, potentially

affecting their locomotion, removal of metabolic by-products, solute and substrate

diffusion and supply, growth, assimilation efficiency (cell yield), total number of viable

microorganisms, and ultimately contaminant degradation efficacy. Although the effects

of solute potential on biodegradation rates have been noted, interactions with nutrient

levels in soil systems have been largely unexplored. Data reflecting osmotic effects of

nitrogen fertilizers on hydrocarbon degradation exists for humid region soils. However,

to date, no such work exists for arid region soils. Because microorganisms of arid region

soils are acclimated to low water potentials, it may be expected that they tolerate higher

osmotic stress resulting from nitrogen augmentation relative to microorganisms native to

humid soil systems.
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In most soil environments the majority of nitrogen is present as soil organic

material with only a minor fraction present as bioavailable inorganic nitrogen (NH4 +

NO3). Mineralization of organic nitrogen, therefore, controls biodegradation efficacy in

nitrogen limited bioremediation systems. Inorganic nitrogen, whether native or

augmented, becomes assimilated by microorganisms (immobilization) and can again be

converted to soil mineral nitrogen through re-mineralization. Depending on the form of

inorganic nitrogen (NF14 or NO3), other processes involved in the dynamics of nitrogen

cycling include denitrification (nitrate reduction), nitrification (ammonium oxidation),

and ammonium volatilization or fixation to clay. Quantifying rates of the processes

involved in nitrogen cycling could therefore determine how long the addition of inorganic

nitrogen fertilizer contributes to the pooi of active nitrogen and furthermore to

contaminant degradation.

The goal of this research project was to evaluate the role of nitrogen dynamics in

unfertilized and over-fertilized soil systems. Specific objectives include: 1) evaluating

the effects of water potential induced by various nitrogen amendments on aerobic diesel

biodegradation rates in arid region soils, 2) comparing concurrent effects of C:N ratios

and soil water potential on diesel degradation rates, and 3), measuring gross rates of

nitrogen cycling processes in diesel-contaminated soils to determine the duration of

fertilizer bioavailability. Bench-scale studies were conducted using numerous arid region

soils varying in texture, native nitrogen content, and intrinsic water potential. Diesel

degradation was determined respirometrically via rates of oxygen uptake, and water

potential (matric and osmotic) analyzed using a thermocouple psychrometer. Organic
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and inorganic nitrogen concentrations were quantified using the Kjeldahl method and

steam distillations, respectively. 15N analyses were performed using isotope ratio mass

spectrometry.

Objective 1. The effects of water potential fluctuation resulting from nitrogen

augmentation on hydrocarbon degradation rates were evaluated in a bench scale study

using four arid region soils. Degradation was determined respirometrically via oxygen

consumption, and water potential (matric plus osmotic) was analyzed using a

thermocouple psychrometer. Increasing nitrogen concentrations resulted in a decrease in

total water potential and correlated with decreased respiration rates. Highest respiration

was observed in the 250 mg N/kg soil treatments and application of 1000 mg N/kg soil

reduced respiration between V2 to 1/3 the maximum amount. Soils with greater levels of

native salinity showed reduced respiration rates at all levels of nitrogen fertilization.

Microbial preference for NH4 over NO3 was observed and NO3 amended soils

consumed only 65-70% as much 02 as those treated with NH4. The depression in water

potential resulting in a 50% reduction in respiration was much greater than that observed

in humid region soils, suggesting higher salt tolerance by microbial populations of arid

region soils.

Objective 2. Sandy clay loam soil was contaminated with diesel at 5000, 10,000

and 20,000 mg/kg, and with nitrogen (NH4C1) at 0 (ambient nitrogen only), 250, 500, and

1000 mg/kg to evaluate the role of C:N ratios and soil water potential on diesel

biodegradation efficacy. The soil was incubated at 25 °C for 41 days and microbial 02
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consumption was measured respirometrically. Highest microbial respiration and

estimated biodegradation were observed in the lowest nitrogen treatments (250 mg N/kg

soil) regardless of diesel concentration. Higher levels of nitrogen fertilization decreased

soil water potential and inhibited microbial activity as demonstrated by an extended lag

and overall suppression in respiration. Application of nitrogen at 1000 mg/kg reduced

maximum respiration by 20 to 52% depending on contaminant levels. Optimal C:N

ratios among those tested were 17:1, 34:1, and 68:1 for the three diesel concentrations

respectively. We conclude that, because of the dependence on contaminant

concentrations, use of C:N ratios is problematic for optimizing nitrogen augmentation,

and can lead to over-fertilization in contaminated soils. Determining nitrogen

fertilization on the basis of soil pore water nitrogen (mg N/kg soil H20) may be a more

appropriate method for estimating optimal nitrogen fertilization in hydrocarbon

contaminated soil bioremediation systems as it is independent of hydrocarbon

concentration but takes into account soil moisture content. This method accounts for

both the nutritional as well as osmotic aspects of nitrogen fertilization. In the soil studied

optimal nitrogen augmentation corresponded to a soil pore water nitrogen level of 1950

mg N/kg H20 at all diesel concentrations.

Objective 3. Ammonium chloride (15.98 atom% '5N) was added to sandy loam

soil to determine gross rates of nitrogen transformations at varying soil water potentials

concurrent with diesel fuel biodegradation The soil was contaminated with 5000 mg/kg

diesel, and amended with the following nitrogen treatments: control (background N

only), 250, 500, and 1000 mg/kg nitrogen respectively. Biodegradation was evaluated
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respirometrically. Gross rates of nitrogen immobilization and nitrification were

determined using the '5N tracer technique, while gross rates of nitrogen mineralization

and ammonium consumption were evaluated via isotope dilution. The observed water

potential values were -0.20, -0.47, -0.85, and -1.50 MPa in the 0, 250, 500 and 1000

mg/kg nitrogen treatments respectively. Highest microbial respiration and estimated

diesel degradation occurred in the lowest nitrogen treatment suggesting an inhibitory

osmotic effect from higher rates of nitrogen application. Cumulative respiration rates of

185, 169, 131, and 116 mg 02/kg soillday were observed in the 250, 500, control and

1000 mg/kg nitrogen treatments respectively. Gross nitrification was also inversely

related to water potential with cumulative rates of 0.2, 0.04, and 0.004 mg N/kg soillday

in the 250, 500, and 1000 mg/kg nitrogen treatments respectively. Reduction in soil

water potential did not inhibit gross nitrogen immobilization or mineralization, which

increased with increasing nitrogen applications. Gross immobilization was 16% higher in

the 1000 mg/kg nitrogen treatment relative to the 500 and 250 mg/kg nitrogen treatments,

with final cumulative rates of 2.2, 1.8, 1.8, mg N/kg soil/day. Gross nitrogen

mineralization was 62% higher in the 1000 mg/kg nitrogen treatment, compared to the

500 and 250 mg/kg nitrogen treatments throughout the experiment, with final cumulative

rates of 0.5, 0.3, and 0.3 mg N/kg soil/day, respectively. Gross ammonium consumption

was estimated at 2.9, 2.7, and 3.0 mg N/kg soil/day in the 250, 500, and 1000 mg/kg

nitrogen treatments respectively. Collectively gross immobilization and nitrification

accounted for 69 to 74% of the ammonium consumption indicating 26 to 31% abiotic loss

of ammonium possibly attributable to ammonia volatilization. Based on the nitrogen
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transformation rates estimated in this experiment, the duration of the fertilizer

contribution to the inorganic nitrogen pooi was estimated at 0.9, 1.9, and 3.2 years in the

250, 500, and 1000 mg/kg nitrogen treatments respectively. The estimation was

conservative as ammonium fixation, gross nitrogen immobilization, and nitrification were

assumed as losses of fertilizer with only gross mineralization of native organic nitrogen

contributing to the most active portion of the nitrogen pool.

Summary

Although nitrogen is often limiting at hydrocarbon contaminated sites, its optimal

supplementation has remained elusive. Because added nitrogen fertilizer dissolves into

the soil solution, nitrogen augmentation decreases the osmotic component of soil water

potential at hydrocarbon contaminated sites. Depression in soil water potential may

potentially be inhibitory to numerous microbial processes including their locomotion,

removal of metabolic by-products, solute and substrate diffusion and supply, growth,

assimilation efficiency (cell yield), the total number of viable microorganisms, and

ultimately contaminant degradation efficacy. However, this component is generally not

considered in the assessment of nitrogen supplementation or soil moisture

recommendations for in situ hydrocarbon bioremediation.

In this study we found that increasing nitrogen augmentation resulted in a

depression of total soil water potential (matric + osmotic) and correlated with an increase

in lag phase and overall reduction in microbial respiration. Highest respiration and
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estimated diesel degradation was always observed in the 250 mg N/kg soil treatments

regardless of diesel concentration, nitrogen fertilizer source, or soil used, suggesting an

inhibitory osmotic effect from higher level of nitrogen application. Nitrogen fertilization

of 1000 mg N/kg soil reduced respiration by 20-70% depending experimental conditions.

It is possible that the optimum nitrogen level may be lower than 250 mg/kg, therefore

studies evaluating lower nitrogen treatments and their respective soil water potentials

concurrent with respiration need further development.

Estimations of exogenously supplied nitrogen requirements have generally been

based on empirical C:N ratios. These ratios are determined on the basis of the

contaminant concentrations and rough estimations of microbial assimilation efficiency,

generally without consideration of the harmful osmotic effects of fertilizer solutes. In our

study, greatest microbial respiration in soil contaminated with 5000, 10,000, and 20,000

mg/kg diesel was always observed when treated with the lowest nitrogen amendment

(250 mg N/kg) regardless of the resulting C:N ratios. Optimum C:N ratios among those

tested were 17:1, 34:1, and 68:1 for the three diesel contaminant levels respectively. Soil

water potential was independent of diesel concentrations. At all levels of diesel

contamination the 250 mg/kg nitrogen treatment demonstrated a total soil water potential

(matric + osmotic) of-0.8 MPa.

The results of this experiment indicate that basing nitrogen augmentation in

hydrocarbon contaminated soils solely on C:N ratios is problematic. Because optimal

C:N ratios are dependent on contaminant concentrations, their use can lead to over-

fertilization in heavily contaminated soils. We observed maximum respiration at a C:N
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ratio of 17:1 at diesel concentration of 5000 mg/kg, however, the same C :N ratio at the

contaminant level of 20,000 mg/kg diesel reduced maximum respiration by 52%.

Due to the variability of soil textures and the resulting soil water holding

capacities, however, optimum nitrogen supplementation cannot be simply estimated from

the level of nitrogen fertilizer application (mg N/kg soil) as the method does not account

for osmotic effects of fertilizer solutes. We estimated fertilizer solute contribution to the

osmotic soil water potential by dividing the amount of inorganic nitrogen (native +

supplemented) by the soil water content. Optimal nitrogen fertilization at all levels of

diesel contamination was always observed a total soil water potential of -0.8 MPa and the

corresponding osmotic contribution of 1950 mg N/kg soil H20.

Determining optimum nitrogen augmentation on the basis of soil pore water

nitrogen (mg N/kg soil H20) is dependent on soil moisture content, and thus takes into

account the osmotic depression due to fertilizer solutes. This method accounts for both

the osmotic and nutritional aspects of nitrogen fertilization, and unlike soil C :N ratios, is

independent of hydrocarbon concentration. One limitation of this method is that it does

not consider the contribution of other soil salts to the osmotic potential. Further research

incorporating EC measurements which would account for native soil salinity concurrent

with soil pore water nitrogen levels (mg N/kg soil 1-120) is indicated.

Maintaining nitrogen fertilization at or below the optimum 1950 mg N/kg soil

H2O may pose problems at hydrocarbon contaminated sites with coarse textured soils

exhibiting low water holding capacities because a single dose of nitrogen fertilizer may

be rapidly consumed. However, this could be overcome by using slow release nitrogen
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fertilizers or by applying multiple smaller doses of nitrogen thereby minimizing the

fertilizer induced osmotic stress. The use of controlled or slow release nitrogen fertilizers

is an area that warrants further investigation.

Gross nitrification (the oxidation of ammonium to nitrate) also showed sensitivity

to soil water potential and was inhibited at nitrogen fertilization exceeding 250 mg/kg.

This process also demonstrated sensitivity to the presence of hydrocarbons and did not

occur at diesel concentrations greater than 5000 mg/kg. However, reduction in soil water

potential did not inhibit gross nitrogen immobilization and mineralization. An

explanation as to why highest mineralization was observed in the 1000 mg/kg N

treatment which demonstrated the greatest depression in soil water potential, may be that

ammonifiers, as typified by the gram positive Clostridium and fungal genera Penicillium,

are fairly tolerant of osmotic stress, and capable of growth in environments with water

potentials reaching -10 and -31 MPa respectively.

Based on the nitrogen transformation rates estimated, the duration of fertilizer

contribution to the inorganic nitrogen pool at the contaminant level of 5,000 mg/kg diesel

was estimated at 0.9, 1.9, and 3.2 years in the 250, 500, and 1000 mg/kg nitrogen

treatments respectively. The estimation was conservative as ammonium fixation, gross

nitrogen immobilization, and nitrification were assumed as losses of fertilizer with only

gross mineralization of native organic nitrogen contributing to the most active portion of

the nitrogen pooi.

Gross rates of the nitrogen processes used to estimate fertilizer bioavailability

within the contaminated soil system were only approximations as they were determined
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using analytical methods based on both isotopic dilution and isotopic enrichment.

Because multiple fluxes can simultaneously dilute or enrich the 15N composition of a

given pool, accurate calculations of the gross rates can only be accomplished via

numerical methods. Simulation models using a numerical resolution of differential

equations overcome the limitations of steady state conditions, re-mineralization of

immobilized '5N, and account for changing enrichments of substrate and product pool

over time. In our study, gross nitrogen immobilization was the overall net process

occurring in the contaminated soil system. Because the mean residence time of the

nitrogen atom in microbial biomass pool has been found to be between one to two

months, re-mineralization of immobilized '5N most likely played an important role at re-

supplying biomass nitrogen into the active nitrogen pool. However, our approach could

not account for re-mineralization of biomass '5N. Furthermore, re-mineralization of

immobilized '5N may have lead to error in the estimated rates.

In the present study, '5N label in the form of '5NH4C1 was added to the

contaminated soil and gross rates of nitrogen processes estimated. However, to further

investigate nitrogen dynamics in bioremediation systems, future studies should include a

numerical paired method in which both '5NH4 and '5NO3 are added to a contaminated

soil system. Applying a calculation model called FLUAZ (Mary et al., 1998) to paired

treatments would enable calculation of up to 6 processes including mineralization (m),

ammonium immobilization (ia), nitrate immobilization (ia), nitrification (n), volatilization

(v) or denitrification (d) and re-mineralization of recently immobilized nitrogen. This

data would provide a better insight on soil nitrogen dynamics and their concurrent effects
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on hydrocarbon biodegradation, thereby allowing for optimal nitrogen augmentation and

increased biodegradation efficacy.
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ABSTRACT

The effects water potential fluctuation resulting from N augmentation on

hydrocarbon degradation rates were evaluated in a bench scale study using 4 arid region

soils. Degradation was determined respirometrically via oxygen consumption, and water

potential (matric plus osmotic) was analyzed using a thermocouple psychrometer.

Increasing N concentrations resulted in a decrease in total water potential and correlated

with decreased respiration rates. Highest respiration was observed in the 250 mg N/kg

soil treatments and application of 1000 mg N/kg soil reduced respiration between V2 to 1/3

the maximum amount. Soils with greater levels of native salinity showed reduced

respiration rates at all levels of N fertilization. Microbial preference for NH4 over NO3

was observed and NO3 amended soils consumed only 65-70% as much 02 as those

treated with NH4. The depression in water potential resulting in a 50% reduction in

respiration was much greater than that observed in humid region soils, suggesting higher

salt tolerance by microbial populations of arid region soils.
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INTRODUCTION

The widespread use of petroleum products has inadvertently led to extensive soil

and groundwater contamination. Restoration of hydrocarbon contaminated sites not only

entails great expense, but often, through application of physical-chemical treatment

methods such as absorbents or technologies such as pump-and-treat, merely transfers the

contaminant to another medium, In situ bioremediation is considered a potentially

favorable alternative because it transforms petroleum hydrocarbons to stable non-toxic

end-products (carbon dioxide, water, and biomass under optimal conditions), and has the

potential to reduce costs.

Significant parameters of in situ hydrocarbon biodegradation include available

soil water, oxygen, redox potential, nutrients, pH, and temperature (Sims et al., 1993).

Frankenberger (1991) recommends 50% to 70% of soil water holding capacity as the

optimal range of soil moisture for bioremediation. Both nitrogen (N) and phosphorous

(P) are found in short supply in hydrocarbon contaminated ecosystems (Alexander,

1999). However, the higher bacterial consumption rate of N relative to P during the

catabolic breakdown of hydrocarbons often results in N becoming the primary limiting

inorganic nutrient for oil bioremediation (Alexander, 1999). Therefore, to sustain

optimum microbial growth and biotransformations required for bioremediation, N and

often P must be supplemented.

Estimations of exogenously supplied N requirements have generally been based

on empirical C:N:P ratios (Lewandowski and DeFilippi, 1998). Dibble and Bartha

(1979) found optimal hydrocarbon degradation at a C :N ratio of 60:1, and a C :P ratio of
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800:1. Paul and Clark (1989) recommended a 30:5:1 C:N:P ratio (C:N ratio of 6:1) to

allow unrestricted growth of soil bacteria. Litchfield (1993) recommended a ratio of

100:10:2 (10:1 C:N ratio) to compensate for decreased elemental bioavailability Sims et

al. (1989) recommended a C:N:P ratio of 120:10:1 (12:1 C:N ratio), while the US EPA

(1993) proposed a C:N:P range of 100:10:1 - 100:1:0.5.

Alternatively, the amount of N has been determined from synthesis and cell

growth oxidation/reduction reactions (McCarty, 1972). Alexander (1999) described a

10:1 microbial C:N ratio and a substrate assimilation efficiency of 30%. Therefore,

during bioremediation of 1000 g of organic C, 300 g of C will be converted to microbial

biomass This would require 30 g of N (because the biomass has a C:N ratio of 10:1),

resulting in an the overall soil C:N ratio (the ratio of contaminant C to required N) of

1000:30 or 33:1. Alexander stressed that the efficiency of biomass production is

dependent on many factors including the species carrying out the transformation, the

composition of the substrate as well as its concentration, and temperature. Graham et al.

(1995) concluded that biodegradation of various subclasses of hydrocarbons requires

different nutritional amendments. Cleland et al. (1997) reported that varying nutrient

conditions has an effect on both bioactivity and the microbial species distributed.

Therefore, the validity of applying a single C :N ratio in all situations becomes

questionable.

Numerous nutrient augmentation studies have demonstrated positive effects via

accelerated hydrocarbon biodegradation rates (Atlas and Bartha, 1972; Dibble and

Bartha, 1979; Bragg et al., 1994; Zhou and Crawford, 1995). However, under certain
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conditions N supplementation can have negative effects on hydrocarbon degradation.

Cason (1994) suggested that a C:N:P of 300:15:1 (C:N = 20:1) limited biodegradation.

Zhou and Crawford (1995) found that whereas C:N ratios of 50:1, 18:1, and 15:1 favored

microbial growth, excessive addition of N (C:N = 1.8:1) almost stopped hydrocarbon

biodegradation. Graham et al. (1995) found low hydrocarbon biodegradation rates at

both the expected low N supply levels (--500 mg/kg N, due to N-limited growth

conditions) as well as the unexpected high N supply levels (- 1500 mg/kg N). Braddock

et al. (1997) observed highest hydrocarbon degradation rates as well as numbers of

hydrocarbon degraders under lowest (100 mg/kg N) rather than highest (300 mg/kg N)

nutrient addition and concluded that at 200 to 300 mg/kg N microbial activity and

hydrocarbon degradation were inhibited. They hypothesized that the decline in microbial

activity resulted from the increased salinity attributable to the partitioning of the fertilizer

salts into the pore water (total soil water potential ranged from -0.2 MPa in the control to

-1.5 MPa at the highest level of fertilizer added). Walworth et al. (1 997a) correlated soil

moisture with the in situ effective nutrient concentration and concluded that, depending

on the soil texture, even low fertilization could lead to toxic effects on microbial

populations due to osmotic stress. Walworth et al. (l997a,b) noted that hydrocarbon

respiration rates are restricted by both low bioavailable N in unfertilized soils, as well as

the osmotic soil water potential attributable to the dissolution of fertilizer salts under high

N conditions. They observed highest respiration in a humid-region soil at total water

potential of -0.3 to -0.4 MPa or greater. As the water potential became more negative,

respiration declined and was reduced by 50% at -0.8 MPa. Haines et al. (1994) found
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that increasing salinity (from 0 to 30 mg/kg NaC1) increased the lag phase and inhibited

oil biodegradation rates in slurry reactions.

Given the 10-fold variation in published C:N ratios, as well as variability in

microbial species, contaminant type, contaminant concentration, and soil texture, optimal

N augmentation remains elusive. Arid region soils with naturally high levels of soluble

salts and salt tolerant microbial populations might be expected to be more tolerant to

large doses of N fertilizers and the resulting drop in soil water potential than less saline

soils. Previous works (Braddock et al., 1997; Walworth et al., 1997 a,b) have studied

over fertilization in non-saline soils. The purpose of this study is to evaluate the role of N

augmentation on arid soil water potential and determine the effect on hydrocarbon

biodegradation rates. The resulting data are compared to that of similar studies

performed in more humid soils.

MATERIALS AND METHODS

Four arid soils of the southern Arizona region, Gilman silt loam

(hyperthermic,Typic Torrifluvent), Casa Grande sandy clay loam (hyperthermic,Typic

Natrargid), Grabe sandy clay loam (Grabe 1) and Grabe clay (Grabe 2)(thermic, Typic

Torrifluvents), were analyzed in this study. Soils were refrigerated in their naturally moist

state prior to use. All soils were sieved using a 2 mm sieve, wetted to 50% - 70 % of

field capacity, and re-sieved to achieve uniformity. The specific field capacities of each

soil after the moist-sieving is given in Table 1.
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On dry weight basis the soils were amended with 5000 mg/kg diesel fuel as

carbon source and 150 mg/kg P (Ca(H2PO4)H20). After a thorough mixing, 200g (dry

weight) of each soil were placed into 500 ml bottles, supplemented with N (NH4NO3) at 0

(control), 250, 500, and 1000 mg/kg and mixed. The different levels of N addition were

run in triplicate for each soil. Additionally, the Case Grande soil was used to determine

the effects of alternate N sources (NH4C1 and NaNO3) at the same N concentrations.

Contaminant degradation was determined using a computerized respirometer (N-

CON Comput-OX System 12). KOH pellets placed in a container inside each bottle were

used to trap CO2 generated during respiration. As CO2 was produced and 02 consumed,

02 was replaced to retain ambient conditions. The quantity of replacement 02 (or

microbial 02 uptake rate) was recorded every '/z hour. Each run lasted a total of 500

hours at a constant temperature of 25 °C.

Water potential ('i' matric plus osmotic) was determined in triplicate for all soils

and N concentrations using a thermocouple psychrometer (Decagon Tm Psi). At the end

of each respirometric run, soil from each reactor was used to determine the recoverable

inorganic N (NH4 and NO3) via the steam-distillation method (Mulvaney, 1996).

RESULTS AND DISCUSSION

Increasing N concentrations corresponded with a decrease in total water potential

(matric plus osmotic) in all soils (Table 1). Depending on soil characteristics, the change

in J between the control and the 1000 mg/kg N treatments when NFI4NO3 was used as

the N source ranged from -0. 93 MPa in the Casa Grande soil, -1.16 MPa in the Grabe 2
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soil, -1.25 MPa in the Gilman soil, and - 1.43 MPa in the Grabe 1 soil (Table 1). When

NH4C1 and NaNO3 were used, the reduction in .ji between the control and the 1000 mg/kg

N treatments of the Casa Grande soil were -2.56 and -2.78 MPa respectively. Although

the same soil texture with similar moisture content was used in the latter study, the

greater decrease in water potential upon addition of NH4C1 and NaNO3 may be attributed

to the presence of additional counter ions (Nat or Cl).

Table 2 shows the respiration rates of each soil with varying additions of N. In

general, soils with greater levels of native salinity showed reduced respiration rates in all

treatments. Respiration observed in the control treatments ranged from 5, 13, 33, 50 and

53, and 64 mg 02/kg soil per day with respective N' values of -7.37, -8.43, -0.84, -0.73

and -0.70, and -2.26 MPa (Grabe 1, Gilman, Casa Grande -NH4NO3, Casa Grande-NH4C1

and NaNO3, and Grabe 2 soil respectively, Table 1). Although the Grabe 1 control

treatment had a higher N' relative to that of the Gilman soil, its lower respiration may be

related to the soil's very high sodium level that, in conjunction with the osmotic effect

induced by any level of N augmentation appeared to completely inhibit this soil's already

low microbial activity (Table 2). The higher respiration rate at the lower w of the Grabe

2 control treatment relative to that of the Casa Grande soil may be attributed to its high

level of inorganic N (148 mg/kg N) relative to the low N (2.7 mg/kg N) naturally present

in the Casa Grande soil (Table 1).

Greatest respiration was almost always seen in the 250 mg/kg N treatments of all

N sources (Table 2), with the highest rates correlating to highest water potentials and to

the lowest recoverable inorganic N of the N fertilized soils (data not show). In the 250
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mg/kg N-NH4NO3 treatments of the Casa Grande, Grabe 2, and Gilman soils, respiration

rates were 90, 90 and 20 mg 02/kg soil per day respectively, with Mi of -1.06, -2.29 and -

9.01 MPa (Table 1) respectively. Although the Grabe 2 soil had less than the

recommended soil moisture content (46% of field capacity, Tablel) as well as a lower N'

relative to the Casa Grande soil, its clay texture allowed for greater water retention

resulting in less osmotic stress induced via N fertilization (slight decrease in w of -0.03

MPa from the control to the 250 mg/kg N treatment relative to -0.22 MPa in the Casa

Grande soil, Table 1) resulting in the favorable degradation rate observed. The highest

respiration in the Gilman soil was found in the 500 mg/kg N treatment at 25 mg 02/ kg

soil per day. However, the 250 mg/kg N treatment was nearly identical for most of the

duration of the experiment.

Amendment of variable N sources (NH4C1 and NaNO3) demonstrated microbial

preference for the reduced NH4 over that of the oxidized NO3 form. At all levels of

application, NO3 amended soils consumed 65-70% as much 02 as those treated with

NH4 (Table 2). Again, maximum respiration occurred in the 250 mg/kg treatments with

rates of 110 and 77 mg 02/kg soil per day correlating with the NH4C1 and NaNO3

amendments respectively (Table 2).

Regardless of the N source, the 1000 mg/kg N treatments demonstrated lower

respiration rates relative to the control treatments and therefore appeared to inhibit

aerobic petroleum degradation (Table 2). More specifically, addition of 1000 mg/kg N

reduced the respiration rates to between V2 to 1/3 the maximum amount (50%, 42%, 38%,

35 %, and 33% of the maximum respiration in the Grabe 2, Casa Grande-



92

NH4NO3,Gilman,Casa Grande-NH4CI,and Casa Grande-NaNO3 soils respectively).

Greatest reduction in respiration was observed in soils which demonstrated greater

reductions in ic (Casa Grande-NH4C1 and Casa Grande-NaNO3 soils respectively, Table 1

and 2). Respiration was least inhibited in the Grabe 2 soil which also had a lower

reduction in , most likely due to the soil's fine texture and increased ability to retain

water.

CONCLUSION

Regardless of initial salinity and , control treatments of all soils under study

demonstrated some microbial activity. Generally, greatest respiration rates correlated

with highest w and natural abundance of inorganic N. Nitrogen fertilization increased

respiration in all but one soil where the osmotic stress induced by N augmentation in

conjunction with the soil's sodic condition resulted in nearly complete microbial

inhibition. Maximum respiration was observed in the 250 mg/kg N treatments regardless

of the N source used. Again, highest respiration rates at this level of fertilization

correlated with highest ii among fertilized soils. Microbial preference for NH4 over

NO3 was observed at all levels of application, with NO3 amended soils consuming only

65-70% as much 02 as those treated with NH4*. Addition of any source of N at 1000

mg/kg reduced respiration rates between V2 to /a of the maximum rate observed. This

rate reduction was related to the lower N' attributed to higher N amendments. Fertilizer

chemistry played a role as the dissolution of counter ions in addition to N salts

contributed to lower w resulting in lower observed respiration at higher N treatments. N

induced reduction in respiration was not related to initial soil salinity indicating that
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native microbial populations were equally as sensitive to the decrease in N' attributable to

fertilization, regardless of initial soil conditions.

Recoverable inorganic nitrogen (NH1 and NO3, data not shown) confirmed that

increased microbial respiration was indicative of diesel degradation and not nitrification.

For example, in the 250 mg/kg N (NH4NO3) treatments of the Grabe 2, Casa Grande, and

Gilman soils, only 6.4, 6.6, and 15.3% of the maximum 02 consumed, respectively, could

be from nitrification, assuming all ammonium loss during the experiments was due to

nitrification. In the 250 mg/kg N (NH4C1) treatment of the Casa Grande soil, only 8.9%

of the 02 consumed could be attributed to nitrification. Lastly, the Casa Grande soil that

received NaNO3 treatments (in which no nitrification could have occurred) demonstrated

identical trends in 02 consumption, i.e. maximum and inhibitory respiration rates were

observed in the 250 and 1000 mg/kg N soil treatments respectively.

Previous work done in humid-region soils (Braddock et al., 1997; Walworth et al.,

1997 a,b) demonstrated highest respiration rates at total water potential of -0.3 to -0.4

MPa, with 50% reduction in respiration at an additional -0.4 MPa depression in This

study showed greatest respiration at -1.06 to -9.01 MPa, with a 50% reduction in

respiration attributable to a -1.13 MPa decrease in Therefore, the results of the current

study suggest greater tolerance by microbial populations of arid soils to osmotic stress

resulting from N fertilization.

The dissolution of N salts, as well as counter ions present in N fertilizers, into the

soil solution results in a decrease in the osmotic component of the total water potential.

Although this component is not usually considered in the assessment of N augmentation,
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it has a significant effect on microbial populations, potentially affecting their locomotion,

removal of metabolic by-products, as well as solute and substrate diffusion and supply.

Soil texture is of key importance in N augmentation as the higher the water retention of

the soil, the less osmotic stress induced by N supplementation because fertilizer N

dissolves into a greater volume of water.
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Table 2. Microbial Respiration Rates at Varying Additions of N

Respiration Rates (mg 02/kg soil per day)

96

Soil N Source
o mg N/kg soil 250 mg N/kg

soil

500 mg N/kg

soil

1000 mg N/kg

soil

Gilman NH4NO3 13.3 20.4 24.9 9.5

Grabel NH4NO3 4.7 0.14 0 0

Casa Grande NH4NO3 32.7 90.0 61.2 37.9

Grabe 2 NH4NO3 63.6 90.0 81.6 45.6

CasaGrande NH4C1 50.4 110.4 86.4 38.4

Casa Grande NaNO3 52.8 76.8 57.6 25.2
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Abstract

Sandy clay loam soil was contaminated with diesel at 5000, 10,000 and 20,000

mg/kg, and with nitrogen (NH4C1) at 0 (ambient nitrogen only), 250, 500, and 1000

mg/kg to evaluate the role of C:N ratios and soil water potential on diesel biodegradation

efficacy. The soil was incubated at 25 °C for 41 days and microbial 02 consumption

measured respirometrically. Highest microbial respiration and estimated biodegradation

were observed in the lowest nitrogen treatments (250 mg N/kg soil) regardless of diesel

concentration. Higher levels of nitrogen fertilization decreased soil water potential and

inhibited microbial activity as demonstrated by an extended lag and overall suppression

in respiration. Application of nitrogen at 1000 mg/kg reduced maximum respiration by

20 to 52% depending on contaminant levels. Optimal C:N ratios among those tested

were 17:1, 34:1, and 68:1 for the three diesel concentrations respectively. We conclude

that, because of the dependence on contaminant concentrations, use of C:N ratios is

problematic for optimizing nitrogen augmentation, and can lead to over-fertilization in

contaminated soils. Determining nitrogen fertilization on the basis of soil pore water

nitrogen (mg N/kg soil 1120) may be a more appropriate method for estimating optimal

nitrogen fertilization in hydrocarbon contaminated soil bioremediation systems as it is

independent of hydrocarbon concentration but takes into account soil moisture content.

This method accounts for both the nutritional as well as osmotic aspects of nitrogen

fertilization. In the soil studied optimal nitrogen augmentation corresponded to a soil

pore water nitrogen level of 1950 mg N/kg H20 at all diesel concentrations.

100
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Introduction

Microbial growth in the soil environment is primarily limited by the availability

of substrate carbon. However, at hydrocarbon contaminated sites, the high influx of

carbon results in the limitation of macronutrients like nitrogen and phosphorous. Of

these nutrients, nitrogen is consumed at a higher rate relative to phosphorous during

catabolic breakdown of hydrocarbons and is the primary limiting inorganic nutrient in oil

bioremediation (Alexander, 1999). Exogenous supplementation of fertilizers to enhance

the biodegradation rates of hydrocarbon-utilizing bacteria has therefore resulted in

positive effects in bioremediation (Atlas and Bartha, 1972; Dibble and Bartha, 1979;

Bragg et al., 1994, Zhou and Crawford., 1995).

Nitrogen augmentation in bioremediation systems is generally determined on the

basis of C:N ratios. Theoretically, these ratios depend not only on the soil hydrocarbon

concentration, but also on the microbial assimilation efficiency or the amount of the

hydrocarbon that the microorganism incorporates into biomass as it uses the hydrocarbon

for growth, as well as the microbial C:N ratio itself. The efficiency of biomass production

is variable and depends on such factors as temperature, the species carrying out the

transformation, the composition of the substrate being degraded, and its concentration

(Alexander, 1999) and, in practice, is usually ignored. Furthermore, varying nutrient

conditions affect the bioactivity and distribution of microbial species (Cleland et al.,

1997), as well as the overall subclass of hydrocarbons being degraded (Graham et al.,

1995).
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A wide range of recommended C:N ratios has been published in literature (Dibble

and Bartha, 1979; Paul and Clark., 1989; Litchfield, 1993; Sims et al., 1989; US EPA

1993). A review by Morgan and Watkinson (1989) reports optimal C:N ratios ranging

from 200:1 to 9:1. Some researchers have found favorable nitrogen augmentation with

C:N ratios close to 20:1. Rasiah et al. (1991) evaluated biodegradation of oily waste in

clay loam soil at C:N ratios of 266:1, 89:1, 44:1, 22:1, and 18:1 and found that the

percent carbon mineralized increased with decreasing C:N ratios with greatest

enhancement of biodegradation observed with C:N ratios of 18 to 22:1. Brook et al.

(2001) found higher 02 consumption and hydrocarbon loss when ammonium sulfate was

added to diesel contaminated silty clay loam soil at C:N ratios of 20:1 verses 40:1.

However, Genouw et al. (1994) found that at a 44,000 mg/kg hydrocarbon soil

contamination, a C:N ratio of approximately 170:1 stimulated microbial CO2 production,

whereas increasing nitrogen fertilization to a C:N ratio of 11:1 reduced microbial

respiration. Negative effects associated with excessive nitrogen fertilization in

hydrocarbon bioremediation have been noted (Zhou and Crawford, 1995) and correlated

to increased salinity attributable to the partitioning of the fertilizer salts into the pore

water (Braddock et al., 1997). Depending on soil texture and the resulting water holding

capacity, even low levels of fertilization can lead to toxic effects on microbial

populations due to osmotic stress (Walworth et al., 1997).

The purpose of this study was to evaluate the role of C:N ratios and their

respective soil water potentials on diesel biodegradation efficacy. In most previous

studies of C:N ratios, a single level of hydrocarbon contamination was present, so
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nitrogen application rates and C:N ratios could not be evaluated independently. In the

current study we varied both nitrogen and carbon levels so nitrogen and C:N effects could

be separated.

Materials and Methods

A slightly alkaline sandy clay loam soil (pH 7.6), collected to a depth of 12 inches

in Tucson, Arizona, was sieved using a 2 mm sieve, wetted, and re-sieved to achieve

uniformity. The final gravimetric moisture content of the sieved soil was 13.3% (55 % of

field capacity). On a dry weight basis, the soil was amended with 150 mg/kg

phosphorous (Ca(H2PO4)2H20), and diesel fuel #2 at 5,000, 10,000, and 20,000 mg

diesel/kg soil. Each level of diesel contamination was further supplemented with

nitrogen (NH4C1) at the following concentrations: 0 (control, background nitrogen only),

250, 500 and 1000 mg N/kg soil. All treatments were run in duplicate, and the

experiment conducted in respirometric reactors (500 ml wide mouthed Wheaton bottles)

containing 200g soil (dry weight). Within the 5,000, 10,000, and 20,000 mg/kg diesel

amendments the 0, 250, 500, and 1000 mg N/kg soil nitrogen treatments resulted in C:N

ratios of 358:1, 17:1, 8.5:1, 4.3:1; 800:1, 34:1, 17:1, 8.5:1; and 1600:1, 68:1, 34:1, and

17:1 respectively based on a diesel composition of 85% carbon (Table 2).

An N-CON Comput-OX System computerized respirometer was used to measure

the biological 02 consumption rates within the respirometer reactors. Each reactor bottle

cap assembly contained a 20 ml borosilicate glass vial in which excess potassium

hydroxide neutralized CO2 generated during aerobic diesel degradation. This resulted in
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a pressure drop in the reactor which was detected by a pressure sensor, which delivered

measured pulses of oxygen. The respirometer operated at 25 °C for 980 hours (41 days)

and the 02 uptake was recorded every 0.5 hours. Trapped CO2 was quantified by titrating

the residual Off with standardized acid as described by Zibilske (1994) to verify 02

uptake values.

Initial (15 minutes after fertilizer addition) and final inorganic nitrogen was

extracted from the soil samples with 2M KC1 at a 5:1 extractant to soil ratio and filtered

using Whatman no.1 filter paper. Inorganic nitrogen (NH4 + NO3) was quantified via

steam distillation with MgO arid Devarda's alloy followed by a titration using 0.005 N

H2SO4 as described by Keeny and Nelson (1982). Initial water potential measurements

(w matric plus osmotic) of all treatments were determined with a SC- 10 psychrometer

using a Peltier thermocouple (Decagon Device, Inc., Pullman, Wa.).

Based on the 02 consumption rates determined respirometrically and the change

in the inorganic nitrogen pool over time, diesel biodegradation was estimated using the

following equation (assuming C16F134 as a representative hydrocarbon):

a(C36H34) + b(02) + c(NH3) -* d(C5H7NO2) + e(CO2) + f(H10)
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Results and Discussion

Optimum Level of Nitrogen Fertilization

The dissolution of the nitrogen fertilizer salts into the soil solution resulted in a

depression of the osmotic soil water potential. Addition of each 250 mg N/kg soil

increment decreased total soil water potential (matric + osmotic) by approximately -0.50

MPa at all levels of diesel contamination (Figure 1 A-C). Water potential was not

affected by diesel concentrations. Average water potential values in the control, 250,

500, and 1000 mg/kg nitrogen treatments at all diesel concentrations were -0.4, -0.8, -1.4,

-2.5 MPa respectively (Figure lA-C, Table 2). The depression in soil water potential

resulting from increasing levels of nitrogen fertilization corresponded with an extended

lag and an overall suppression in microbial respiration at all levels of diesel

contamination (Figure 2 A-C), suggesting an inhibitory osmotic effect on the native

microbial populations. This is in agreement with numerous studies which observed that

lower soil water contents or reduced water availability resulting from increased salinity

have an inhibitory effect on microbial growth, generally characterized by a prolonged lag

phase, a depression of the log phase, lower respiration, and an overall reduction in the

total number of viable microorganisms (Troller, 1989; Han and New, 1994; Holden et al.,

1997; Shapir et al., 1998; Walecka-Hutchison and Walworth, 2001; Baozhi et al., 2001;

Volker el al.,2003).

Regardless of diesel concentrations and the resulting C:N ratios, the 250 mg N/kg

soil treatment demonstrated the highest 02 and inorganic nitrogen consumption rates

(Figure 2A-C, Table 1). As expected, microbial respiration and nitrogen utilization
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increased with increasing diesel substrate levels in all fertilized soils and at all levels of

nitrogen augmentation. The control treatments (ambient nitrogen only) utilized

approximately the same quantity of inorganic nitrogen throughout the study (9 mg/kg)

and demonstrated similar respiration rates at all levels of diesel contamination (86, 95,

and 83 mg 02/kg soil/day in 5,000, 10,000, and 20,000 mg/kg diesel treatments

respectively) suggesting nitrogen limiting conditions in the unfertilized soil.

At the 5000 mg/kg diesel contaminant level, maximum respiration of 160 mg

02/kg soil/day was observed in the 250 mg N/kg soil treatment (C:N ratio of 17:1, Figure

2A). Eleven and 30% declines in respiration were observed in the 500 and 1000 mg N/kg

soil treatments with C :N ratios of 8.5:1 and 4.3:1, respectively. This agrees with our

earlier work (Walecka-Hutchison and Walworth, 2001), in which soils amended with

5000 mg/kg diesel and varying nitrogen sources at 0, 250, 500, and 1000 mg/kg nitrogen

demonstrated greatest respiration when amended with 250 mg N/kg soil (C:N ratios of

17:1), with reductions in respiration of '/2 to V3 the maximum amount upon application of

1000mg N/kg soil (C:N ratio of 4.3:1).

At the hydrocarbon contamination level of 10,000 mg/kg diesel, the 250, 500, and

1000 mg N/kg soil treatments represented C:N ratios of 34:1, 17:1, and 8.5:1,

respectively. Greatest respiration (210 mg 02/kg soil/day, Figure 2B) was observed in

the 250 mg/kg nitrogen treatment (C:N ratio of 34:1). Increasing nitrogen fertilization to

500 mg/kg (C:N ratio of 17:1), resulted in prolonged lag phase and 3% reduction in final

respiration. At 1000 mg/kg nitrogen (C:N ratio of 8.5:1) a 20% reduction in respiration

relative to the 250 mg N/kg soil treatment was observed.
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When the soil was amended with 20,000 mg/kg diesel, the highest respiration rate

of 400 mg 02/kg soil/day was again observed in the 250 mg N/kg soil treatments (C:N

ratio of 68:1, Figure 2C). Increasing nitrogen fertilization again decreased soil water

potential and microbial respiration. The 500 mg/kg nitrogen treatment (C:N ratio of

34:1) decreased the maximum respiration by 33.7% to 265 mg 02/kg day. At 1000 mg

N/kg soil (C:N ratio of 17:1) maximum respiration was reduced by 52% to 192 mg O2Ikg

soil/day.

Figure 3 depicts microbial respiration rates verses C:N ratios for the four nitrogen

treatments at all levels of diesel contamination. C:N ratios resulting in greatest oxygen

consumption varied depending on contaminant level. Maximum respiration at the

contaminant concentrations of 20,000, 10,000 and 5,000 mg diesel/kg soil was observed

at C:N ratios of 68:1, 34:1, and 17:1, respectively. More points are needed to accurately

determine optimum C:N ratios, however it appears that optimum C:N ratios are lower in

less contaminated soil. Data of Brown and Donnelly (1983) also suggest that the optimal

C:N ratio may depend on the level of soil contamination. In their studies, 9:1 was the

optimum C:N ratio in refinery sludge with a contaminant concentration of 3500 mg/kg,

but the optimum ratio in a petrochemical sludge with 21,000 mg/kg of contaminants was

124:1 and reducing the ratio to 23:1 decreased biodegradation. In our study, the best C :N

ratio always resulted from the addition of nitrogen at 250 mg N/kg soil, regardless of

level of diesel contamination.

Figure 4 depicts microbial respiration rates verses soil water potential (matric +

osmotic). Highest microbial respiration was always observed at the water potential
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(matric + osmotic) of -0.8 MPa which corresponded with nitrogen fertilization of 250 mg

N/kg soil, regardless of diesel contamination. Walworth et al. (2005) also observed

reduced microbial respiration with decreasing soil water potentials resulting from

increasing levels of nitrogen fertilization. They saw highest respiration rates at water

potentials of -0.98 to -1.36 MPa, which corresponded with nitrogen fertilizer levels of

125 to 250 mg/kg respectively. As water potential decreased to -2.25 MPa, maximum

respiration was reduced by 28%. Although total water potential (matric + osmotic) is not

difficult to measure, direct measurement of soil osmotic potential is problematic, and this

component is not generally considered in the assessment of nitrogen augmentation.

Furthermore, quantification of a threshold water potential value is complicated by

variations in native soil salinity.

The contribution of nitrogen salts to the osmotic soil water potential can be easily

estimated by dividing the amount of inorganic nitrogen by the soil water content

(Walworth et aL, 1997). At the moisture content of 13.3%, each respirometric reactor in

the current study contained 26.7 g of water. Native inorganic nitrogen ranging from 10.6

to 11.9 mg N/kg soil (Table 1) therefore resulted in a calculated ambient soil pore water

nitrogen level of 79 to 89 mg N/kg soil H20 at the three diesel concentrations. The

dissolution of the added nitrogen fertilizer salts into the soil solution resulted in estimated

soil pore water nitrogen levels of 1870, 3750, and 7490 mg N/kg soil H20 in the 250,

500, and 1000 mg N/kg soil treatments, respectively, regardless of diesel contamination.

Collectively, the native and supplemented inorganic nitrogen resulted in average soil pore

water nitrogen levels of 82, 1950, 3830, and 7570 mg N/kg soil H20 in the 0, 250, 500,
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and 1000 mg N/kg soil treatments at the three diesel concentrations (Table 2). Optimal

nitrogen fertilization at all levels of diesel contamination was always observed at a total

soil water potential of -0.8 MPa and the corresponding osmotic contribution of 1950 mg

N/kg soil H20 (Figure 4 and Table 2). These results are in agreement with the work of

Walworth et al. (2005) who found optimal nitrogen fertilization at water potentials of

-0.98 MPa, and observed inhibition in microbial respiration when soil pore water nitrogen

exceeded 1,800 mg N/kg soil 1120.

Diesel degradation estimate based on an aerobic biodegradation mass balance

equation and the cumulative consumption of 02 and inorganic nitrogen are shown in

Table 2. At each level of diesel contamination, degradation decreased with increasing

nitrogen fertilization, with greatest degradation always occurring in the 250 mg N/kg soil

amendment (average pore water nitrogen level of 1950 mg N/kg soil 1120). Accounting

for the loss of oxygen to nitrification at the contaminant concentration of 5000 mg/kg

diesel (22.3 mg 02/kg soil or 0.49% of the cumulative 02 utilized based on the net

nitrification rate of 0.23 mg N/kg soil/day, see following section), the 250 mg N/kg soil

treatments amended with 5,000, 10,000, and 20,000 mg/kg diesel degraded 40.7, 26.6,

and 25.6% diesel by the end of the study, corresponding to 2040, 2660, and 5130 mg/kg

diesel respectively. Compared to the 250 mg N/kg soil treatments, degradation in the

1000 mg N/kg soil amendments was reduced by 29, 16 and 50% respectively (1440,

2230, and 2540 mg/kg diesel degraded at the three diesel concentrations respectively).

The average cell yield values estimated (data not shown) were lower than expected

(approximately 0.2 mass/mass) and may be attributable to the microbial production of
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compatible solutes in response to solute water stress (Welsh et al., 1996; Shapir et al.,

1998). Research of Geerdink et al. (1996) found cell yields of 0.1 and 0.3 Cmol/Cmol

during the biodegradation of diesel and hexadecane respectively under batch

experimental conditions. The authors hypothesized that the low cell yields may have

resulted from the microbial production of emulsifiers to increase solubilization of the

hydrocarbons in water.

Ammonium Recovery and Net Nitrfication

At time zero, 86% of the amended NH4-N was recovered in both the 250 and 500

mg N/kg soil treatments at all levels of diesel contamination (Table 1), whereas the 1000

mg N/kg soil treatments had a higher recovery of 90%. The initial 10 - 14% loss of

ammonium may be attributed to ammonium fixation to clay minerals (Drury and

Beauchamp, 1991; Trehan, 1996), or to volatilization during initial mixing of the

amended soil. In general, nitrate concentrations decreased with time in the four nitrogen

treatments regardless of diesel concentration (Table 1). Only in the 250 mg N/kg soil

treatment amended with 5000 mg/kg diesel was an increase in N-NO3 observed (9.5 mg

N/kg soil) indicating a cumulative net nitrification rate of 0.23 mg N/kg soil/day. Nitrate-

N in the 250 mg N/kg soil treatments amended with 10,000 and 20,000 mg/kg diesel

decreased by 7 and 6 mg/kg respectively. Previous studies have shown nitrification to be

sensitive to salinity or depression in soil water potential (Stark and Firestone, 1995;

Zaman et al., 1999). Others (Okpokwasili and Odokuma., 1996; Chang and Weaver,

1997) have noted inhibition of nitrification with increasing hydrocarbon concentrations.
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This study suggests that in the soil tested, nitrification was inhibited by both depression

in soil water potential greater than -0.84 MPa (corresponding to pore water nitrogen

exceeding 1950 mg N/kg soil H20, Table 2), and diesel contamination exceeding 5000

mg/kg.

Conclusion

Although nitrogen is often limited at hydrocarbon contaminated sites, its optimal

supplementation has remained elusive. Exogenous nitrogen augmentation based on C:N

ratios relies on contaminant concentration and rough estimations of microbial

assimilation efficiency, generally without consideration of the harmful osmotic effects of

fertilizer solutes. Nitrogen requirements based on C:N ratios may be optimal for the

total degradation of the contaminant, but they are probably not valid for predicting the

concentration of nitrogen required to support the maximum rate of degradation

(Alexander, 1999). Depending on soil texture and the resulting soil water holding

capacity, nitrogen augmentation based on C:N ratios can result in over-fertilization

inhibitory to microbial processes at contaminated sites. In our study, greatest microbial

respiration in soil contaminated with 5000, 10,000, and 20,000 mg/kg diesel was

observed when treated with the lowest nitrogen amendment (250 mg N/kg soil)

regardless of the resulting C:N ratios. Optimum C:N ratios among those tested were 17:1,

34:1, and 68:1 for the three diesel contaminant levels respectively. Higher nitrogen

fertilization reduced soil water potential and inhibited microbial activity as demonstrated

by an increased lag phase and an overall reduction in respiration and inorganic nitrogen
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consumption. Fertilization with 1000 mglkg nitrogen reduced maximum respiration by

20 to 52% depending on contaminant levels.

Because added nitrogen fertilizer dissolves into the soil solution, nitrogen

augmentation decreases the osmotic component of soil water potential. To sustain

growth under osmotically stressful environmental conditions, microorganisms must

establish and maintain their internal pressure above that of its surrounding medium which

is commonly achieved through the accumulation of osmotically active solutes

(osmolytes, compatible solutes) in their cytosol (Troller, 1989; Troller, 1991; Galinski

and Truper, 1994; Kempf and Bremer, 1998; Morbach and Kramer, 2002). Exposure of

bacteria to hyperosmolarity has been reported to result in a decrease in their cytoplasmic

water activities, with sudden plasmolysis resulting in inhibition of physiological

processes, ranging from nutrient uptake (Walter et al., 1987) to DNA replication (Meury,

1988). The microbial synthesis of compatible solutes in response to solute water stress is

generally assumed to result in an overall reduction of microbial cell yield (Welsh et al.,

1996; Shapir et al., 1998). Furthermore, studies evaluating solute effects on hydrocarbon

degradation have shown that increasing solute concentrations results in reduced microbial

growth rates, demonstrated by a prolonged lag phase, reduction in respiration, and an

overall reduction in hydrocarbon biodegradation (Han and New, 1994; Haines et al.,

1994; Shapir et al., 1998; Holden et al., 1997; Volker et al., 2003; Rhykerd et al., 1995;

Diaz et al., 2000).

The results of this study indicate that basing nitrogen augmentation in

hydrocarbon contaminated soils solely on C:N ratios is problematic. Because optimal
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C:N ratios are dependent on contaminant concentrations, their use can lead to over-

fertilization in heavily contaminated soils. We observed maximum respiration at a C:N

ratio of 17:1 with 5000 mg/kg diesel, however, the same C:N ratio at the contaminant

level of 20,000 mg/kg diesel reduced maximum respiration by 52%.

In our study an inverse relationship between soil water potential (measured as

matric + osmotic) and soil pore water nitrogen (mg N/kg H20) resulting from native and

amended inorganic nitrogen was observed and remained independent of diesel

concentrations. The optimum nitrogen augmentation level, based on microbial

respiration and estimated biodegradation, was always observed at an average water

potential (matric + osmotic ) of -0.8 MPa and a soil pore water nitrogen level of 1950 mg

N/kg soil H20 at all levels of diesel contamination. Increasing the soil pore water

nitrogen level of 3830 mg N/kg soil H20, which corresponded to a soil water potential of

approximately -1.4 MPa, depressed microbial respiration. Further increasing the soil

pore water nitrogen level to 7570 mg N/kg soil H20 reduced water potential to

approximately -2.5 MPa, and decreased microbial respiration by 20 to 52% of the

maximum amount, depending on contaminant levels.

Due to the variability in soil textures and the resulting soil water holding

capacities at bioremediation sites, optimum nitrogen supplementation cannot be simply

estimated from the level of nitrogen fertilizer application (mg N/ kg soil) as the method

does not account for the harmful osmotic effects of fertilizer solutes (Walworth et al.,

1995 and 1997). For example, microbial populations of soils exhibiting high water

holding capacities may tolerate higher levels of fertilization as the fertilizer dissolves into



114

a greater volume of water. However, even low levels of nitrogen fertilization may lead to

microbial osmotic stress in coarse-textured soils exhibiting low water holding capacities.

Determining optimum nitrogen augmentation on the basis of soil pore water

nitrogen (mg N/kg soil H20) is dependent on soil moisture content, and thus takes into

account the osmotic depression due to fertilizer solutes. This method accounts for both

the osmotic and nutritional aspects of nitrogen fertilization, and unlike C :N ratios, is

independent of hydrocarbon concentration. In our study nitrogen supplementation of

1950 mg N/kg soil H20 resulted in the highest rates of microbial respiration. Respiration

was depressed when this level of nitrogen augmentation was exceeded.



Figure Legends

FIG. 1 A. Depression in total soil water potential (matric + osmotic) resulting from

increasing levels of nitrogen fertilization at a contaminant level of 5,000 mg/kg diesel.

Error bars represent standard deviations.

FIG. lB. Depression in total soil water potential (matric + osmotic) resulting from

increasing levels of nitrogen fertilization at a contaminant level of 10,000 mg/kg diesel.

Error bars represent standard deviations.

FIG. 1 C. Depression in total soil water potential (matric + osmotic) resulting from

increasing levels of nitrogen fertilization at a contaminant level of 20,000 mg/kg diesel.

Error bars represent standard deviations.

FIG. 2A. Microbial oxygen consumption rates with 5000 mg diesel/kg soil. Each

nitrogen treatment data set reflects the mean of duplicate respirometric reactors.

FIG. 2B. Microbial oxygen consumption rates with 10,000 mg diesel/kg soil. Each

nitrogen treatment data set reflects the mean of duplicate respirometric reactors.

FIG. 2C. Microbial oxygen consumption rates with 20,000 mg diesel/kg soil. Each

nitrogen treatment data set reflects the mean of duplicate respirometric reactors.

115
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FIG. 3. Microbial respiration rates (mg 02/kg soil/day) verses C:N ratios (log scale).

Error bars represent standard deviations of final respiration.

FIG. 4. Microbial respiration rates (mg 02/kg soil/day) verses soil water potential (matric

+ osmotic, -MPa). Error bars represent standard deviations of final respiration.
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Figure 2B.
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Figure 2C.
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Table 1. Temporal change in the inorganic nitrogen pooi. All nitrogen concentrations
represent averages for 2 replicates. All concentrations in mg/kg soil.

Diesel
(mg/kg)

Added NH4CI
(mg N/kg)

Initial NH4
(mg N/kg)

Initial NO3
(mg N/kg)

Final NH4
(mg N/kg)

Final NO3
(mg N/kg)

Total N
Consumed
(mg N/kg)

5,000 0 2.3 9.6 0.6 1.4 9.9
250 213.4 9.2 153.8 18.7 50.2
500 425.4 9.3 400.0 5.3 29.5

1000 899.4 10.3 863.3 9.8 36.6

10,000 0 2.3 8.3 0.4 0.8 9.4
250 214.0 8.9 160.7 1.8 60.3
500 434.4 10.7 365.0 5.6 74.5

1000 900.5 13.6 828.4 10.9 74.8

20,000 0 2.3 8.3 0.1 1.2 9.3
250 215.7 8.4 90.9 2.1 131.1
500 434.8 8.0 345.2 1.7 95.9

1000 903.4 8.9 814.3 7.7 90.2
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Abstract

Ammonium chloride (15.98 atom% '5N) was added to sandy loam soil to

determine gross rates of nitrogen transformations at varying soil water potentials

concurrent with diesel fuel biodegradation. The soil was contaminated with 5000 mg/kg

diesel, and amended with the following nitrogen treatments: control (background N

only), 250, 500, and 1000 mg/kg nitrogen respectively. Biodegradation was evaluated

respirometrically. Gross rates of nitrogen immobilization and nitrification were

determined using the 'N tracer technique, while gross rates of nitrogen mineralization

and ammonium consumption were evaluated via isotope dilution. The observed water

potential values were -0.20, -0.47, -0.85, and -1.50 MPa in the 0, 250, 500 and 1000

mg/kg nitrogen treatments respectively. Highest microbial respiration and estimated

diesel degradation occurred in the lowest nitrogen treatment suggesting an inhibitory

osmotic effect from higher rates of nitrogen application. Cumulative respiration rates of

185, 169, 131, and 116 mg 02/kg soil/day were observed in the 250, 500, control and

1000 mg/kg nitrogen treatments respectively. Gross nitrification was also inversely

related to water potential with cumulative rates of 0.2, 0.04, and 0.004 mg N/kg soil/day

in the 250, 500, and 1000 mg/kg nitrogen treatments respectively. Reduction in soil

water potential did not inhibit gross nitrogen immobilization or mineralization, which

increased with increasing nitrogen applications. Gross immobilization was 16% higher in

the 1000 mg/kg nitrogen treatment relative to the 500 and 250 mg/kg nitrogen treatments,

with final cumulative rates of 2.2, 1.8, 1.8, mg N/kg soil/day. Gross nitrogen

mineralization was 62% higher in the 1000 mg/kg nitrogen treatment, compared to the
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500 and 250 mg/kg nitrogen treatments throughout the experiment, with final cumulative

rates of 0.5, 0.3, and 0.3 mg N/kg soil/day, respectively. Gross ammonium consumption

was estimated at 2.9, 2.7, and 3.0 mg N/kg soil/day in the 250, 500, and 1000 mg/kg

nitrogen treatments respectively. Collectively gross immobilization and nitrification

accounted for 69 to 74% of the ammonium consumption indicating 26 to 31% abiotic loss

of ammonium possibly attributable to ammonia volatilization. Based on the nitrogen

transformation rates estimated in this experiment, the duration of the fertilizer

contribution to the inorganic nitrogen pool was estimated at 0.9, 1.9, and 3.2 years in the

250. 500, and 1000 mg/kg nitrogen treatments respectively. The estimation was

conservative as ammonium fixation, gross nitrogen immobilization, and nitrification were

assumed as losses of fertilizer with only gross mineralization of native organic nitrogen

contributing to the most active portion of the nitrogen pool.



Introduction

Diesel-fuel soil contamination has become a global environmental concern.

Within US EPA superfund sites, diesel is the second most frequently treated contaminant

after benzene (Buswell, 1994). In situ bioremediation is considered a favorable approach

to the restoration of diesel contaminated soil because it is cost-effective, and under

optimal conditions has the potential for complete mineralization of the contaminant,

producing only innocuous by-products such as cellular biomass, water, and carbon

dioxide.

The influx of carbon at diesel contaminated sites generally leads to nutritional

limitations for the indigenous microbial communities. Although both nitrogen and

phosphorous have been reported in short supply in hydrocarbon contaminated ecosystems

(Alexander, 1999; Walworth and Reynolds, 1995), the higher bacterial consumption rate

of nitrogen relative to phosphorous during the catabolic breakdown of hydrocarbons

often results in nitrogen becoming the primary limiting inorganic nutrient for oil

bioremediation (Alexander, 1999). Optimizing nitrogen augmentation in bioremediation

has been difficult, with numerous studies suggesting that too much nitrogen may have

negative effects on hydrocarbon biodegradation (Braddock et al., 1997; Walworth et al.,

1997 a,b; Walecka-Hutchison and Walworth., 2001).

In most soil environments the majority of nitrogen is present as soil organic

material with only a minor fraction present as bioavailable inorganic nitrogen (NO3 or

NH4). Nitrogen mineralization, or the biological conversion of organically bound

nitrogen into inorganic mineral forms, therefore, controls biodegradation efficacy in
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nitrogen limited systems. Inorganic nitrogen, whether native or augmented, becomes

assimilated by microorganisms (immobilization), and can again be converted to soil

mineral nitrogen through re-mineralization. Depending on the form of inorganic nitrogen

(NO3 or NH4) other processes involved in the dynamics of nitrogen cycling include

denitrification (nitrate reduction), nitrification (ammonium oxidation), and ammonium

volatilization or fixation to clay. Quantifring rates of the processes involved in nitrogen

cycling in contaminated systems allows for a better understanding of how long added

inorganic nitrogen fertilizer may contribute to the pooi of active nitrogen, thereby

allowing for optimal nitrogen augmentation and an overall improved biodegradation

efficacy.

A distinction must be made between gross and net rates of nitrogen processes.

Net mineralization is the difference between the actual or gross nitrogen mineralization

and the concurrent microbial immobilization of the mineralized nitrogen (Hart et al.,

1994). In the absence of leaching, denitrification (the reduction of NO3 to N2 or N20),

and dissimilatory nitrate reduction (the use of NO3 as a terminal electron acceptor to

oxidize organic compounds producing NH4), net nitrification is equal to gross

nitrification minus microbial immobilization of NO3. Although net processes can be

calculated from change in soil inorganic nitrogen pool size over time, actual or gross

rates can be estimated only by using nitrogen isotope techniques.

The use of '5N in measuring the dynamics of nitrogen cycling can be separated

into two techniques: using '5N as a tracer, or the '5N-isotope dilution technique. The '5N

tracer technique involves the addition of labeled substrate pool and determining the
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partitioning of the added '5N, whereas the '5N isotope dilution technique (Kirkham and

Bartholomew, 1954) involves the addition of a labeled product pooi and monitoring the

rate at which production alters the isotopic enrichment of that pool.

Each technique has limitations. Three limitations with measuring gross nitrogen

process rates using '5N tracer technique are: 1) addition to the substrate pooi may

stimulate the processes of interest, 2) influx of ambient nitrogen into the labeled substrate

pool will dilute '5N, and 3) consumption of the product pool will result in a lower amount

of the isotope in the product pool (Hart et al, 1994). With the 15N isotope dilution

technique rates of production should not be stimulated by an increase in substrate, but

this method assumes that 1) isotopic fractionation does not occur during microbial

transformation of soil nitrogen, 2) rates of processes measured remain constant over the

incubation period, and 3) that there is no re-mineralization of assimilated '5N during the

course of incubation.

The goal of this research was to evaluate the role of nitrogen dynamics on diesel

biodegradation under various water potential conditions in nitrogen fertilized soil

systems. More specifically, both '3N tracer and 15N isotope dilution techniques were

used to estimate the rates of gross immobilization, nitrification, and mineralization,

concurrent with diesel biodegradation. The estimated rates were used to determine how

long each level of nitrogen augmentation would contribute to the active nitrogen pool in

the diesel contaminated soil. Understanding nitrogen dynamics concomitant to

hydrocarbon biodegradation is necessary for optimizing nitrogen augmentation and

improving biodegradation efficacy.
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Materials and Methods

Samples of a Gila fine sandy loam soil (coarse loamy, mixed, thermic Typic

Torrifluvent) were collected to a depth of 12 inches from the University of Arizona's

Campus Agricultural Center in Tucson, Arizona. The soil was alkaline with a pH of 8.4.

After an initial sieving using a 2 mm sieve, the soil was moistened and re-sieved to

achieve uniformity. The final gravimetric moisture content of the re-sieved soil was

16.25% ( 81% of field capacity). On a dry weight basis, the soil was amended with 150

mg/kg phosphorous (Ca(H2PO4)2H20), and 5000 mg/kg diesel fuel 2. Soil (200 g dry

weight) was placed into 500 ml wide mouthed Wheaton glass bottles and supplemented

with '5NH4C1 (15.98 atom% 15N, Cambridge Isotope Laboratories) as a solid at 0 (control

or background N), 250, 500, and 1000 mg N/kg soil respectively. Each nitrogen

treatment was performed in triplicate. Water potential measurements (si, matric plus

osmotic) of all nitrogen treatments were determined in triplicate using the Decagon Tm

Psi thermocouple psychrometer.

Contaminant degradation was evaluated using an N-CON Comput-OX

respirometer which measured biological oxygen uptake on the basis of a pressure drop

generated during respiration in the presence of potassium hydroxide (KOH). The

respirometer was maintained at a constant temperature of 25 °C for 821 hours (34.2

days) and 02 uptake was recorded every 0.5 hours.

20 g (dry weight) soil samples were collected from each reactor eight times

during the experiment (time 0, 2.5, 4.9, 8.3, 13.3, 17.3, 24.4, and 34.2 days into the study

respectively) for determination of nitrate, ammonium, organic nitrogen, and nitrogen
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isotope ratios in the three nitrogen forms. Exchangeable NH4 and NO3 plus NO2 were

extracted from the soil samples with 2M KC1 at a 5:1 extractant to soil ratio, filtered

using Whatman no. I filter paper, and assayed via steam distillation (Keeny and Nelson,

1982). Soil extracts were spiked with 5m1 NH4NO3 standard (3OugN/ml) before

distillation to meet the 50-200 ug nitrogen requirement of the mass spectrometer.

Distillates were dried at low temperatures (50-60 °C) to a N1-14-salt, residual liquid H2SO4

immobilized by adding 2 M KC1 to each well in the microplate, and nitrogen isotope ratio

analyses were performed using a Nuclide Model 3-60 RMS mass spectrometer equipped

with an automated Rittenberg apparatus (ARA-MS, University of Illinois at U-C)

(Mulvaney et a!, 1990).

Residual KC1 extracted soils were ground in a New Brunswick G-1 0 variable-

speed gyrotory shaker (McGee et al, 1999). Organic nitrogen was determined via titration

using the semi-microKjeldahl method (Bremner and Mulvaney, 1982). After titration

with 0.05 N H2504 to quantif' organic nitrogen, 5m1 of 0.02 M H2SO4 was added to the

distillate and completely dried in an oven at 65 °C. 4 ml of anhydrous methanol was

added to the dried distillate to remove H3BO3, and excess methanol was removed by

heating to dryness at 65°C. Two ml of deionized water was added and the sample

transferred to a 2 ml polypropylene microcentrifuge tube and evaporated to 0.05-0.3 ml

containing 5 0-200 ug N. The aliquot was transferred to a plastic microplate and dried in

an oven at 65°C to NH4-salt. Nitrogen isotope ratio analysis was performed using the

ARA-MS technique (University of Illinois at U-C).
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Calculations

Measured sample inorganic atom % '5N values were corrected to account for

natural abundance nitrogen contamination derived from non-sample sources (reagents or

ambient N) using the isotope dilution equation:

C=[(B+D)MiB(M2)]/D

where C is the corrected sample atom % '5N value, B the micrograms of non-sample

nitrogen (NH4 or NO3) experimentally determined by distillation of standards and

controls, D the micrograms of nitrogen (NH4 or NO3) liberated from the sample, M1 the

measured (uncorrected) value of atom % 15N in the sample, and M2 the measured atom %

15N value of unlabelled standard or control (Khan et al., 1998).

The percent '5N recovered (F1SN) at time 0 was determined using the following

equation:

FI5N= '5N excess (mg/kg) * soil weight (kg)! '5N amended (mg)

where '5N excess = {the atom % 15N enrichment of the N pool enriched with '5N minus

the atom % '5N enrichment of that pooi prior to '5N addition (background enrichment) },

multiplied by the N pooi size (mg N/kg) divided by 100% (Hart et al., 1994).

+Gross rates of mineralization (m) and NH4 consumption (Ca) were calculated

based on isotope dilution principle using the following equations:

= {([N}{]o [NH4]1)!t} * {log(APEo/APE)!log([NI-14]o/[NH4]}

Ca = m-{ [NH.]1 [NH44io/t}

where m is the gross N mineralization rate (mg of N kg soil day'), Ca iS the NH4

consumption rate (mg of N kg1 soil day1, refers to the sum of all consumptive processes
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of labeled pool), t the time (days), APE0 the atom % '5N excess of NH4 pool at time 0,

APES the atom % 1N excess of NH4 pooi at time t (where APE is the atom % '5N

enrichment of nitrogen pooi enriched with '5N minus the atom % '5N enrichment of that

pool prior to 15N addition (assumed 0.3663)), [NH]o the total NH4 concentration (mg

kg ') at time 0, and [NH4] the total NH4 concentration (mg kg ') at time t (Hart et al.,

1994).

Gross NH4 nitrification and immobilization rates were calculated using '5N tracer

principles. The three different nitrogen forms (ammonium-N, nitrate-N, organic-N)

derived from the amended fertilizer at varying times throughout the study were quantified

using the following equation:

F = [T(A- Ab)]/Af]

where F is the weight of nitrogen derived from labeled fertilizer in soil sample (mg

'4'5N/kg soil), T the total weight of nitrogen in sample mg N/kg soil), A the atom %

excess '5N in labeled sample of soil, Ab the atom % excess '5N in control sample of soil

that did not receive labeled fertilizer (background enrichment), Af the atom % excess

in labeled fertilizer added (where atom % excess = atom % 15N in material minus 0.3663)

(Hauck and Bremner, 1976).

Based on the 02 consumption rates determined respirometrically, the change in

the inorganic N pool over time, and assuming C16H34 as a representative hydrocarbon,

diesel biodegradation was estimated using the following equation:

a(C16H34) + b(02) + c(NH3) - d(C5H7NO2) + e(CO2) + f(H20)



where a,b,c d,e and f represent respective mole numbers (Maier et al., 2000).

Results and Discussion

Respirometric and Nitrogen Pool Data

Addition of nitrogen fertilizer resulted in a decrease in total soil water potential

(matric + osmotic) with highest depression corresponding to highest levels of nitrogen

augmentation. The observed water potential values were -0.20, -0.47, -0.85, -1.5 MPa in

the 0, 250, 500, and 1000 mg/kg N treatments respectively. In accordance with previous

research (Walecka-Hutchison and Walworth, 2001), highest respiration was observed in

the 250 mg/kg nitrogen treatment, followed by the 500, control and 1000 mg/kg nitrogen

treatments with final rates of 185, 169, 131 and 116 mg 02/kg soil/day respectively

(Figure 1). The addition of nitrogen fertilizer at 1000 mg/kg inhibited microbial activity

as demonstrated by the 37% reduction in respiration in this treatment relative to that of

the 250 mg/kg nitrogen treatment.

Temporal fluxes in the ammonium, nitrate, and organic nitrogen pools are

depicted in Figure 2 A-C. Initial recovered ammonium levels in the 0, 250, 500, and

1000 mg/kg nitrogen treatments, were 0.9, 233, 441, and 858 mg N-NH4/kg soil

respectively (Figure 2A). The recovered fraction of the added 15NH4C1 at time 0 in the

250, 500, and 1000 mg/kg nitrogen treatments was 91, 86, and 85% respectively. The

un-recovered nitrogen fertilizer was likely attributable to ammonium fixation in the soil

due to its considerable mica and clay fractions (Dr. D.M. Hendricks, personal

communication). Fixation of up to 10% of NH4 added to clay minerals may occur in
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less then 30 minutes (Drury and Beauchamp, 1991; Trehan, 1996). Thus the 9-15% loss

of '5NH4 in this study observed within 15 minutes of fertilizer application was not

unexpected Ammonium concentrations decreased with time in all treatments, reaching a

relatively steady state after 200 hours. The final ammonium concentration in the 0, 250,

500 and 1000 mg/kg nitrogen treatments were 0.1, 143, 358, 774 mg N-NH4/kg soil

respectively, representing 90, 38, 19, and 10% losses.

Ambient nitrate found in the soil ranged between 19 and 22 mg/kg (Figure 2B).

Most (18 mg/kg N-NO3) of the nitrate in the control treatment was depleted by 118 hours

into the study. Nitrate concentrations in the nitrogen augmented treatments remained

relatively steady suggesting microbial preference of NH4 over NO3 in the fertilized

nitrogen treatments. In our earlier work (Walecka-Hutchison and Walworth, 2001), we

observed microbial preference for NH4 over NO3 with NO3 amended soils consuming

only 65 -70% as much 02 as those treated with NFL4. Chang and Weaver (1997) also

noted a preference for ammonium versus nitrate by petroleum degrading soil bacteria.

An increase in nitrate concentrations in the 250 mg/kg nitrogen treatment was

observed beginning at 415 hours, with final nitrate concentration increasing by 52% to 31

mg/kg N-NO3. Although a slight increase in nitrate was also observed in both the 500

and 1000 mg/kg nitrogen treatments after 585 hours (21 and 10 mg/kg respectively), it

did not exceed the initial nitrate concentrations. Organic nitrogen concentrations

increased in all treatments with respect to time, reaching a relatively steady state by 320

hours (Figure 2C).



144

Gross Rates: Isotope Dilution Technique

Highest gross nitrogen mineralization was observed in the 1000 mg/kg nitrogen

treatment, (soil C:N ratio of 4.25:1) and was on average 62% higher throughout the

experiment than the relatively parallel rates observed in the 250 and 500 mg/kg nitrogen

treatments respectively (Figure 3). By 4.9 days 13.8, 6.8, and 4.9 mg of ambient organic

nitrogen was mineralized per kg soil in the 1000, 500, and 250 mg/kg nitrogen treatments

respectively, resulting in gross mineralization rates of 2.8, 1.4, and 1.0 mg N/kg soil/day

in the treatments. At 24.4 days the cumulative gross mineralization in the 1000, 500, and

250 mg/kg nitrogen treatments was approximately 33.2, 13.4, and 14.1 mg N/kg soil,

resulting in mineralization rates of 1.4, 0.6, 0.6 mg N/kg soil/day respectively. At the

end of the experiment the cumulative mineralization decreased to 17.7, 9.6, and 10.3 mg

N/kg soil in the 1000, 500, and 250 mg/kg nitrogen treatments respectively. This may be

attributed to re-mineralization of immobilized biomass as demonstrated by an increase in

the '5N-ammonium enrichment after 24.4 days (Figure 4), and is in accordance with the

work of Davidson et al. (1992) who estimated mean turnover time of the microbial

biomass nitrogen at 1-2 months. Therefore, the final mineralization rates of 0.5, 0.3, and

0.3 mg N/kg soil/day in the 1000, 500, and 250 mg/kg nitrogen treatments, respectively,

likely underestimate actual mineralization.

An explanation as to why highest mineralization was observed in the 1000 mg/kg

N treatment which demonstrated the greatest depression in soil water potential (-1.5

MPa), may be that ammonifiers, as typified by the gram positive Clostridiu,n and fungal

genera Penicillium, are fairly tolerant of osmotic stress, and capable of growth in
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environments with water potentials reaching -10 and -31 MPa respectively(Paul and

Clark, 1989; Berg and Bruin, 1981; Brown, 1976; Griffin, 1981; Reid, 1981; Harris,

1981; Atlas, 1984).

Cumulative gross ammonium consumption rates were slightly higher in the 250

mg/kg nitrogen treatment (C :N ratio of 17:1) in early stages of the study followed by the

500 and 1000 mg/kg nitrogen treatments respectively (Figure 5). By 4.9 days into the

study 74.2, 66.0, and 64.2 mg N-N1L/kg soil was consumed in the 250, 500 and 1000

mg/kg nitrogen treatments resulting in consumption rates of 15.1, 13.5, and 13.1 mg N-

NH47kg soil/ day respectively. At the end of the experiment 99.8, 92.4, and 101.6 mg N-

NH4/kg soil was consumed in the 250, 500, and 1000 mg/kg nitrogen treatments

resulting in final cumulative animonium consumption rates of 2.9, 2.7, and 3.0 mg N-

NH4/kg soil/ day respectively. These rates, however, represent the flux in the tracer

derived ammonium concentrations and are not limited to microbial immobilization alone,

but reflect all losses of ammonium including immobilization, nitrification, volatilization,

as well as fixation to clay.

Research suggests that re-mineralization of immobilized nitrogen can occur

within one week of adding the '5N label (Bjarnason, 1988; Bristo et al., 1987).

Accordingly therefore, the gross mineralization and ammonium consumption rates

determined via isotope dilution technique in this study are most accurate for up to one

week of the experiment (gross mineralization rates of 0.5, 0.6, and 2.0 mg N/kg soil/day

and gross ammonium consumption of 10.5, 9.8, 9.3 mg N-NH4/kg soil/day in the 250,

500, and 1000 mg/kg N treatments respectively at 8.3 days), after which re-
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mineralization of the previously immobilized '5N may begin to result in error. However,

the work of Davidson et al. (1992) concluded that the mean residence time of microbial

biomass nitrogen was 1-2 months. Similarly, we observed an increase in the ''NH

enrichment after 24.4 days suggestive of re-mineralization of immobilized biomass

(Figure 4). Furthermore, the sampling design in this experiment was intended for

extrapolation to determine the duration of nitrogen fertilizer contribution to the active

inorganic nitrogen pool during hydrocarbon bioremediation. Cleanup of contaminated

sites generally necessitates prolonged timeframes in order to meet regulatory

requirements. Therefore, the final rates estimated via this method were considered

appropriate.

Gross Rates: Tracer Technique

Figure 6 depicts the cumulative gross nitrification rates calculated using 15N tracer

principles. Highest gross nitrification was observed in the lowest fertilized treatment

(250 mg/kg N, soil water potential = -0.47 MPa) suggesting that higher nitrogen

application was inhibitory to this process, possibly through osmotic effects. The added

ammonium in the 250 mg/kg nitrogen treatment began nitrifying almost immediately

after fertilizer addition, with 0.7 mg N-NO37kg soil being produced by 4.9 days into the

study. By 17.3 days, 1.6 mg N-NO3ikg soil was generated in this treatment, reaching a

final 5.7 mg N-NO37kg soil at 34.2 days (final cumulative nitrification rate of 0.2 mg N-

NO37kg soil/day). Nitrification in the 500 mg/kg nitrogen treatment (soil water potential

= -0.85 MPa) appeared to have a longer lag period, with the final nitrification rate being
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only 23% of that in the 250 mg/kg nitrogen treatment (0.04 mg N-NO37kg soil/day, or

1.3 mg N-NO3 generated per kg soil by 34.2 days). Nitrification was most inhibited in

the highest nitrogen treatment (1000 mg/kg N, soil water potential = -1.50 MPa), where

little change in the nitrate concentration took place throughout the experiment (final

nitrification rate of 0.004 mg N-NO37kg soil/day). Other research has also found

nitrification to be sensitive to salinity or depression in soil water potential, with optimum

rates occurring at moisture contents near or at field capacity (Malhi and McGill, 1982;

Stark and Firestone, 1995; Zaman et al, 1999).

Figure 7 depicts cumulative gross nitrogen immobilization. Microbial

immobilization of the enriched ammonium was observed immediately after fertilizer

addition, and reached steady state by the 3rd sampling interval (4.9 days) in all three

treatments. Although the immobilization was relatively similar in the treatments, slightly

higher rates were observed in the 1000 mg/kg nitrogen treatment. By the 4.9 days into

the experiment 44.8, 43.9, and 49.9 mg N/kg soil was immobilized in the 250, 500, and

1000 mg/kg nitrogen treatments resulting in rates of 9.1, 9.0, and 10.2 mg N/kg soil/day

respectively. The immobilization increased only slightly throughout the rest of the

experiment with a final cumulative immobilization of 62.7, 62.8, and 74.6 mg N kg soil

resulting in final cumulative immobilization rates of 1.8, 1.8, and 2.2 mg N/kg soil/day in

the 250, 500 and 1000 treatments respectively.



Abiotic Nitrogen Losses

The initial abiotic losses of the nitrogen fertilizer (9-15% of the added '5NH4

likely lost to NH4 fixation within 15 minutes of application) were accounted for in

calculating all gross rates of nitrogen processes occurring throughout the experiment.

However, additional abiotic losses of nitrogen were observed during the study. In

comparing rates determined via both techniques, gross immobilization and nitrification

estimated via the '5N tracer technique collectively accounted for only 69 to 74% of the

overall ammonium consumption. By the end of the study gross immobilization and

nitrification combined accounted for 68.4, 64.1, and 74.8 mg N-NH4/kg soil in the 250,

500, and 1000 mg/kg nitrogen treatments respectively, whereas ammonium consumption

calculated via isotope dilution was 99.8, 92.4, and 101.6 mg N-NH4/kg soil respectively,

suggesting that gross immobilization and nitrification accounted for only 68.5, 69.4 and

73.6% of the ammonium consumed. Due to the conducive experimental conditions

(alkaline desert soil under relatively high constant temperature of 25°C), the remaining

26-31% of ammonium (31.5, 28.3, and 26.8mg N-NH4/kg soil in the 250, 500, and 1000

mg/kg N treatments respectively) may have been lost to NH3 volatilization, although no

quantitative analysis were performed. However, ammonium fixation may have also

played a role in the abiotic losses of the nitrogen fertilizer.

Table 1 shows the total nitrogen (N-NH4 + N-NO3 + N-organic) derived from

the tracer throughout the study after the initial abiotic losses of the fertilizer have been

accounted for. By 4.9 days the '5N balance in the 250, 500, and 1000 mg/kg nitrogen

treatments decreased to 88.5, 95.4, and 98.5 % and remained close to these values
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throughout the remainder of the experiment with final values of 88.3, 94.1, and 97.1%

respectively. Highest percent of tracer lost was observed in the 250 mg/kg nitrogen

treatment in which 11.7% of the fertilizer was not accounted for by the end of the

experiment relative to 5.9 and 2.9% in the 500 and 1000 mg/kg nitrogen treatments

respectively. Quantitatively, however, the abiotic loss of 14'5NH4 in the treatments was

very similar (26.6, 25.1 and 25.0 mg N/kg soil in the 250, 500 and 1000 mg/kg nitrogen

treatments respectively, Table 1) and as mentioned above, likely attributed to ammonia

volatilization due to the conducive experimental conditions.

Petroleum Degradation

An aerobic biodegradation mass balance equation was used to estimate

hydrocarbon biodegradation based on the final quantitative 02 and inorganic nitrogen

consumption in each treatment. The losses of oxygen to nitrification in the 250 and 500

mg/kg nitrogen treatments (0.31 and 0.08% of the total 02 utilized in each treatment

respectively) were accounted for in the calculations. Degradation decreased with

increasing level of nitrogen fertilization, with the highest removal occurring in the 250

mg/kg nitrogen treatment (42% or 2098 mg/kg diesel degraded). Degradation of 1939,

1425, and 1351 mg/kg diesel (39, 29, and 27%) was estimated for the 500, 1000, and 0

mg/kg nitrogen treatments respectively. The estimated cell yield (mass/mass, data not

shown) was lower than expected (approximately 0.3) and may be attributable to the

microbial production of compatible solutes in response to solute water stress (Welsh et

al., 1996; Shapir et al., 1998). Research of Geerdink et al. (1996) found cell yields of 0.1
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and 0.3 Cmol/Cmol during the biodegradation of diesel and hexadecane respectively

under batch experimental conditions. The authors hypothesized that the low cell yields

may have resulted from the microbial production of emulsifiers to increase solubilization

of the hydrocarbons in water.

Duration of Nifrogen Fertilizer Availability

A better understanding of the nitrogen processes occurring concurrent to diesel

degradation is necessary for estimating how long the added nitrogen fertilizer will

contribute to the active nitrogen pool at contaminated sites. In this study, the estimated

duration of fertilizer contribution to the inorganic nitrogen pool was based on three

assumptions: 1) ammonium immobilization was considered a loss of fertilizer as biomass

'5N is not immediately available, and re-mineralization of immobilized '5N biomass

could not be calculated, 2) nitrification was also considered a loss of nitrogen because

heterotrophic preference for ammonium over nitrate has been noted (Walecka-Hutchison

and Walworth, 2001; Chang and Weaver, 1997), and because the process is primarily

performed by chemoautotrophic organisms in alkaline soils which compete for

ammonium with the hydrocarbon degrading heterotrophic organisms, and 3) the

ammonium initially lost to fixation was considered a loss of fertilizer as non-

exchangeable ammonium was assumed not bioavailable. The work of Breitenbeck and

Paramasivam (1995) found that although heterotrophic soil microorganisms assimilated

non-exchangeable '5NH4 when the availability of an organic carbon substrate created

demand, the fixed NH4 was only 23-46% as available as NH4 added directly to soil.
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Gross ammonium immobilization was the overall net process occurring in this

experiment, with gross mineralization of native organic nitrogen assumed the only

process re-supplying the diminishing inorganic nitrogen pool. Net fertilizer consumption

was therefore determined as follows: {(gross immobilization + gross nitrification) -

gross mineralization}. Gross immobilization rates were much higher during the first 4.9

days (Figure 7) reaching steady state thereafter. Therefore, nitrogen losses during the

initial 4.9 days were accounted for in calculating the steady state net fertilizer

consumption (Table 2). It was estimated that at the consumptive rates calculated in this

experiment the fertilizer would contribute to the active nitrogen pool for 0.9, 1.9, and 3.2

years in the 250, 500, and 1000 mg/kg N treatments respectively (Table 3). The

estimated duration of fertilizer contribution to the active nitrogen pool is conservative as

nitrification, re-mineralization, and utilization of fixed NH4 all play a role in re-

supplying the active inorganic nitrogen pooi.

Conclusion

This study found that increasing nitrogen augmentation resulted in greater

depression in soil water potential, reduced microbial respiration, and estimated diesel

degradation. Highest respiration (185 mg 02/kg soil/day) and estimated diesel

degradation (42%) were observed with the lowest nitrogen application of 250 mg N/kg

soil (soil water potential = -0.47 MPa). Fertilizer addition at a concentration of 1000

mg/kg nitrogen (soil water potential = -1.50 MPa) inhibited microbial activity as

demonstrated by a 37% reduction in maximum respiration.
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Nitrification was also inversely related to soil water potential, and decreased with

increasing nitrogen fertilizer concentrations. The highest cumulative gross nitrification

was observed in the lowest nitrogen amended soil treatment (250 mg/kg N) resulting in

5.7 mg of N/kg soil nitrified by the end of the experiment (cumulative gross rate of 0.2

mg N/kg soil/day). In the 500 mg/kg nitrogen treatment, only 1.3 mg N/kg soil was

nitrified throughout the study (0.04 mg N/kg soil/day). Nitrification was most inhibited

in the highest nitrogen treatment (1000 mg/kg N) with final nitrification rate of 0.004 mg

N/kg soil/day.

Reduction in soil water potential did not inhibit gross nitrogen immobilization or

mineralization rates which increased in increasing nitrogen treatments. Gross ammonium

immobilization was 16% higher in the 1000 mg/kg N treatment relative to the two lower

treatments, with final cumulative rates of 1.8, 1.8, and 2.2 mg N/kg soil/day in the 250,

500, and 1000 mg/kg N treatments respectively. Gross nitrogen mineralization was on

average 62% higher in the 1000 mg/kg N treatment, remaining nearly the same in the

other two treatments: 17.7, 9.6, and 10.3 mg of the ambient nitrogen was mineralized per

kg soil in the 1000, 500 and 250 mg/kg N treatments respectively at the end of the study

(gross mineralization rates 0.5, 0.3, and 0.3 mg N/kg soil/day respectively).

The initial abiotic fertilizer losses likely attributable to ammonium fixation were

accounted for in calculating all gross rates of nitrogen processes. However, additional

nitrogen losses were noted throughout the study. In comparing gross rates estimated via

both techniques, gross immobilization and nitrification calculated using the '5N tracer

technique collectively accounted for 69 to 74% of the ammonium consumption
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determined via the isotope dilution technique throughout the study. The remaining 26 to

31% of ammonium (31.5, 28.3, and 26.8 mg N/kg soil in the 250, 500, and 1000 mg/kg

nitrogen treatments respectively) was likely lost to volatilization due to the conducive soil

conditions.

Based on '5N balance calculated using 15N tracer principles alone, and again

accounting for the initial abiotic nitrogen losses, the highest percentage of tracer lost

throughout the experiment was observed in the 250 mg/kg nitrogen treatment in which

11.7% of the fertilizer was not accounted for by the end of the study relative to 5.9 and

2.9% in the 500 and 1000 mg/kg nitrogen treatments respectively. The quantitative

abiotic losses of 14'5NH4 however were very similar in the treatments, 26.6, 25.1 and

25.0 mg N/kg soil in the 250, 500 and 1000 mg/kg nitrogen treatments respectively, and

in agreement with the above final losses of 31.5, 28.3, and 26.8 mg N/kg soil, based on

both '5N tracer and isotope dilution principals respectively.

The nitrogen transformation rates calculated in this experiment were used to

determine the duration of fertilizer contribution to the inorganic nitrogen pool at each

level of nitrogen fertilization. The assessment was conservative as ammonium fixation,

gross ammonium immobilization, and nitrification were assumed losses of nitrogen

fertilizer with only gross mineralization of native organic nitrogen contributing to the

active nitrogen pool. It was estimated that the augmented ammonium fertilizer would

contribute to the active inorganic nitrogen pooi for 0.9, 1.9, and 3.2 years in the 250, 500,

and 1000 mg/kg nitrogen treatments respectively, assuming nitrogen processes remained

at steady state.



Figure Legends

Figure 1. Oxygen uptake (mg 02/kg soil/hour). Data represents averages of 3 replicates

per nitrogen treatment. Bars represent standard deviations at 8 sampling times during the

821 hour incubation period.

Figure 2A. Ammonium pool over time (mg N-NH4ikg soil/hour). Data represents

averages of 3 replicates. Bars represent standard deviation.

Figure 2B. Nitrate pool over time (mg N-NO37kg soil/hour). Data represents averages of

3 replicates. Bars represent standard deviation.

Figure 2C. Organic nitrogen pooi over time (mg N/kg soil/hour). Data represents

averages of 3 replicates. Error bars not shown for clarity.

Figure 3. Cumulative gross mineralization rates (mg N/kg soil/day). Bars represent

standard deviations.

Figure 4. Atom % '5N-NH4 verses time. Bars represent standard deviations.

Figure 5. Cumulative gross ammonium consumption rates (mg N-NH4/kg soil/day).

Bars represent standard deviation.
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Figure 6. Cumulative gross nitrification rates (mg N-NO37kg soil/day). Bars represent

standard deviations.

Figure 7. Cumulative gross immobilization rates (mg N/kg soil/day). Bars represent

standard deviations.
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Figure 2A.
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Figure 2B.
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Figure 2C.
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Figure 3.

Gross Mineralization
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Figure 4.
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Figure 5.

Gross Ammonium Consumption
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Figure 6.
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Figure 7.

Gross immobilization
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Table 1. N-total (N-NH4 + N-NO3 + N-organic) derived from tracer (mg N/kg soil).

165

Time
(days)

250mg/kgN 500mg/kgN l000mg/kgN

mg'4'5 N/kg Total 15N
(%)

mg145 N/kg Total 15N
(%)

mg'415 N/kg Total 15N
(%)

0 227.1 100.0 429.6 100.0 848.9 100.0

2.5 221.6 97.6 422.5 98.3 840.2 98.9

4.9 201.1 88.5 409.9 95.4 835.7 98.5

8.3 197.4 86.9 394.8 91.9 829.7 97.7

13.3 205.2 90.3 418.7 97.5 865.0 101.9

17.3 204.2 89.9 414.2 96.4 850.0 100.1

24.4 213.8 94.1 406.3 94.6 837.8 98.7

34.2 200.5 88.3 404.5 94.1 823.9 97.1
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Table 3. Estimated duration of nitrogen fertilizer availability.
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Nitrogen
treatment
(mg/kg)

Nitrogen
remaining

after 4.9 days
mg N/kg soil

Steady state
cumulative

fertilizer
consumption
mg N/kg soil

Steady state
fertilizer

consumption
rate

(mg/kg/day)

Nitrogen
Fertilizer

Availability
(days)

Nitrogen
Fertilizer

Availability
(years)

250 186.5 17.4 0.59 314.3 0.9

500 392.1 16.9 0.57 677.7 1.9

1000 812.7 20.9 0.71 1140.3 3.2
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