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ABSTRACT 

Studies were performed to determine the concentration of soluble 

carbohydrates and starch in chrysanthemum plants at various stages of 

vegetative and floral development. Leaves of pot chrysanthemum 

(Chrysanthemum morifolium 'Charm' or 'Favor*) grown under full irradiance had 

more soluble carbohydrates and starch than those grown with 65% irradiance 

reduction. Both showed clear diurnal variation in carbohydrate concentrations. 

Inflorescences exhibited no diurnal fluctuations in total soluble carbohydrate 

(TSC). Sucrose was the only translocated carbohydrate in chrysanthemums in 

quantities detectable by HPLC. In a postproduction environment, leaf and stem 

TSC remained relatively unchanged while inflorescence TSC decreased 

significantly. Reducing sugars (glucose + fructose) accounted for up to 84% of 

the inflorescence TSC. Relative levels of starch and fructans over time 

suggests an alternate use of fructans and starch as pools of available reserve 

carbohydrate during floral development. Fructans were shown to decrease in 

polymerization in both petals and inflorescences as petals expanded. 
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The pot chrysanthemum was the second leading flowering pot plant 

produced in the United States in 1988. The chrysanthemum had long been the 

number one leader in pot plant production, but in 1981 it was displaced by the 

rapid growth in popularity of the poinsettia {Tayama and Roll, 1989). Many 

varieties of chrysanthemum keep exceptionally well for a long time, making 

them desirable as a potted plant in the home. The wide selection of available 

colors also contributes to their popularity. 

Chrysanthemum growers are concerned with improving the quality of potted 

chrysanthemums in order to maintain or increase the demand for this product. 

With the significant increase in mass marketing of potted flowering plants, 

issues of postproduction plant quality are now especially important to the 

floriculture industry. The postproduction quality of floriculture crops such as 

chrysanthemums is considered to be more important as a purchasing criterion 

than price, selection or service (Shaferand Kelly, 1986). 

The ability of a producer to achieve a high quality crop of pot 

chrysanthemums depends upon the complex interaction between the plant and 

its environment. Genetic (inherent), environmental (light, temperature, humidity) 

and management (soil, nutrition, irrigation, etc.) factors influence the quality and 

longevity of potted chrysanthemum plants. Higher quality plants have 

characteristics such as intense flower color, good flower form, size and 

longevity, low foliage senescence and absence from defects. Environmental 

factors or cultural practices which reduce these attributes are factors which 
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reduce the marketability of the crop and potentially lower consumer value. 

Although each of these characteristics contributes to the overall quality of the 

plant, there is often a bias towards floral longevity as the most important 

component of a quality pot plant. Survey results indicate that consumer interest 

in the longevity of potted chrysanthemums flowers would take precedence over 

a desire to purchase a mum at a given price (Shafer and Kelly, 1986). 

Chrysanthemums can last from several days to several weeks in the 

postproduction environment (Nell, 1989). 

The processes leading to irreversible wilting and senescence of mums are 

thought to be similar to those in other flowers. However, the published literature 

on different aspects of floral senescence in chrysanthemums is scarce, and 

therefore it is difficult to document all of the biochemical and physiological 

changes in ageing chrysanthemums. Studies of flowers in general have shown 

that two major events take place in senescing petals: increase in respiration 

and hydrolysis of cell wall components. There is a drop in the level of starch, 

polysaccharides and other macromolecules, with the breakdown products 

being transported to other parts of the plant or to the developing gynoecium, or 

being used up through respiration (Mayak and Halevy, 1980). Supplying cut 

flowers with exogenous sugars maintains the pool of respirable substrates, 

promoting respiration and extending longevity (Halevy, 1976). With 

chrysanthemums, vase opening solutions without sugars were not effective in 

extending the life of cut flowers, while those containing sugars (typically 2-5% 

sucrose) were effective (Salunkhe, 1989). In addition to supplying metabolic 

substrates, translocated sugars into flower petals increase the osmotic 

concentration in the petals, increasing their ability to absorb water and maintain 
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turgidity. This extends the longevity of the flower {Mayak and Halevy, 1980; 

Leshem et al. 1986). Petal carbohydrate content has been shown to increase 

with radiant flux intensity in chrysanthemum, which in turn has a direct 

correlation with lasting qualities in both cut and potted chrysanthemum flowers 

(Salunke et al. 1989; Nell, 1990). 

Objectives. The role of carbohydrates in senescing chrysanthemum flowers has 

not been well defined. Many of the same factors that affect the quality and 

longevity in chrysanthemums may also influence carbohydrate accumulation 

and translocation in the plant. The purpose of these studies was to determine 

the content and concentration of soluble carbohydrates and starch in 

chrysanthemum plants at various stages of vegetative and floral development, 

and during floral senescence. This was achieved by tracking carbohydrate 

changes in chrysanthemum plants in a postproduction environment. 

We wanted to see how carbohydrates varied over a diurnal cycle, in part 

because of a possible effect on rooted cuttings. It was reported that cutting 

performance was better if the cuttings were taken in the afternoon, and the 

suggestion was made that this was possibly due to the increased reserve sugar 

concentration in the cutting tissue at that time (Carl Scharfenberg, Yoder Bros., 

personal communication). We did not have adequate facilities to do an in-depth 

study on cutting performance, but were curious about the carbohydrate aspect 

and how the carbohydrates might change over the diurnal cycle. Therefore, 

carbohydrates were tracked over the diurnal cycle in both vegetative and 

flowering plants. No previously published information on diurnal variations in 

flower tissues could be found. This information is of interest to the grower, in 
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terms of timing harvests to coincide with maximum carbohydrate concentrations 

in plants. Finally, with the advent of widespread use of warmer night and cooler 

day temperatures in commercial greenhouses, analysis of diurnal patterns of 

plant carbohydrates is needed. 

Mastalerz (1977) demonstrated that lowering the light intensity to one half of 

the optimum levels during the last two weeks in the greenhouse significantly 

reduced the vase life of cut chrysanthemums after harvest. Nell et al. (1990) 

observed that production and postproduction light levels had an effect on the 

longevity of pot chrysanthemums. In order to observe the effect of light level on 

carbohydrates in pot chrysanthemums, crops were grown under two irradiance 

levels and carbohydrates were compared over a diurnal cycle. 

In our diurnal and postproduction studies, we found fructans to be present 

in all parts of chrysanthemum plants. Our focus in dealing with this 

nonstructural oligosaccharide centered on determining the most effective 

method of extracting it, as well as observing biochemical changes in fructan 

polymers over time in developing inflorescences. This information allowed us 

to speculate on the possible roles of fructans in chrysanthemum plants. 
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CHAPTER 2 

POSTPRODUCTION CARBOHYDRATE LEVELS IN POT 
CHRYSANTHEMUMS 

2-1 Introduction 

Many studies have investigated the factors affecting the longevity of cut 

flowers (Halevy and Mayak, 1979), whereas little information is available 

regarding longevity of flowering pot plants. Preharvest factors such as nutrient 

status and cultivar selection have been shown to affect plant longevity in potted 

poinsettia (Scott et al., 1982) and chrysanthemum (Nell, 1989). Easter lilies 

grown under sub-optimal irradiances have reduced leaf and flower bud 

carbohydrate levels and flower longevity may be affected (Miller and Langhans, 

1989). In chrysanthemum, Nell et al. (1990) found that postproduction longevity 

is reduced when lower irradiance levels are used during production. This 

suggests that carbohydrate levels may play a role in the longevity of potted 

chrysanthemums. 

With cut flowers, an important aspect of increasing longevity is maintenance 

of the carbohydrate pool and active osmotica in floral tissues (Mayak and 

Halevy, 1980). This is demonstrated by the delay in senescence achieved by 

adding sugar to cut flower vase solutions. A detailed investigation of the 

carbohydrate metabolism of whole chrysanthemum plants has not yet been 

made. The objective of this study was to characterize the relationship between 

carbohydrate levels and flower senescence in chrysanthemum inflorescences, 

and to describe the changes in carbohydrate pool sizes in whole plants during 

senescence. 
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2-2 Materials and Methods 

Plant culture. Rooted cuttings of Chrysanthemum morifolium 'Favor* were 

planted three per 12.5 cm diameter (1.2-liter) plastic container with 1 soil: 2 

sphagnum peat moss : 2 perlite (by volume) media amended with 890 g treble 

superphosphate, 593 g potassium nitrate, 593 g magnesium sulfate, 4.75 kg 

ground dolomitic limestone, and 74 g Frit Industries Trace Elements No. 555 

(Peters Fertilizer Products, W.R. Grace & Co., Fogelsville, Pa.) per cubic meter. 

For the purposes of this study, one pot was considered a commercial unit or 

•plant'. Plants were grown in a polyethylene covered, fan and pad cooled 

greenhouse with temperatures of 24C day and 15C night. 

Plantings were made on 21 Dec. 1989 and 9 Jan. 1990. Plants received 4 

hr non-inductive night interruption (2200 to 0200hr) with incandescent lamps for 

21 days after planting. Plants were then pinched to remove the apex and 

associated young leaves and subjected to natural short days. Approximately 3 

weeks after pinching, individual plants were pruned to 4 uniform shoots (12 

shoots pot'1, total). Lateral flower buds were removed as they formed. The 

plants were fertilized with 300 mg-liteH N and K at each watering, supplied 

from 780 mg potassium nitrate and 550 mg ammonium nitrate per liter. The 

fertilizer solution was maintained at pH 6.0 with 75% (w/w) technical grade 

phosphoric acid, which supplied 37 mg P-liter1 at every watering. Daminozide 

[butanedioic acid mono(2,2-dimethylhydrazide); 2,500 mg-M] was applied to 

runoff as a foliar spray 14 days after the pinch. 

Plants with uniform height, flower number and flower maturity were moved 

to the postproduction room when petals had elongated and showed color, and 

the outer rows of florets on most flowers were within approximately 30% of 
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perpendicular to the stem. Interior lighting (12 hr-day1) was from 115 W cool-

white fluorescent lamps suspended above the plants. Photosynthetic photon 

flux at the top of inflorescences averaged 20 ± 6 |imol-s-1*m-2 during 

illumination. Room temperature was maintained at 21±2C. At this time and 

every fourth day (at 1200hr), flowers, leaves and above ground stems from 7 

plants were harvested and fresh weights determined. The inflorescences were 

severed at the base of the calyx and were not dissected further. All tissues were 

immediately frozen in liquid nitrogen and stored at -70C. The samples were 

freeze dried, weighed, and then ground in a Wiley mill to pass through a 20-

mesh screen. All freeze dried samples were stored dessicated until extractions 

were made. 

Carbohydrate extraction and analysis. Fifty mg of freeze dried tissue was 

loaded into disposable Pasteur pipets fitted with glass wool plugs and extracted 

with 12 methanol: 5 chloroform : 3 water (by volume, MCW) as described (Miller 

and Langhans, 1989). Preliminary experiments indicated that mannitol was not 

present in amounts detectable by HPLC in chrysanthemum flowers, stems or 

leaves. Therefore, mannitol (1.0 mg) was used as an internal standard, and 

was added during the first MCW extraction. All extracts were collected into 15-

ml glass centrifuge tubes and partitioned by adding 5.0 ml distilled water. 

Following centrifugation in a bench-top centrifuge, the upper aqueous phase 

was removed and applied to polyethylene columns containing cation and anion 

exchange resins (1 ml Dowex 50-W, 100 to 200 mesh, layered on 1 ml 

Amberlite IRA-68,16 to 50 mesh in the acetate form). Soluble carbohydrates 

were eluted with 4.0 ml 1 methanol: 1 water (by volume) and evaporated to 

dryness under vacuum at 40C. The dry residue was dissolved in 1 ml HPLC 
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water and then passed through a 0.45-^m membrane filter for particulate 

removal and degassing. Samples were injected into an HPLC system 

composed of an LKB 2150 pump (Pharmacia-LKB, Piscataway, NJ) using a 

Rheodyne 7010 injector (Rheodyne Inc., Cotati, CA) equipped with a 20-|il 

sample loop. The system was operated at 0.6 ml-min-1 using degassed HPLC 

water as the mobile phase. HPLC water was prepared from glass distilled 

water, using ion exchange cartridges (Norganic, Waters Inc., Bedford, MA) and 

vacuum filtration. Soluble sugar separation was achieved using a Bio-Rad 

HPX-87C stainless steel column (300 x 7.8 mm i.d.) maintained at 85C with a 

column heater. A guard column (Carbo-C, Bio-Rad Laboratories Inc., 

Richmond, CA) was used at room temperature between the injector and 

analytical column. Detection was via refractive index (Knauer 198, Rainin Inst. 

Co., Woburn, MA), and retention times were determined using a Hewlett 

Packard 3390A integrator. Retention times were determined for each 

carbohydrate using known standards. 

Starch was determined on dried residue left in the pasteur pipets following 

soluble carbohydrate extraction. Pipet tips were snapped and pipets with tissue 

residue placed into 13 x 100-mm test tubes. Each sample received 4.0 ml of 

Na-acetate buffer (0.1 M, pH 4.5). The sample was then placed into a boiling 

water bath for 20 minutes to gelatinize starch. After cooling, 1.0 ml 

amyloglucosidase solution (50 units-mM in Na-acetate buffer) was added to 

each. Samples were incubated for 48 hr at 50 to 55C, with occasional agitation. 

A portion of this mixture was used for glucose determination via a glucose 

oxidase method developed from Sigma Tech. Bull. 510. To each 100- to 500-p.l 

aliquot, 5.0 ml of ice-cold enzyme solution (25 units glucose oxidase, 5 units 
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peroxidase, and 0.2 mg o-dianisidine in 0.1 M pH 7.2 Na-phosphate buffer) was 

added and incubated for 30 min at 35C. Parallel sets of glucose standards 

were used to establish the calibration line. After incubation, 1.0 ml of 2.2 N HCI 

was added to each sample to stop the reaction. Absorbance was measured at 

450 nm. Starch content was calculated by multiplying glucose content by 0.9. 

Fmctan indentification. An unknown carbohydrate coeluting with an inulin 

isolated from dahlia roots (Sigma I-3754) was positively identified as fructan by 

acid hydrolysis. The aqueous phase of plant MCW extracts was adjusted to 

0.1 N H2S04 and the solution placed in a boiling water bath for 20 min. 

Samples were cooled and neutralized to pH 7 with 1.0 N NaOH. The liquid was 

applied to anion and cation exchange columns, concentrated, and injected into 

the HPLC as described above. The absence of the unknown peak on the 

resulting chromatogram, with corresponding large increase in fructose and a 

much smaller increase in glucose peak areas confirmed that the unknown was 

fructan. 

Plant appearance and longevity. In each experiment, fourteen plants were 

observed in the postproduction room and were, rated for senescence 

characteristics based on a scale from 0 (no sign of aging or senescence) thru 4 

(aesthetically unacceptable). The stages of flower and foliage aging were 

categorized according to Fig. 1 and the following criteria: 

Flower color and condition: 

0 = Bright, clear bronze-red color; florets firm and fully turgid. 

1 = Coppery-bronze color; florets turgid, inflorescence loosening. 
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2 = Slight 'pinking' of the bronze florets, less than 3 rows of yellow florets in the 

center of inflorescence; florets slightly dull, with slight rolling of outer petal 

edges. 

3 = More than 3 rows of yellow florets in center; outer rows of florets losing 

turgidity, rolling more pronounced. 

4 = Florets fading to a muddy pink color; more than 5 rows of florets have lost 

turgidity. 

Foliage color and condition: 

0 = Dark green color; healthy turgid foliage. 

1 = Slightly lighter green; leaves turgid but appear dull. 

2 = Chlorosis at tips of inner leaves and youngest leaves directly beneath flower 

head; less turgid. 

3 = Estimate 10% of leaves with some chlorosis. 

4 = Greater than 10 % of leaves exhibiting chlorosis; limp foliage. 

Stem condition: 

0 o Healthy, green, turgid stems. 

1 = Purpling of stem just beneath flower head. 

2 = Purpling and some shrinking of stem beneath flower head. 

Overall appearance: 

0 = Ideal plant for retail market sales. 

1 = Nearing end of marketable stage. 

2 = Good looking plant for home or office. 
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Figure 1. Stages in chrysanthemum flower development. 0=harvest stage; 8 
to 10 rows of ray florets open. 1-florets perpendicular to the stem; 
some undeveloped ray florets. 2=ray florets fully developed. 
3=florets relaxed beyond perpendicular; center disc florets visible 
on many flowers. 4=completely relaxed inflorescence; center open; 
more than 5 rows of petals have lost turgidity. 
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3 = Plant appearance is less than ideal. 

4 = Plant is no longer aesthetically acceptable. 

The experiments utilized a completely randomized design. Appropriate 

data analyses were conducted using CoStat (CoHort Software, Berkeley, CA). 

The results from both experiments were similar. Results from the first 

experiment are presented. 

2-3 Results 

Changes in fresh and dry weight Inflorescences steadily increased in 

fresh weight as petals expanded, from an initial 60 g per plant to 91 g per plant 

at 12 to 16 days postproduction (DPP), then decreased to a final fresh weight of 

37 g per plant, with most of the loss occuring in the last 8 days (Fig. 2A). Leaves 

and stems did not change significantly in fresh weight over the course of the 

experiment. All plant parts decreased in dry weight during the post-production 

evaluation (Fig. 2B). On a percentage basis, inflorescences lost the greatest 

amount of dry weight, decreasing from 10.6 g per plant to 6.5 g at 32 DPP, for a 

total loss of 39%. In this time, leaves and stems lost a total of 18% and 17% dry 

weight, respectively. 

Changes in appearance of flowers, leaves, and stems. Chrysanthemum plants 

exhibited a highly significant linear decline in appearance over the length of the 

experiment (Table 1). Inflorescences displayed senescence characteristics 

earlier than leaves or stems. Petal expansion, as measured by observation and 

increase in fresh weight (Fig. 2A), continued through 12 DPP. Visible signs of 

senescence, including loss of turgor, color changes and inrolling of petal edges 
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Figure 2. Fresh (A) and dry (B) weight of inflorescences, leaves and stems 
during the 32 day postproduction evaluation. Data represent the 
means of seven replications from one experiment. Bars indicate 
the standard error (SE) for each tissue type. Where not shown, the 
SE falls within one symbol size. Arrows represent end of petal 
expansion and unacceptable plant appearance (12 days and 28, 
respectively). 
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were observed at 20 DPP. By 28 DPP, inflorescences were no longer 

acceptable for consumer use. Although leaves and stems showed a linear 

decline in appearance after 16 DPP, they were acceptable at the conclusion of 

the experiment. Signs of leaf chlorosis appeared between 20 and 24 DPP, 

while stems exhibited the least change during the postproduction treatment. 

Overall plant appearance was judged unacceptable at 28 DPP when 

inflorescences were determined to be unacceptable. 

Carbohydrate composition of flowers, leaves and stems. HPLC analysis 

showed the presence of several soluble sugars in all parts of flowering 

chrysanthemum plants including (in order of elution): long-chain fructan, 

several unidentified oligosaccharide peaks, sucrose, glucose, and fructose. In 

inflorescences and leaves, an additional unknown substance eluting between 

glucose and fructose was present in small amounts (2 to 20% of total soluble 

carbohydrate) but was not detected in stem tissues. This unknown did not co-

elute with mannose, galactose, xylose, sorbitol or any oligosaccharide. 

In leaves, sucrose decreased between 0 and 4 DPP from 17 mg g-1 dry 

weight to 4 mg g*1, then remained constant throughout the post-production 

evaluation (Fig. 3A). After 4 DPP, the total soluble carbohydrate (TSC) pool in 

leaves was constant and consisted of approximately equal amounts of sucrose, 

reducing sugars, oligosaccharides and the unknown, totaling about 15 mg-g*1 

dry weight. 

In stems, oligosaccharides initially comprised 50% of the 37.5 rng g-1 

stem TSC, decreasing to 20% of stem TSC at 16 DPP. Reducing sugars 

increased in the first 8 DPP, then remained relatively unchanged. Sucrose 

decreased slowly throughout the experiment. Final TSC concentration of stems 
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Table 1. Change in appearance during senescence of 'Favor* 
chrysanthemum plants, based on a rating scale from 0 (excellent) through 4 
(unacceptable).2 

Days in Overall 

postreduction Inflorescence Poiaoe Stem plant 

environment Openess Color Condition Color Condition Condition appearance 

0 0.1 0.1 0.0 0.0 0.0 0.0 0.0 

4 0.9 0.8 0.0 0.0 0.0 0.0 0.0 

8 1.0 1.0 0.7 0.0 0.0 0.0 0.7 

12 2.0 1.0 1.1 0.0 0.0 0.0 1.1 

16 2.1 1.7 1.2 0.0 0.7 0.0 2.0 

20 2.4 2.8 2.0 1.7 2.0 0.1 2.9 

24 2.9 3.0 2.4 2.0 2.1 0.9 3.1 

28 4.0 3.4 3.6 2.6 2.1 1.0 4.0 

32 4.0 4.0 4.0 3.3 3.0 2.0 4.0 

r2y 0.94 0.93 0.91 0.80 0.85 0.65 0.95 

Significance *** *** •  * *  *** «•* *** *** 

zData are the average of fourteen plants per observation period. 

yLinear model regression coefficient of determination (calculated from day of first change). 

"* Treatment is significant at a s 0.001. 
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Figure 3. Soluble carbohydrate and starch content of leaves (A) and 
inflorescences (B) during the 32 day postproduction evaluation. 
Arrows represent end of petal expansion and unacceptable plant 
appearance (12 and 28 days, respectively). 
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was 5 mg-g-1 dry wt. 

Reducing sugars accounted for about 84% of the inflorescence soluble 

carbohydrate in earlier stages of senescence and were responsible for the 

major change in inflorescence total soluble carbohydrate overtime (Fig 3B). 

On a concentration basis (mg-g-1 dry wt.), inflorescences contained five times 

more reducing sugars than found in leaves or stems. Sucrose was present in 

inflorescences in comparatively small amounts (11% of the total) and 

decreased gradually during the postproduction period. Oligosaccharides 

decreased through 16 DPP and then remained unchanged (Fig. 3B). Starch 

concentrations rose from 25 to 34 mg-g-1 dry weight by 12 DPP, then 

decreased to a final 14 mg-g*1. 

Changes in carbohydrate content of plant Reductions in dry weight were 

accompanied by corresponding reductions in TSC content on a gplant"1 basis 

(Fig. 4A). Total soluble carbohydrate (sum of sucrose, reducing sugars, 

oligosaccharides, and the unknown) content of the whole plant dropped from 

2.7 g to 0.3 g over the course of the experiment. Inflorescences exhibited a 

steady decrease in TSC content from 12 through 32 DPP, whereas leaves lost 

the bulk of TSC within 4 DPP, after which the level remained essentially 

unchanged. Stems lost TSC primarily in the first 12 DPP. 

On day 0, inflorescences accounted for 56% of the 2.7 g TSC in the 

chrysanthemum plant (Fig. 4A) and this increased to 75% at 4 DPP. 

Inflorescences continued to be the major sites of plant soluble carbohydrate 

localization through 28 DPP. Starch levels in inflorescences rose during petal 

expansion from 0.18 to 0.35 gplant-1 at 12 DPP (Fig. 4B). Levels then 

decreased to a final 0.11 g-plant"1, with most of the decrease occuring 
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in the last two harvest periods after the onset of wilting at 20 DPP. Leaves lost 

87% of the initial 0.16 g starch in the first 4 DPP, then remained below 0.02 

g plant*1 for the duration of the experiment. Stem starch content did not change 

during the study. 

2-4 Discussion 

Weight changes. In the postproduction environment, petal expansion (0 to 

12 DPP) was accompanied by increases in inflorescence fresh weight but not 

dry weight. Rutland and Seawright (1973) reported that in the greenhouse, 

chrysanthemum petal fresh weight increased linearly as petals expand from first 

petal coloration until pollen shed, while dry matter concentration decreased 

during the same 16 days. Petals from intact greenhouse grown roses increase 

in fresh weight, dry weight, and carbohydrate levels during the period from bud 

stage until flowers are fully expanded, while cut roses maintain dry weight for 

several days before declining in both dry weight and carbohydrate levels during 

petal expansion (Ho and Nichols, 1977). In cut flowers, reduced dry weight and 

carbohydrate level are attributed to limited substrate imported from leaves, as 

the leaf area is severely reduced with cutting. In pot plants, the move from 

presumably optimum greenhouse irradiances to lower interior irradiances 

would limit the amount of carbohydrates exported from the leaves to the flowers 

since photosynthetic rate is severely reduced. This could contribute to the lack 

of increase in dry weight and reducing sugars seen in inflorescences (Fig 2B). 

Senescence. Senescience in the chrysanthemum inflorescence (20 to 32 DPP) 

was characterized by loss of fresh weight, drying, and shrivelling of the petals. 



Chrysanthemum floral senescence was also characterized by a decline in 

carbohydrate content of the entire inflorescence. The decline in starch and 

oligosaccharide content indicates that carbohydrates are being made available 

through the hydrolysis of starch and polysaccharides. The resulting products, 

reducing sugars and sucrose, are used in respiration and perhaps in transport 

to other plant parts, such as the developing gynoecium. In these experiments, 

we did not differentiate between the parts of the inflorescence and thus cannot 

discern intrafloral changes in carbohydrate pool sizes and growth. 

In addition to supplying metabolic substrates, sugars translocated into 

flower petals are thought to increase the osmotic concentration in the petals, 

increasing their ability to absorb water and maintain turgidity. This process is 

crucial in extending the longevity of the flower (Halevy, 1976; Mayak and 

Halevy, 1980). Because of the very small reductions in dry weight of other plant 

parts, little import into the inflorescence seemed to be occuring in our 

experiments. The in situ hydrolysis of oligosaccharides (fructans), however, 

may contribute to an increase in osmotic potential and aid in petal expansion in 

the first 12 DPP. 

Sugars have been credited with extending flower longevity by interfering 

with ethylene activity (Mayak and Borochov, 1984). However, pot 

chrysanthemum flowers have been shown to be relatively insensitive to 

ethylene (Woltering and Van Doom, 1988), therefore carbohydrates must play a 

different role in these plants. 

The sugar profile in leaves was much different than the sugar profile in 

inflorescences. Leaf sucrose decreased by 75% during the first 4 DPP, then 

remained constant. This was probably due to reduced photosynthesis resulting 
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from the decrease in irTadiance as plants were moved from greenhouse 

conditions to the postharvest room. Total leaf carbohydrate levels, including 

soluble sugars and starch, remained constant throughout the remainder of the 

experiment, even though visible leaf senescence began at 24 DPP. This 

indicates that leaf senescence was not related to the sugar concentration in 

leaves. Leaf senescence is often characterized by a loss of chlorophyll rather 

than a change in carbohydrates (Leopold, 1980). During the time that 

inflorescence appearance was acceptable, leaves and stems showed little sign 

of senescence. Total carbohydrate levels of leaves and stems did not decrease 

as flowers senesced; indeed, stem carbohydrate content was extremely low 

(Fig. 4). It appears that in the post-production environment, inflorescences were 

not a strong enough sink to draw additional carbohydrates from leaves which 

maintained a low, but increasingly larger proportion of the total plant 

carbohydrate (Fig. 4). 

Our data show that a substantial amount of free sugar remained in the 

inflorescences at the onset of wilting and senescence (64 mg-g*1 dry weight at 

20 DPP). Therefore, the final decline in inflorescence appearance does not 

appear to be due to lack of respirable substrates. Substantial amounts of 

sugars are present in senescing carnation flowers (Tirosh and Mayak, 1988). 

This indicates that, for these flowers, carbohydrate substrate limitation perse is 

not the cause of the onset of senescence. It is possible, of course, that 

respirable carbohydrates are unavailable to tissues around them. We did not 

conduct a study to determine more detailed carbohydrate localization within the 

organs of the inflorescence. Since most carbohydrates are present as glucose 



and fructose, and these reducing sugars presumably cannot be translocated, 

the location of carbohydrate supply versus demand could be critical. 

Inflorescence development. During the time that plant appearance was 

acceptable, inflorescences contained the majority (a minimum of 54%) of total 

soluble carbohydrates in the plant. These were primarily reducing sugars. This 

is consistent with other studies showing that the sugar pool of aging flowers 

consists of mostly reducing sugars, not sucrose (Leshem et al., 1986; Mayak 

and Halevy, 1980). Ho and Nichols (1977) found that during the development 

of rose corollas, water and reducing sugars accumulate to a high extent, and 

these sugars likely arose from starch hydrolysis. Surprisingly, we noted an 

increase in starch content as flowers developed. A decline in flower starch 

content only occurred after the petal expansion phase. 

Oligosaccharides, mostly fructans, decreased in the first 16 DPP in flowers 

and stems, and to a smaller extent in leaves. The nature of the fructan pool 

changed as evidenced by a decrease in long-chain fructan (co-eluting with 

inulin from Dahlia tubers) and a concurrent increase in later eluting shorter 

chain length fructans (See Chapter 4). 

Fructans are nonstructural carbohydrates generally found in cool season 

grasses and in underground storage organs of certain dicots. Fructans are a 

series of homologous oligosaccharides of the formula G-F-(Fn) where G-F is a 

sucrosyl group and Fn is (n) number of fructose units. The number (n) is the 

degree of polymerization (DP). Fructans from members of the Compositae 

family are of the inulin group, having P-(2-»1 ')-Iinked fructose residues with 

DP's up to 35. Most fructans are distributed in plant tissues in a continuous 

series between 0 DP and the member of the highest molecular weight isolated 
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from that source (Edelman and Jefford, 1968). It has been suggested that 

fructans function in carbon storage, osmotic regulation, and cold protection. 

During the time of fructan breakdown in chrysanthemum inflorescences (0 

to 16 DPP), starch levels in the flower steadily increased. Fructan levels did not 

significantly change after 16 days, whereas starch levels decreased. This 

suggests an alternate use of starch and fructans as pools of available reserve 

carbohydrate. Fructans were broken down and utilized during growth and petal 

expansion, while starch was utilized during inflorescence senescence. A 

higher proportion of free fructose to glucose within the reducing sugar pool of 

flowers during petal expansion, which decreased with the onset of petal wilting, 

supports this idea. 

Low-DP fructans occur in abundant amounts in the growing regions of 

grass leaves, where cells are actively dividing and elongating (Volenec and 

Nelson, 1984), suggesting that fructans play an osmotic role in tissues where 

water is entering growing cells and causing enlargement. Likewise, fructan 

depolymerization has been correlated with cell expansion in developing onion 

cells (Darbyshire and Henry, 1978). The breakdown to lower DP fructans 

during chrysanthemum inflorescence development suggests a possible role of 

fructans as an osmoticum, causing an influx of water to drive petal expansion. 
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DIURNAL CHANGES IN CARBOHYDRATES OF CHRYSANTHEMUM 
LEAVES AND INFLORESCENCES 

3-1 Introduction 

Diurnal fluctuations in carbohydrate concentration are known to occur in 

green tissues (Sicher et al., 1984; Fondy et al., 1989; Serviates et a)., 1989a 

and b). Additionally, diurnal changes have been observed in flower petal 

expansion in cut roses, and this has been linked with carbohydrate levels in the 

petal tissues (Evans and Reid, 1988). We could find no information on diurnal 

fluctuations in intact flower petals of any species. 

Diurnal changes in carbohydrates have not yet been investigated in 

chrysanthemum leaves or flowers. As part of our study of carbohydrates in 

chrysanthemum plants, we compared carbohydrate levels in leaves of plants 

grown under two irradiance levels over a natural diurnal cycle. Changes in 

carbohydrates of chrysanthemum leaves and inflorescences were also 

observed over a diurnal period. 

We found that sucrose is present in significant quantities and exhibits 

diurnal changes in chrysanthemum leaf and flower tissues. We investigated its 

role as the translocated carbohydrate in chrysanthemum. While sucrose forms 

the bulk of translocated carbohydrates in many plants, sugar alcohols and 

members of the raffinose series of oligosaccharides are found in some plants in 

varying amounts (Arnold, 1968; Baker and Milburn, 1989). A study of 

photoassimilate partitioning and identification of translocated substances would 

be helpful in understanding the growth and productivity of chrysanthemums. 

Chelating agents such as ethylenediamine tetraacetic acid (EDTA) have been 
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reported to enhance exudation of solutes from cut petioles (Baker and Milburn, 

1989; King and Zeevaart, 1974). Therefore, we chose this method and 

identified sucrose as the translocated carbohydrate in chrysanthemum. 

3-2 Materials and Methods 

Plant Material. Rooted cuttings of Chrysanthemum morifolium 'Charm' or 

'Favor* chrysanthemums were planted on 18 Oct. 1989 and 9 Jan. 1990. 

Greenhouse conditions and plant growing procedures were as described in 

Chapter 2. 

Exp. 1. This experiment was conducted to identify possible translocated 

carbohydrate(s) in chrysanthemum. Fully expanded leaves were selected from 

the middle section of three week old plants of the cultivar 'Charm'. Leaves were 

cut from the plant while petioles were held under 10 mM EDTA adjusted to pH 

7.0 with NaOH. The leaves were immediately transferred to 5 ml beakers 

containing 3 ml of EDTA solution. Approximately 2 cm of the base of each 

petiole was submerged in the solution. Four replicates using two leaves each 

were prepared. The beakers and their contents were held in darkness at 23°C 

for the duration of the collection period. After 1,2,4,6,12 and 24 hr the leaves 

were transferred to 3 ml of fresh solution. Previous work indicated that mannitol 

was not present in chrysanthemum leaves or inflorescences in amounts 

detectable by HPLC. Therefore, an internal standard of mannitol (1.0 mg) was 

added to each replicate. The experiment was repeated using the cultivar 

'Favor*. 

Exp. 2. The objective of this experiment was to determine the effect of 

irradiance reduction on diurnal carbohydrate changes in chrysanthemum 
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leaves. 'Charm' chrysanthemums were grown under two levels of irradiance; 

ambient and shaded to 64% irradiance reduction, using black plastic shade 

cloth. Photosynthetic photon flux (PPF) was determined periodically during 

growth (at 1200hr) with a LICOR quantum flux meter. The full and reduced 

irradiance treatments averaged 218 jimol*s-1m-2 and 66 nmol-s-1m*2, 

respectively, on the date of harvest. This was a cloudy day, however, and we 

believe that the irradiance levels on clear days during the growth of the plants 

were likely to be at least twice that high. 

Plants were grown as standards, with three per 12.5 cm diameter (1.2-liter) 

plastic container and pots spaced approximately 30 cm apart. Plants were at 

the commercial harvest stage of development, having flower petals opened to 

within approximately 30% of perpendicular to the stem. At each of 10 time 

points over a 24 hour period on 16 to 17 Dec., six fully developed leaves (18 to 

23 leaves below the inflorescence) were harvested from each of 5 plants grown 

in both full irradiance and reduced irradiance. The day period was 

approximately 10.5 hours, from 07:10 through 17:44 hr, with the first harvest 

occuring at dawn. The leaves were weighed, immediately frozen in liquid 

nitrogen and stored at -70°C until freeze drying. After leaves were harvested, 

that plant was discarded. 

Exp. 3. The objective of this experiment was to determine if inflorescences 

show diurnal carbohydrate changes. Plants of the cultivar 'Favor* were grown 

three per 12.5 cm diameter (1.2-liter) plastic container. At the start of short days, 

plants were pinched to remove the apex and associated young leaves and 

subjected to natural short days. Approximately 3 weeks later, individual plants 

were pruned to 4 uniform shoots (12 shoots-pot-1, total). Lateral flower buds 



were removed as accessible. At each of 10 time points over a 24 hour period 

beginning at dawn on 12 March, one pre-selected inflorescence was removed 

from each of 5 pots. The inflorescences were developed to the point where the 

outer row of ray florets were approximately perpendicular to the pedicel. The 

inflorescences were severed at the base of the calyx and were not dissected 

further. At the same time, six fully developed leaves were harvested from the 

middle (10 to 12 leaves below the inflorescence) of each of the pots. Leaves 

and inflorescences were weighed and frozen as described above. The light 

period in this experiment was approximately 12 hours, from 06:35 (dawn) to 

18:30 (sundown). 

Carbohydrate Extraction and Analysis. The leaf and flower samples from 

experiments 2 and 3 were freeze dried, weighed, and then ground in a Wiley 

mill through a 20 mesh screen. All freeze dried samples were stored 

dessicated until extractions were made. Fifty mg of freeze dried tissue were 

loaded into pasteur pipets fitted with glass wool plugs and extracted with four 

1.5 ml volumes of 12 methanol: 5 chloroform : 3 water (by volume, MCW) for 

one hour each. Carbohydrate extracts from each experiment were passed over 

anion and cation exchange columns and evaporated to dryness. Starch 

concentration was determined via a glucose oxidase method following 

amyloglucosidase hydrolysis of the insoluble residue. Both procedures are 

described in Chapter 2. 

The experiments utilized a completely randomized design. Appropriate 

data analysis were conducted using CoStat (CoHort Software, Berkeley, CA). 
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3-3 Results 

Analysis by HPLC showed the presence of fructans, glucose, fructose 

and sucrose in chrysanthemum leaves and flowers. Another substance, eluting 

between glucose and fructose was present in small amounts (up to 6% of total 

carbohydrates). This unknown did not coelute with mannose, galactose, xylose 

or any oligosaccharide or polyol and did not show diurnal variation. 

Exp. 1. Many soluble carbohydrates were present in mature 

chrysanthemum leaves, as evidenced by multiple peaks on the HPLC 

chromatogram (Fig 5). However, the only sugar present in quantities 

measurable by HPLC in the EDTA exudate of chrysanthemum leaves was 

sucrose. Very small amounts of glucose and fructose appeared in the initial 

collections from some, but not all, of the replicates. These sugars totalled less 

than 4% of the total carbohydrates present in the exudate solution. 

Exp. 2. All soluble carbohydrates and starch accumulated to a higher 

extent in the leaves of plants grown under full irradiance than in those grown 

under reduced irradiance (Fig 6). Leaves in full or reduced irradiance showed 

clear diurnal variation in sucrose, starch and reducing sugars (glucose and 

fructose), but trends were less distinct in the shaded plants. Most carbohydrates 

increased during the first 8 hours of the light period, peaked or levelled off for 

the remainder of the light period, and then slowly decreased throughout the 

dark period. 

Total soluble carbohydrate (TSC; sum of fructans, sucrose, glucose, 

fructose and the unknown) increased in full irradiance plants from 45 mg g-1 dry 

weight to a maximum of 64 mgg*1 dry weight in the 8 hour sample, then 

immediately declined. In the reduced irradiance plants, TSC increased from 27 
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Figure 5. HPLC chromatogram of Chrysanthemum 'Charm' leaf extract (top) 
and EDTA exudate (bottom). Known peaks are marked : 
oligosaccharides (O); sucrose (S); glucose (G); fructose (F); 
mannitol (M, internal standard); unknown (U). 
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Figure 6. Changes in carbohydrate concentrations in chrysanthemum 
leaves over a 24 hour diurnal cycle from plants grown in (-o-) full 
or (-»-) reduced irradiance. Time 0 represents the first harvest, at 
dawn. TSC = sum of fructans, sucrose, glucose, fructose and the 
unknown. Values are means of 5 replicate leaf samples. Vertical 
bars represent LSD.os for each panel. The heavy bar on the 
abscissa = dark period (sundown through dawn). 
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to 34 mg g-1 dry weight at 8 hours and remained at that level through 12 hours. 

Fructans did not change significantly over the course of the experiment. 

Exp. 3. While leaves followed patterns of carbohydrate accumulation 

similar to those observed in Exp. 2, inflorescences exhibited no significant 

fluctuation in fructans, reducing sugars, TSC or total carbohydrates over the 

diurnal cycle (Figs 7 and 8). Sucrose and starch concentrations did vary 

slightly, but absolute quantities were small when compared to TSC. Reducing , 

sugars comprised about 89% of the TSC in inflorescences (Fig 8), accounting 

for 202 mg of the 227 mg g*1 dry weight at 12 hr. 

In contrast, leaf reducing sugars were very low, with sucrose relatively 

greater. Leaves showed distinct diurnal variation in sucrose and starch TSC 

concentration. 

3-4 Discussion 

Translocated sugars. Sucrose appears to be the only translocated sugar in 

chrysanthemums. The presence of a variety of sugars in the leaf but not in the 

collected EDTA exudate indicates that significant selectivity of exuded sugars 

occurred. Very small amounts of glucose and fructose were observed in the first 

exudate solution collected, but not consistently over each repetition. These 

sugars could have leaked into the collection solution from cells damaged during 

leaf removal. Alternatively, evidence of sucrose hydrolysis at the cut surface of 

pea and barley stems, resulting in small amounts of fructose and glucose in 

EDTA phloem exudates, has been presented (Hanson and Cohen, 1985; Tulley 

and Hanson, 1979) and is probably due to cell-wall located invertases (Faye 

and Ghorbel, 1983). The experiment was repeated with a different 

chrysanthemum cultivar and using different leaf ages, with similar 
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Figure 7. Changes in sucrose and starch concentrations in chrysanthemum 
inflorescences and leaves over a diurnal cycle. Values are means 
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results. This method proved satisfactory in a qualitative sense to identify 

sucrose as the translocated carbohydrate in chrysanthemum. 

Diurnal Changes in Leaves. Plants grown under high irradiance attained 

maximum concentrations of carbohydrates 8 hours after the start of the light 

period. Although 3 hours of light remained, concentrations immediately began 

to decline, indicating possible export of the stored sugars. Plants grown under 

the reduced irradiance also peaked in carbohydrate concentrations at 8 hours, 

but they maintained maximum concentrations through the 12 hour light period 

before carbohydrate levels began to show a decline. At this point, starch and 

sucrose depletion were offset by an increase in reducing sugars in the leaves, 

so that TSC and total carbohydrates were maintained at a high level until well 

into the dark period. 

Some plants accumulate mainly starch as a storage carbohydrate while 

others accumulate sucrose or a combination of starch and sucrose in various 

amounts. The presence of fructans as a possible storage carbohydrate in 

chrysanthemum further complicates the issue. Sugar beets are known to use 

starch as the main storage carbohydrate. Starch levels in sugar beet (Beta 

vulgaris L.) decline during the first and last two hours of light, with the onset of 

starch breakdown in the afternoon (Fondy and Geiger, 1985; Serviates et al., 

1989b). Sucrose levels remain relatively unchanged over the diurnal period. 

Spinach, which accumulates sucrose and starch in equal amounts, exhibits 

diurnal variation in both sucrose and starch concentrations (Serviates et al. 

1989a). Activity of sucrose phosphate synthase, an enzyme critical for sucrose 

synthesis has been shown to fluctuate diurnally in spinach leaf cells (Huber et 

al. 1984). 



44 

Chrysanthemum leaves appear to store primarily starch, since starch 

concentrations are 2 to 4 times as high as sucrose at any given time during the 

diurnal cycle. The diurnal variation in sucrose levels shows that it is used as a 

short term reserve carbohydrate as well. Fructans are present at levels about 

10-fold lower than starch, but the role of this oligosaccharide has not been well 

defined in chrysanthemum. 

Inflorescences. Inflorescence tissues contained mostly reducing sugars. 

Although sucrose and starch concentrations changed over the diurnal cycle, 

they represented such a small proportion (less than 15%) of the total 

carbohydrates in the inflorescence that they did not cause a significant increase 

in reducing sugar concentration or change the overall carbohydrate status of 

the inflorescence. Carbohydrates were linked to diurnal opening in roses 

(Evans and Reid, 1988). They saw no diurnal change in total carbohydrates in 

rose petals, but did see a decrease in starch concurrent with an increase in 

soluble sugars, while petals were undergoing their expansion phase. Petal 

expansion was thought to be due to a pulsed increase in concentrations of 

soluble sugars in the petal cells, presumably from the hydrolysis of starch. We 

did not measure petal expansion in chrysanthemum, nor did we measure petal 

carbohydrate concentration separately from other parts of the inflorescence. 

Fructans. There was no significant change in fructan levels in 

chrysanthemum leaves or inflorescences over the diurnal cycle in this study. 

Fructans have been shown to cycle diumally in other plants. Jerusalem 

artichoke, a member of the Compositae family like chrysanthemum, 

accumulates fructans in mature leaves during the day and remobilizes them at 

night to maintain translocation from the leaf (Pollack, 1986). This daily 
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fluctuation was not found in roots or other sinks. Sicher et al. (1984) studied 

barley primary leaves, which are sink tissues, and found that fructan was 

synthesized diurnally towards the end of the light period as rates of sucrose and 

starch synthesis decreased. 

Subsequent experiments (described in Chapter 4) have shown that 

quantitation by refractive index in the HPLC system used in this experiment was 

likely underestimating the quantity of fructans present by about 15%, and the 

MCW extraction method used may also have caused a considerable 

underestimation (up to 81 %) of the amount of fructans present in the tissues. It 

is therefore possible that a significant diurnal variation exists. If not, fructans 

may be playing another role in chrysanthemum leaves and inflorescences. This 

may include that of seasonal storage carbohydrate, as documented in 

Jerusalem artichoke tubers (Edelman and Jefford, 1968), bulbs such as iris 

(Pollack, 1986) and many cool season cereal grass species (Archbold, 1940; 

Nelson and Spollen,1987). Fructans may also function in osmotic adjustment, 

as is found in the growing regions of some grass leaves (Pollack and Jones, 

1979; Volenec and Nelson, 1984) and expanding onion cells (Darbyshire and 

Henry, 1978). 

Irradiance. This experiment clearly demonstrates the higher carbohydrate 

concentrations in chrysanthemums grown at higher irradiances. This is 

significant, since petal carbohydrate content is shown to increase with radiant 

flux intensity, and this in turn has been shown to have a direct correlation with 

lasting qualities in flowers (Salunkhe et al., 1989). Other studies with flowering 

pot plants have demonstrated that treatments maximizing carbohydrate levels in 

plants maximize the quality and longevity of the plants. Miller and Langhans 
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(1989) found that maximum shoot carbohydrate concentrations occurred in 

Easter Lily treatments with the greatest greenhouse irradiance, and suggested 

that maintenance of high leaf and bud carbohydrate concentration is of prime 

importance in determining finished plant quality in Easter lilies. Additionally, 

increasing light intensities resulted in better keeping quality in Begonia x 

cheimantha, with plants developing more flowers and buds (Fjeld, 1986). 
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CHAPTER 4 

ISOLATION AND CHARACTERIZATION OF FRUCTANS FROM 

CHRYSANTHEMUM 

' 4-1 Introduction 

Fructans, a series of nonstructural carbohydrates, are found in many grass 

species, in certain families of dicots, and in a range of fungi, bacteria and green 

algae. About ten higher plant families are known to contain fructans (Hendry, 

1987). The most economically important of these are the Graminae and the 

Compositae. The fructans of the dicotyledons are from the inulin group, which 

was the first fructan to be discovered and the one most thoroughly studied. 

Much of our knowledge of fructans comes from the detailed studies of inulin 

from the Jerusalem artichoke (Helianthus tuberosus), a Compositae family 

member. Hendry (1987) estimates that the family Compositae may have as 

many as 24,000 fructan-containing species, although this estimate assumes 

that all annual and perennial members of the family contain fructans. 

The amount of fructans found in different parts of the same plant can vary 

considerably. In most plants, small amounts of fructans are present in leaves 

and sometimes immature fruit. Larger quantities are found in storage tissues 

such as roots, bulbs, tubers and rhizomes. Fructans have been found in the 

inflorescence axis of iris while seeds are ripening, as well as in the seeds 

themselves {Archbold, 1940). Fructans have also been found in small 

quantities in the seeds of some grasses, but they are replaced by starch as the 

seed develops (Pollack, 1979). 
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The presence of fructans in any given plant shows no obvious correlation 

with the presence or absence of other reserve carbohydrates such as starch. 

Fructans largely replace starch in the vegetative tissues of some species in 

several families, including Compositae. In other families, such as Graminae, 

fructans are the major carbohydrate during early vegetative growth (Hendry, 

1987). Fructans and starch may accumulate in the same tissue (Smith, 1973). 

In Jerusalem artichoke, leaves accumulate starch almost exclusively, while 

tubers accumulate fructans (Edelman and Jefford, 1968). Fructan storage is not 

necessarily an alternative to starch, but rather a compliment to the storage of 

starch as a reserve carbohydrate. 

Generally, fructans accumulate when sucrose supply exceeds demand 

(Nelson and Spollen, 1987). High irradiance and/or low temperature favor 

fructan accumulation in tissues (Labhardt et al., 1983). 

Structural and Physical Properties of Fructans in Compositae 

Fructans are a series of homologous oligosaccharides of the formula G-

F-(Fn) where G-F is a sucrosyl group and Fn is (n) number of fructose units. The 

number of fructose units (also called the degree of polymerization, or DP) can 

range from one to about 10 in onion, to over 250 in some grass species. The 

fructans are further classified by the type of linkages found between the glucosyl 

group and the fructose units. Fructans from members of the Compositae family 

have been studied in some detail. They are members of the inulin group, 

having (2->1')-p-linked fructose units with maximum DP's of around 35 

(Edelman and Jefford, 1968; Pontis and Del Campillo, 1985). The structure of 

fructans belonging to the inulin group is shown in Figure 9. 
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Figure 9. Chemical stmcture of the inulin series of fructans. DP's typically 
range from one to 35. 
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In any given species, polymers of different molecular structure and 

molecular weight are present. Most fructans are distributed in plant tissues in a 

continuous series between a fructosylsucrose and the member of the highest 

molecular weight isolated from that source (Edelman and Jeffond, 1968; Pontis 

and Del Campillo, 1985). The larger homologs are difficult to separate from 

each other because of their similar physical properties. As DP increases, each 

additional fructose unit contributes a smaller proportion to the total molecular 

weight of the polymer, making high DP fructans especially difficult to separate. 

Other properties of fructans include high solubility in hot water but varying 

solubility in cold water, and insolubility in absolute ethanol. Fructans are 

nonreducing. They are very susceptible to hydrolysis by acid. Although the DP 

can vary between species and even within species at different times in the life-

cycle of the plant, the DP's of fructans are still quite low when compared to 

starch. 

The Role of Fructans in Plant Tissue 

It has been suggested that fructans function in carbon storage, osmotic 

regulation, and cold protection (Pontis and Del Campillo, 1985; Pollack, 1986; 

Nelson and Spollen, 1987). The best understood role of fructans is as a 

storage carbohydrate. 

The role of fructans as a reserve carbohydrate is demonstrated by the 

accumulation of fructans on a seasonal basis in the roots, tubers or other 

storage organs of Compositae family members such as Jerusalem artichoke 

(Helianthus tuberosus), dahlia (Dahlia variabilis) and dandelion (Taraxacum 

officinale). This accumulation occurs prior to the dormant season. Data 
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indicate that under normal growth conditions, fructans continue to increase in 

the storage organs until stem elongation is complete. Subsequently, the 

amount falls as total sugars decline, and this coincides with seed development 

(Pollack, 1986). Rutherford and Deacon (1974) observed a decrease in longer 

chain length fructans with a concurrent increase in shorter chain fructans and 

reducing sugars in dandelion roots in the spring, representing the 

depolymerization and mobilization of fructans to provide for shoot growth and 

flowering. 

In Jerusalem artichoke, on a daily cycle, mature leaves accumulate fructans 

during the day and remobilize them at night to maintain translocation from the 

leaf. This daily fluctuation is not found in roots or other sinks (Pollack, 1986). 

Cooi season cereal grasses contain iarge amounts of fructans as a major 

carbohydrate stored in the culm (up to 25% of dry weight). Much of these 

fructans are remobilized during rapid growth of the kernals, when current 

photosynthetic supply cannot meet the carbohydrate requirements of the plant. 

Up to 75% of the maximum fructans stored by the plant may be used up by 

harvest. (Archibold, 1940; Nelson and Spollen, 1987) 

Fructans are considered to be primarily reserve carbohydrates, but may 

also play a role in osmotic adjustment. Decreases in DP have been shown to 

occur without change in net carbohydrate levels, indicating an increase in the 

amount of smaller size fructans at the expense of larger ones (Edelman and 

Jefford, 1968). Because fructans are present in cells as solutes, rapid changes 

in molecular size and number could induce rapid changes in vacuolar osmotic 

pressure and therefore may alter turgor pressure. Low-DP fructans occur in 

abundant amounts in the growing regions of grass leaves, where cells are 
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actively dividing and elongating (Volenec and Nelson, 1984), suggesting that 

they play an osmotic role in the tissues where water is entering and causing 

enlargement. Nelson and Spollen (1987) found that fructans contributed 0.2 

MPa to the osmotic pressure in expanding cells in the growing region of grass 

plants. Likewise, fructan depolymerization has been correlated with cell 

expansion in developing onion cells (Darbyshire and Henry, 1978). 

The unique ability to depotymerize to fructose seems to play a role in 

increasing resistance to frost injury and to contribute to cold tolerance in cool 

season grasses, possibly by increasing the amount of sugars in the cell or by 

increasing the cell water potential. Because of their possible contribution to 

cold protection, frost tolerance and protection from desiccation, fructans have 

been referred to as 'osmotic buffers' (Pontis and Del Campillo, 1985). 

Conversely, the ability to polymerize sucrose may facilitate phloem unloading 

by helping to maintain a sucrose gradient between the phloem and surrounding 

tissue (Hendrix, 1986). 

4-2 Identification and Quantitative Experiments 

Hydrolysis Experiments 

The purpose of these experiments was to identify early eluting peaks on 

chrysanthemum HPLC chromatograms from previous experiments (Chapters 2 

and 3). These peaks were showing up between 5.86 and 7.2 minutes, relative 

to sucrose at 8.3, indicating that the unknown was likely a poly- or 

oligosaccharide. We injected inulin from Dahlia roots (a member of the 

Compositae family; DP approx. 30) into the HPLC system and found that it co-
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eluted with the earliest and most abundant unknown. We hypothesized that 

slightly later eluting substances could be shorter-chain length fructans. 

Fructans are readily hydrolyzed into their component fructose and glucose 

units by exposure to weak acid. We used this characteristic to identify our 

unknown substance as fructans. Carbohydrates were extracted from freeze 

dried chrysanthemum bud tissue using the MCW process described in Chapter 

2. To acid hydrolyze the extract, we first adjusted the extract solution to 0.1 N 

H2S04. The solution was placed in a boiling water bath for 20 minutes, cooled, 

and neutralized to pH 7 with 1.0 N NaOH. Hydrolyzed and unhydrolyzed 

aliquots of each extract were analyzed by HPLC. Upon hydrolysis, the 

unknown peaks were greatly reduced, with a concurrent increase in fructose 

and, to a smaller extent, glucose (Fig.10). This confirmed our suspicion that the 

unknown early eluting peaks were fructans. 

To test the accuracy of the hydrolysis an experiment was conducted to 

determine if the decrease in the quantity of the unknown (suspected fructans) 

peak could be accounted for by a corresponding increase in quantities of 

fructose and glucose. Hydrolysis experiments on water extracts of flower bud 

and root tissue, following extraction in 85% EtOH, showed that less than 10% of 

the fructans remained unhydrolyzed after 20 minutes of hydrolysis in a boiling 

water bath. The total sugars in the tissues after hydrolysis accounted for 92-

98% of the total sugars without the hydrolysis, as determined by the total area 

under the HPLC chromatogram. Decreases ccurred in fructans and sometimes 

sucrose, and these decreases were quantitatively accounted for by increases in 

fructose and glucose. 

It appeared possible that a longer time in the boiling water bath would give 
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Figure 10. HPLC chromatogram of chrysanthemum bud extract before (top) 
and after (bottom) acid hydrolysis. Known peaks are marked: 
Fructans (O), sucrose (S), glucose (G), fructose (F), and mannitol 
(M, internal standard). 
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more complete hydrolysis of fructans and sucrose. To address this question, 

carbohydrate extracts from chrysanthemum flower bud tissues were hydrolyzed 

for 30, 45, and 60 minutes in a boiling water bath. The ideal length of time for 

hydrolysis was 45 minutes, with an average of 3.8% of the fructans remaining 

after the hydrolysis. Less complete hydrolysis occurred at 30 minutes. There 

was no gain in efficiency from the additional 15 minutes in extracts hydrolyzed 

for 60 minutes. 

Extraction Methods 

Ethanol vs MCW. The purpose of this experiment was to determine if the 

methanol:chloroform:water (12:5:3; MCW) method used previously (Chapters 2 

and 3) was an acceptable method of extracting fructans from chrysanthemum 

tissue. MCW is a good solution for extracting most soluble sugars found in plant 

tissues. In the literature, however, ethanol followed by water was described as 

the ideal extracting method for fructans, with the most effective concentration of 

ethanol dependant on the DP of the fructans in the sample. Typically, EtOH 

concentrations between 80 and 95% are used, 80% ethanol being used in the 

absence of low DP fructans (Pontis and Del Campillo, 1987). The EtOH is used 

to extract other soluble sugars; a subsequent water extract of the tissue residue 

yields the fructans. If low DP fructans are present, the alcohol extract may be 

combined with the subsequent water extract, in which case the problem 

becomes identifying fructans in the presence of other sugars. It is difficult to 

achieve complete extraction of sugars without removing some fructan, and 

likewise to attain pure fructans solutions free from sucrose yet representative of 

the size and distribution of the native polymers (Pollack, 1984). 
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We extracted fructans from chrysanthemum bud, leaf, stem and root tissue 

using 85% ethanol followed by an H2O extract and compared this to what we 

got with an MCW extract. Three repetitions of each tissue type were prepared. 

Fifty mg of each tissue was extracted three times each using 2 ml of EtOH or 

MCW per extraction. The alcohol extracts were saved for analysis. The tissue 

residues from the EtOH extraction were then extracted three times each with 2 

ml room temperature glass distilled water. The water extracts were saved for 

analysis. An internal standard of mannitol (1 mg) was added to each of the 

alcohol and water extract solutions. The MCW extracts were partitioned by 

adding 5.0 ml distilled water and centrifuging on a bench top centrifuge; the 

upper aqueous phase was used for analysis. All extracts were prepared for 

HPLC analysis by passing them over anion and cation exchange columns and 

concentrated by evaporation under vacuum to dryness. The carbohydrates 

were dissolved in HPLC water, filtered through a 45jim filter to remove 

particulate matter and for degassing, and analyzed by HPLC using an isocratic 

system (water as eluent) with a Bio-RAD HPX 87C analytical HPLC column and 

a refractive index detector. 

Peaks eluting between 5.94 and 7.26 minutes on the HPLC chromatograms 

were considered to be fructan peaks. More total fructans were obtained from 

the ethanol plus water extraction than from the MCW extraction (Table 2). Some 

fructans were removed by the EtOH, with considerably more removed in the 

following water extraction of the residue. The combination of the EtOH extract 

and a subsequent water extraction was most effective in removing fructans from 

the tissue. The MCW method of extraction was shown to underestimate the 
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actual amount of fructans present by 45 to 81 %, when compared to the EtOH 

and water method (Table 11). 

Some fructans were removed by the EtOH. In addition, sucrose and some 

reducing sugars remained in the tissue residue after extraction with the EtOH 

and these were removed by the water extract. We were getting a mixture of 

sugars in both EtOH and water extract solutions. Although we found EtOH 

followed by water to be a good method of extracting fructaris from 

chrysanthemum tissue, we had not yet found an effective way of separating 

fructans from other sugars. 

Ethanol concentration. Inulin is reportedly nearly insoluble in cold water 

(Bacon and Edelman, 1951). In fact, fructans sometime precipitate out if 

extracting solutions are refrigerated or even left at room temperature for 

extended periods of time. We therefore attempted to extract fructans with hot 

water in order to possibly increase the solubility of the fructans and achieve 

maximum quantities in the extracting solution. In addition we attempted to find 

the ideal concentration of ethanol for the extraction of fructans from 

chrysanthemum. 

Fifty mg samples of identical leaf or flower bud tissues were extracted with 

80, 90 or 95% EtOH. The tissues were extracted 3 times for an hour each, using 

2 ml of EtOH per extraction. These alcohol extracts were saved for analysis. 

The tissue residues were then extracted with either hot (60°C) or room 

temperature glass distilled water, three times each using 2 ml of water, followed 

by a final washing with 2 additional 1 ml increments. An internal standard of 

mannitol (1 mg) was added to each of the alcohol and water extracts. The 
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Table 2. Fructans extracted from chrysanthemum flower buds, leaves, stems or 
roots by 12 methanol: 5 chloroform: 1 water (MCW) or by 85% ethanol followed 
by water. Units are mg/g dry wt. Quantities were based on HPLC analysis 
using mannitol as an internal standard and are the mean of three samples ± 
standard deviation. Fructans were defined by those peaks eluting between 
5.94 and 7.26 minutes on the HPLC chromatograms. 

Flower Bud Leaf Stem Root 

MCW 

EtOH 
+ Water 

31 ± 4 

18 ± 4 

93 ± 9 

6 ± 1 

4 ± 0 
32 ±1 

24 ±1 

1 0 ± 1  
57 ±2 

49 ±9 

24 ±0 

65 ±19 

Total 111 ±12 36± 1 68±0 89 ±20 

% error using 72 81 64 45 

MCW method 
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extracts were prepared for HPLC analysis by passing them over a column of 

Dowex 50 H+ resin layered over Amberlite IRA-68 anion exchange resin and 

concentrated by evaporation under a vacuum. Results from HPLC analysis are 

presented below and in Table 3. 

Fructans and other soluble sugars were removed by both the alcohol and 

the water portions of the extraction process. Of the three alcohol 

concentrations, 80% ethanol was most efficient at extracting fructans from both 

leaves and flower buds. However, in the combined EtOH and water extracts 

(Table 3), 80% EtOH followed by hot water was most effective, while 90% EtOH 

was most effective if room temperature water was used. Less fructans and more 

other sugars (sucrose, glucose and fructose), were extracted with the 95% EtOH 

plus water. 

One complication to isolating fructans is the possibility of fructan hydrolysis 

during extraction or purification. Bancal and Gaudillere (1989) warn that care 

must be taken to avoid two potential problems during the desalting treatment: 

Polymer hydrolysis in the acid effluent from cation exchange column (Dowex 50 

H+ resin) and loss or modification of carbohydrates on strong anion exchange 

resin. In our experiments, the effluent from the cation exchange resin fell 

directly on the anion exchange resin in the acetate form in order to minimize 

these effects. The use of hot water in this experiment, however, seemed to be a 

disadvantage since it encouraged the extraction of a gelatinous substance. 

This substance prevented timely elution of the extract solution through anion 

and cation exchange columns, resulting in the potential hydrolysis of fructans 

during the desalting process. Because of this, future extractions were made 

using glass distilled water at room temperature. 
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Table 3. Quantities of fructans and ether soluble sugars extracted by 80, 90 
and 95% EtOH followed by either hot water {60°C) or room temperature water 
(23°C). Quantities are expressed as mgg dry wt*1, as determined from the 
combined alcohol and water extracts. Other sugars include sucrose, glucose 
and fructose. Data are from one replication. 

80% EtQH 90% EtOH 95% EtOH 

Other Other Other 
Fructans Sugars Fructans Sugars Fructans Sugars 

Leaf tissue, 
23°C water 39 51 40 50 34 52 

Leaf tissue, 
60°C water 43 48 38 48 34 45 

Flower tissue, 
23°C water 41 61 43 66 41 60 

Flower tissue, 
60°C water 46 55 44 59 42 74 



HPLC Analysis and Quantitation of Fructans 

The purpose of this experiment was to determine if the HPLC system was 

accurately reporting the quantity of fructans present in each sample. To 

separate soluble sugars, we used a Bio-Rad HPX-87C analytical column 

maintained at 85C with a column heater. Detection was via a refractive index 

detector (Knauer 198, Rainin Inst. Co., Wobum MA). The quantities detected 

were reported as peak area determined by a Hewlett Packard 3390A integrator. 

Retention times were determined for each carbohydrate using known 

standards. 

Quantities of individual sugars were determined by adding a 1 mg mannito! 

internal standard to each sample prior to injection into the HPLC system, and 

using a proportion between the peak areas of the other sugars relative the the 

peak area of the mannitol standard. This works if each carbohydrate is detected 

equally by the refractive index detector, as is the case with the 

monosaccharides, disaccharides and smaller polysaccharides commonly found 

in plant tissue. However, it was not known if an oligosaccharide such as long-

chain length fructans would be detected with accuracy using this particular 

system. 

Three replicate samples of four sugars and three inulins (sucrose, fructose, 

glucose, mannitol and inulins from dahlias, Jerusalem artichokes and chicory; 

all from Sigma Chemical Co.) were prepared with the exact concentration of 1 

rng ml*1 and injected into the HPLC system. If the carbohydrates are detected 

equally, the peak area for each should be exactly the same. Results are 

presented in Table 3. 
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There was no statistical difference between the peak areas of the sucrose, 

glucose, fructose and mannitol. The three inulins were detected in significantly 

lower quantities than the mannitol, as well as other sugars, even though 

identical quantities of each carbohydrate were applied to the column. This 

shows that detection by refractive index is underestimating the quantity of 

fructans present. Using the average of the three inulins, the detector was 

underestimating the amount of fructans present by about 18%, relative to the 

mannitol internal standard. 

The difference in detection within the three inulin types likely reflects the 

different DP's of the fructans polymers making up each inulin sample. Since 

fructans are found as a series of homologs in any given tissue, an abundance of 

fructans at one DP or another could influence the way that each inulin sample is 

detected. Although it was difficult to draw conclusions from our HPLC 

chromatograms, our HPLC separation appeared to hint at a range of fructan 

polymers in varying amounts, with varying degrees of polymerization (DP), 

which changed over time in any given tissue. 

4-3 Separation of Fructans by Gel Filtration 

Introduction 

Because of their extremely similar physical properties, it is difficult to 

separate longer fructan polymers from each other although separation from 

from other small soluble carbohydrates in a plant extract is easy. Several 

methods of separation of fructans have been tried. Among these are paper and 

thin layer chromatography (Bacon and Edelman, 1951; Rutherford and Deacon, 
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Table 4. Peak area of exactly 1 mg ml-1 of each carbohydrate injected into the 
HPLC system. The peak areas are the means of three replicate samples of 
each carbohydrate. 

Carbohydrate Peak Area* 

Sucrose 755,000 a 

Fructose 752,000 a 

Glucose 735,000 a 

Mannitol 768,000 a 

Inulin: Chicory 658,000 b 

Jerusalem artichoke 625,000 be 

Dahlia 597,000 c 

Average of Inulins 627,000 

zMean separation by Duncans multiple range test, 5% level. 
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1974), HPLC (Bancal and Gaudillere, 1989), and gel filtration (Pontis 1968; 

Darbyshire and Henry, 1978). 

Bancal and Gaudillere (1989) used one or two C-18 columns in series to 

separate fructans with DP's up to 6-8. This system separates by molecular 

weight and also by the the glycosidic linkage between the fructose moieties. 

With this system, it was observed that although fructan species generally had an 

increasing retention time as their molecular weight increased, the structure of 

the compounds dramatically affected their retention time. For example, the 

trisaccharide 6-kestose eluted earlier than sucrose while other fructan 

trisaccharides (1-kestose and neokestose) eluted later than sucrose. 

Gel filtration is often used for the purification and separation of 

polysaccharides and other macromolecules. As a solute passes through the 

chromatographic bed, its movement depends upon the flow of the eluent, or the 

mobile phase, and the diffusion of the solute molecules into and out of the gel or 

stationary phase. The separation in gel filtration depends on the different 

abilities of the various sample molecules to enter the pores which are contained 

in the stationary phase. Very large molecules, which never enter the stationary 

phase, move through the column fastest. Smaller molecules, which can enter 

the gel pores, move more slowly through the column, since they spend a portion 

of their time within the stationary phase. 

The gel filtration media is neutral, stable and inert. Molecules are, 

therefore, eluted solely on the basis of decreasing molecular size. Molecular 

size can then be estimated from the elution pattern relative to markers of known 

relative molecular weight. 
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Fructan polymers from members of the Compositae family characteristically 

form a series that starts with sucrose, which has a molecular weight of 342, and 

goes to inulin, having molecular weights in excess of 5,000. One member 

differs from the next by only one fructosyl unit. As DP increases, the one 

fructose unit contributes a smaller proportion to the total molecular weight of the 

polymer, making high DP fructans especially difficult to separate. Separation of 

some members of the series can be accomplished by ge! filtration. Bio-Gel P-2, 

a polyacrylamide gel, has been used to separate the lower members of the 

series up to n = 6 (Pontis, 1967) or n=10 (Darbyshire and Hendry, 1978). We 

used Bio-Gel P-4 to separate the larger fructan molecules from 

chrysanthemums, as this gel reportedly separates molecules of molecular 

weights of 800 to 4,000. 

Column Preparation and Calibration 

A 1.5 X 110 cm column of Bio-Gel P-4, 200-400 mesh (Bio-Rad 

Laboratories) was prepared by pouring a suspension of the gel in glass distilled 

water into the column. The column was packed by gravity for several hours. A 

flow adapter was added to the column, and then the bed was washed with glass 

distilled water overnight. Blue Dextran 2000 at a concentration of 2 mg-mM was 

applied to the column, with glass distilled water as the eluant, to check the 

homogeneity of the bed and to determine the void volume of the column. 

A sample of 5 mg of fructans extracted from dahlia tubers (Sigma 1-3754) 

dissolved in 2 ml water was applied to the column. The sample was washed 

into the gel bed with glass distilled water as the eluent. Fractions of 2.8 ml were 

collected over an 8 hour period at a rate of 0.48 ml-mkr1. Fractions were 
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hydrolyzed as described previously, then analyzed for their reducing sugar 

content by Nelson's copper reagent method (Soothgate, 1976). Absorbance 

was plotted as a function of elution volume {Figure 11). Inulins from chicory and 

Jerusalem artichoke were applied in the same manner, as were sucrose, 

glucose and fructose standard solutions. The column was washed for a 

minimum of 8 hours with glass distilled water between samples. 

From these experiments, we learned that the void volume of the column 

was 58 ml. The mono- and disaccharides, all having molecular weights less 

than 800, eluted out as a large peak beginning at 168 ml (Figure 11). The 

various inulins peaked at 81 ml for dahlia (peak range = 58-106 ml), 92 ml for 

chicory (78-115 ml), and 86 ml for Jerusalem artichoke (78-123 ml). 

Differences in the elution volumes for the three types of inulins reflect 

different DP's of the fructans polymers making up each sample. Long-chain 

inulins having DP's of 30 to 35 have molecular weights in excess of 4,000 and 

therefore should elute out immediately after the void volume. Short chain 

fructans up to DP's of 5 to 6 (molecular weight less than 800) should elute out 

with the mono- and disaccharides, while intermediate fructans would be found 

in the fractions between 58 and 168 ml. 

Separation of Fructan from Postproduction Tissue 

In the postproduction experiment (Chapter 2) we observed that fructan levels 

decreased in chrysanthemum inflorescence tissue as petals expanded. During 

this time, starch levels in the inflorescence increased. At the end of petal 

expansion, fructan levels remained constant while starch levels decreased. 

This suggested the alternate use of fructans and starch as pools of reserve 
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Figure 11. Relative elution volumes of inulin from dahlia (D), Jerusalem 
artichoke (J), and chicory (C) plus sucrose (S), glucose (G) and 
fructose (F) on Bio-Gel P-4 column. 
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carbohydrate during floral development. 

In the same experiment, fresh weight of inflorescences during petal 

expansion increased, while dry weight stayed the same (Figure 2). This 

indicated that the increase in petal size was likely due to cell expansion rather 

than an increase in the number of cells in the petal tissue. Changes in retention 

time of fructans on HPLC chromatograms hinted at the breakdown of high DP 

fructans to lower DP polymers and reducing sugars as petal expansion 

occurred. Ho and Nichols (1977) suggest that a major function of low molecular 

weight carbohydrates in petal tissue is to lower osmotic potential in petal cells, 

thereby promoting an influx of water to drive petal expansion. Fructans have 

been credited with promoting cell expansion in the growing regions of grass 

plants (Volenec and Nelson, 1984) and onion cells (Darbyshire and Henry, 

1978) by depolymerization to lower molecular weight sugars. We hypothesized 

that fructans might contribute to the osmotic potential of expanding 

chrysanthemum petal cells. To test this theory, we first attempted to confirm the 

decrease in DP of fructans from chrysanthemum inflorescences during the 

course of petal expansion. This was accomplished by gel filtration. 

Inflorescence tissues from days 0, 4, 8 and 12 of the postproduction 

experiment (described in Chapter 2) were used. Using HPLC chromatograms, 

calculations were made to determine the quantity of each tissue needed to 

extract approximately 1 mg of fructans from each sample. The tissues were 

extracted three times each with 2 ml 85% EtOH. The tissue residues were then 

extracted three times each with 2 ml of glass distilled water. The alcohol and 

water extracts were combined, passed over anion and cation columns, 
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evaporated to dryness, then dissolved in 2.5 ml HPLC water. The samples 

were filtered through a 45pim membrane filter and applied to the Bio-Gel P4 

column described previously, with glass distilled water as the eluant. Fractions 

of 2.8 ml were collected over an 8 hour period at a rate of 0.48 ml-min-1. 

Fractions were hydrolyzed, then analyzed for reducing sugar content by 

Nelsons' method. Absorbance at 520 nm was plotted against eiution volume for 

each sample (Figure 12). 

The first harvest (0 days) occurred when plants were moved from the 

greenhouse environment to the postharvest room. At this time, petals had 

elongated and showed color, with 8 to 10 rows of ray florets open (Figure 1.0). 

At this relatively early stage in inflorescence development, high DP fructans 

were present, as evidenced by early eiution volume of fructans in Figure 14. At 

8 days postproduction (Figure 1.1), high DP fructans are replaced by medium 

chain-length polymers and some shorter polymers. These 'shorter* polymers 

possibly approach DP's of around 6, since they elute just prior to the combined 

glucose, fructose and sucrose peak that may also contain fructans with 

molecular weights of less than 800. By 12 days postproduction (Figure 1.2), 

virtually all long-chain polymers appear to have been broken down to smaller 

polymers. 

It appears that long-chain fructans are being replaced by shorter polymers 

as petals expand in the chrysanthemum inflorescence. Without applying 

marker substances of known molecular weight to the column, it is not possible 

to identify the exact DP of the fructans at each stage of development. 
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Figure 12. Elution volume of fructans extracted from chrysanthemum 
inflorescences at 0, 8 and 12 days postproduction. 
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Separation of Fructans during Inflorescence Development 

Chrysanthemum inflorescences are complex, consisting of petals, 

androecium, gynoecium and a capitulum containing photosynthetic tissue. 

Because of this, observation of the carbohydrate changes of the inflorescence 

as a whole might be misleading. In cut roses, Evans and Reid (1988) noted a 

difference in carbohydrates between expanding and nonexpanding petal tissue 

from the same rose corolla, and even a gradient of starch and soluble sugars 

within the same petal. We decided to take a closer look at petal tissue separate 

from the remaining parts of the inflorescence, in order to determine if the 

changes in fructans observed in inflorescence tissue were occuring in the 

petals. 

Materials and Methods. On 1 May, 1990, three 'Favor* chrysanthemum rooted 

cuttings were planted in 15 cm pots and grown as an unpinched crop. Growing 

conditions were similar the those reported in chapter 2. Plants remained in the 

greenhouse through harvest. Beginning on 10 July, and every 5 days 

afterwards, the three inflorescences from each of three pots were harvested. 

Each pot was one repetition. At the first harvest, the flower buds showed color, 

and the outer row of petals was approximately 2 cm long, although the petals 

had not yet begun to reflex. The inflorescences were severed at the base of the 

calyx. They were immediately dissected into petals and 'other1 parts, which 

included the capitulum and reproductive structures. All tissues were weighed, 

immediately frozen in liquid nitrogen and stored at -70C until freeze drying. Dry 

tissue was weighed, ground and stored dessicated until extractions were made. 

Fifty mg of tissue were extracted first with 85% EtOH, followed by glass distilled 

water. The alcohol and water extracts were combined, passed over anion and 
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cation exchange columns, evaporated to dryness, then dissolved in HPLC 

water. Soluble carbohydrates were analyzed by HPLC to determine the identity 

and quantity of carbohydrates in each sample. 

Using HPLC data, the quantity of tissue required to obtain 2 mg of fructans 

from each petal tissue sample was determined. The tissues were extracted 

three times each with 2 ml 85% EtOH. The tissue residues were then extracted 

three times each with 2 ml of glass distilled water. The alcohol and water 

extracts were combined, passed over anion and cation columns, evaporated to 

dryness, then dissolved in 2.5 ml HPLC water. The samples were filtered 

through a 45mm membrane filter and applied to the Bio-Gel P4 column as 

described previously. Fractions were hydrolyzed and analyzed. 

Results and Discussion. The end of petal expansion occurred at 25 days after 

the first harvest. This is reflected by decreases in both fresh and dry weights 

beginning at 25 days (Figure 13). Unlike the postproduction experiment 

(Chapter 2), which tracked carbohydrate changes in plants removed from the 

greenhouse, dry weight as well as fresh weight increased in inflorescence 

tissue during petal expansion. The vast majority of the increase occurred in the 

petals. This is in keeping with the findings of Ho and Nichols (1977), who saw 

increases in both fresh and dry weight, as well as carbohydrate levels, of 

greenhouse grown roses during petal expansion. However, Rutland and 

Seawright (1973) reported increases in petal fresh weight, but decreases in dry 

weight, during petal expansion in greenhouse grown chrysanthemum plants. 

At the first harvest, 37% of total soluble carbohydrate in 'other* tissues were 

fructans (Figure 14). This decreased slowly over the course of the experiment 

to about 19% by the last harvest. Sucrose levels decreased slowly over the 
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Figure 13.Fresh weight (A) and dry weight (B) of chrysanthemum petals and 
other inflorescence parts. 
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course of the experiment as well, but an increase in reducing sugars caused an 

overall increase in soluble carbohydrates through day 25. Starch levels 

remained constant between 33 and 38 mg g-1 dry wt (data not shown). 

Petal tissue initially contained 27% of soluble sugars in the form of fructans. 

The proportion of fructans decreased rapidly as large increases in reducing 

sugars occurred, coupled with a decrease in fructans (Figure 14). By the end of 

petal expansion (day 25), the amount of fructans in petal tissue had decreased 

from 18.5 to 4.8 mg g-1 dry wt, which was only 1.4% of the total soluble 

carbohydrate. During most of the experiment, petal tissue contained primarily 

reducing sugars, with relatively little fructans or sucrose. Petal starch content did 

not change significantly over the course of the experiment, falling between 33 

and 36 rngg*1 dry wt. 

Separation of fructans polymers indicates a decrease in the DP of fructans 

in petal tissue from day 0 through day 20 (Figure 15). Because 1 mg of fructans 

was applied to the column in each sample, the absence of early eluting peaks 

at 20 days suggests two possibilities: the presence of fructans with DP's of 6 or 

less (eluting with sucrose and reducing sugars), or hydrolysis of fructans in the 

sample prior to application to the column. 

4-4 Fructan Conclusions 

1. Fructans are present in inflorescences and in petal tissues of 

chrysanthemum. We could find no previous reports of fructans in petals of 

any species. 

2. Ethanol, followed by room temperature water, appears to be the most 
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efficient method of extracting fructans from chrysanthemum tissue. Results 

based on MCW extracts of plant tissue may be under-representing the 

amount of fructans present. Additionally, quantitation based on HPLC 

analysis in the system we used may be underestimating the amount of 

fructans present in an axtract solution. 

3. Quantities of fructans decrease in inflorescences, and in petals, as 

chrysanthemum flowers develop. 

4. It appears that long-chain fructans are being replaced by lower DP 

polymers in chrysanthemum petals and inflorescences as petals expand. 

5. Fructans are likely serving as a reserve carbohydrate in inflorescence 

tissue. Depolymerization of long-chain fructans would allow remobilization 

of fructans to support rapid growth of inflorescences during petal expansion. 

6. Because of the relative quantities of fructans to reducing sugars already 

present in petal tissue, and because of low absolute quantities, it is unlikely 

that fructans make a significant contribution to the osmotic potential of 

expanding petal cells. By our calculations, the amount of fructans present in 

petal tissue at day 0, if completely utilized by the plant, would contribute less 

than .05 MPa to the osmotic potential of petal cells. 
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