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ABSTRACT 

 

Poly(ADP-ribosyl)ation is a reversible post-translational modification of 

histones and nuclear proteins rapidly stimulated by DNA damage. Its 

homeostasis is a dynamic process regulated by the synthesizing enzymes 

poly(ADP-ribose) polymerases (PARPs) and the degrading enzyme poly(ADP-

ribose) glycohydrolase (PARG). PARP-1, the first-discovered and major PARP, 

has been the focus of many studies aimed at clarifying the biological function of 

poly(ADP-ribose) (PAR). This abundant nuclear enzyme plays key roles in a 

variety of cellular processes, including the regulation of chromatin structure, 

transcription and genomic integrity. Its multifunctionality has made it an attractive 

and potential target for therapy, as evidenced by the numerous PARP-1 inhibitors 

currently undergoing clinical trials. The transient nature of PAR, explained by the 

close coordination between PARP-1 and PARG, has also highlighted the 

potential of targeting PARG for diseases of inappropriate cell death. A number of 

obstacles, however, have prevented PARG from being studied as extensively as 

PARP-1. The extreme sensitivity of PARG to proteases and its insolubility at high 

concentrations have limited structure-activity relationship analyses and structural 

studies of PARG, and the unavailability of high-throughput activity assays has 

stalled the discovery and development of specific and cell permeable PARG 

inhibitors, subsequently slowing down the validation of PARG as a therapeutic 

target. The work presented in this dissertation describes in detail strategies 
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devised to overcome these difficulties. First, a novel colorimetric high-throughput 

assay for PARG was evaluated and its sensitivity and precision were compared 

to a widely-used radiolabelling assay. Second, several expression and 

purification systems were constructed in order to obtain high quantities of soluble 

human PARG protein adequate for in vitro structural studies. The efficacy of 

these strategies was demonstrated in structure-activity analyses of PARG which 

led to the identification of a regulatory segment far removed linearly from the 

catalytic site of PARG. This region, necessary for catalytic activity, corresponds 

with a recently identified mitochondrial targeting sequence (MTS) and was thus 

named the “regulatory segment/MTS” (REG/MTS). Finally, based on structural 

data obtained, secondary structure predictions were made to provide insight into 

the molecular composition of the different domains of PARG, whose structures 

still remain to be determined. 
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CHAPTER ONE 

INTRODUCTION 

1.1 In the Beginning… 

The first report on the formation of adenosine diphosphoribose (ADP-

ribose) polymers (or PAR) came in 1963 from the laboratory of Dr. Paul Mandel 

at the Centre National de la Recherche Scientifique (National Center of Scientific 

Research) in Paris, France. The Mandel group found that the incorporation of 

(14C-adenine)-labelled ATP into the acid-insoluble fraction by a nuclear 

preparation from chicken liver was enhanced one thousand times by 

nicotinamide mononucleotide [1]. This acid insoluble product was initially thought 

to be a polymer of adenylic acid (or polyA), in part due to its susceptibility to 

snake venom phosphodiesterase, which hydrolyzes DNA and RNA molecules 

exonucleolytically to produce nucleoside 5’-monophosphates. A later report by 

the same group identified this novel molecule as PAR [2]. The nature and 

structure of PAR were soon confirmed by a series of reports [3-7], which included 

the observation that PAR was resistant to alkaline conditions under which polyA 

would be hydrolyzed to adenosine 3’-monophosphate. PAR was characterized as 

a branched polymer of ADP-ribose (ADPR) units linked via glycosidic ribose-

ribose 1’’ → 2’ bonds (Figure 1.1). The similarity in chemical composition shared 

between PAR and RNA led to the classification of PAR as the “third type of 

nucleic acid” [8], although to date its biological role is considerably less well 

understood  than that of RNA and DNA. 
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Figure 1.1. The Chemistry Of Poly(ADP-ribose) Metabolism. PARPs catalyze 
the polymerization of the ADP-ribose moiety of NAD+ molecules to PAR 
covalently attached to acceptor proteins, releasing nicotinamide as a side 
product. PAR is rapidly catabolized by PARG at the O-glycosidic linkages 
(indicated by arrows) in an endoglycosidic and exoglycosidic manner, liberating 
PAR oligomers and free ADP-ribose, respectively. Adapted from [9]. 
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1.2 Poly(ADP-ribose) Metabolism 

 The metabolism of PAR is a unique and ubiquitous cellular mechanism 

present in nucleated cells of most mammals, plants and lower eukaryotes, with 

the exception of Saccharomyces cerevisiae. PAR is synthesized by the 

poly(ADP-ribose) polymerase (PARP) family of enzymes which use nicotinamide 

adenine dinucleotide (NAD+) as a substrate with the subsequent release of 

nicotinamide as a side product (Figure 1.1). The major PARP involved in this 

posttranslational modification is PARP-1 (ARTD1, EC 2.4.2.30). PAR contains 

two negative charges per nucleotide subunit, as opposed to one per nucleotide 

observed in DNA and RNA, and can vary in size, with the largest containing up to 

two hundred ADP-ribose units with multiple branching points [10, 11]. This makes 

PAR a high negatively charged molecule and compared to DNA possesses 

binding sites with a higher affinity for DNA binding proteins [12]. Once 

synthesized, at least under conditions of genotoxic stress, PAR is rapidly 

degraded into free ADPR by the actions of poly (ADP-ribose) glycohydrolase 

(PARG, EC 3.2.1.143) (Figure 1.1).  

The synthesis and rapid turnover of PAR are immediate cellular responses 

to DNA damage generated either exogenously or endogenously [13]. Whether 

induced by alkylating agents, ionizing radiation or oxidation, DNA strand breaks 

in the cells of higher eukaryotes activate signal transduction pathways that trigger 

cell cycle arrest and repair mechanisms that ultimately lead to either cell survival 

or programmed cell death. The immediate modification of histones and nuclear 
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proteins by PAR catalyzed by the PARPs, more specifically PARP-1 and -2, is 

central to pathways that maintain genomic integrity. Indeed, the detection of DNA 

breaks by PARP-1 and -2 efficiently activates these enzymes, making this 

reaction one of the earliest responses to genotoxic stress (Figure 1.2). While 

PARP-1 itself is the main acceptor of PAR in an intermolecular automodification 

process, other proteins are modified by PARP-1 thereby changing their 

biochemical properties. The biological implications of poly(ADP-ribosyl)ation 

reactions include the modulation of chromatin structure, transcription, DNA 

replication and DNA repair (reviewed in [14]), making this concerted and dynamic 

process an important factor in the maintenance of cellular genetic stability [8, 15, 

16]. 

 

1.2.1 The Berger Hypothesis 

In addition to being the immediate substrate for PAR synthesis, NAD+ is 

an essential cofactor in energy metabolism, and the synthesis of ATP and the 

balance of the redox potential are directly dependent on its levels in cells. Since 

PARP-1 responds to DNA damage in a dose-dependent manner, the level of 

poly(ADP-ribosyl)ation in cells is, therefore, an important factor in the 

maintenance of NAD+ levels. Accordingly, it was first proposed by Dr. Nathan 

Berger in 1985 that massive genomic damage would lead to hyperactivation of 

PAR   metabolism,  resulting   in   the   depletion   of   cellular   NAD+  pools  and  
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Figure 1.2. The Connection Between ADP-Ribose Polymer Cycles and DNA 
Damage. Upon activation by DNA strand breaks, PARP-1 and -2 utilize NAD+ as 
a substrate, with the subsequent release of nicotinamide, to covalently modify 
acceptor proteins with ADP-ribose. The transfer of ADP-ribose units by the 
PARPs continues, forming PAR, which can become very long and branched. The 
removal of PAR chains from modified proteins is catalyzed by the enzyme 
PARG, allowing acceptor proteins to return to the unmodified state. The activities 
of PARP-1 and -2 and PARG are closely coordinated, forming a rapid polymer 
turnover with a half-life of less than 40 sec after treatment of cells with genotoxic 
stress. Poly(ADP-ribosyl)ation is central to pathways that maintain genomic 
integrity, and plays a vital role in a cell’s decision to undergo either survival or 
programmed cell death. 
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subsequent cessation of many NAD+-consuming reactions, most significantly 

energy metabolism. This would, in turn, result in an acute form of pathological 

cell death known as necrosis [17]. Today, it has been clearly established that the 

lowering of NAD+ levels induced by genotoxic agents is associated with an 

increase in PARP activity and subsequent depletion of ATP. Since the 

completion of apoptosis is dependent on the presence of ATP, the physiological 

consequence of NAD+ depletion switches to necrosis. 

 

1.3 Poly(ADP-ribose) Polymerases 

 PARP-1 is the founding family member and to this writing is the most 

extensively studied PARP. Its first purification to near homogeneity was reported 

from calf thymus almost concurrently by the Kamiya and Niedergang groups in 

1977 [18] and 1978 [19], respectively, and until the discovery of Tankyrase-1 in 

1998, it was the only known PARP. An exhaustive search of the non-redundant 

protein database (NCBI) using the human PARP-1 catalytic domain led to the 

identification of eighteen putative PARP homologues encoded by different genes 

[20]. The active site primary sequence homology shared between these proteins 

have led to an inaccurate description of PARPs as a large superfamily [20]. While 

sequence homology certainly indicates a common aspect between the different 

proteins, to date only six of them have been shown to exhibit poly(ADP-

ribosyl)ation activity. A schematic comparison of the protein structures of these 

six “bona fide” PARPs is shown in Figure 1.3. A recent report has proposed a 
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new nomenclature for all ADP-ribosyl-transferases [21]; a nomenclature which 

has received favourable reviews from the scientific community and which is 

slowly being implemented in the literature. In an attempt to keep this dissertation 

current yet unambiguous, both the old and new nomenclatures have been used. 

The new nomenclature is indicated inside parentheses following each enzyme, 

both in the text and in the illustrations. 

 

1.3.1 Poly(ADP-ribose) Polymerase-1 Structural and Genetic Features 

PARP-1 is a ubiquitous, 113 kDa nuclear enzyme encoded by the ADP-

ribosyltransferase (ADPRT) gene which is located on chromosome 1q42.12 in 

humans. While the ADPRT gene is constitutively expressed at a tissue or cell 

type dependent level, the catalytic activity of PARP-1 is stimulated up to 500-fold 

by DNA strand breaks. Its structure is comprised of three functional domains: a 

N-terminal DNA binding domain (DBD), a central automodification domain (AD) 

and a C-terminal catalytic domain (Figure 1.3).  

The DBD contains two zinc fingers, homologous to that of DNA ligase III, 

which are responsible for the interaction of PARP-1 with DNA strand breaks. The 

first zinc finger (Zn1) enables PARP-1 to recognize and bind to double-stranded 

DNA breaks, while the second zinc finger (Zn2) enables its recognition and 

binding of single-stranded DNA breaks [22, 23]. The DBD also contains a 

bipartite nuclear localization signal (NLS) responsible for the nuclear localization 

of PARP-1. The peptide motif DEVD within the NLS is efficiently cleaved by 
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caspase-3 or caspase-7 upon induction of apoptosis, thereby separating the 

DNA binding moiety from the catalytically active region. Recently, a third zinc 

finger (Zn3) was identified in the DBD, and it has been shown to be essential for 

the DNA-dependent activity [24] as well as the chromatin compaction activity of 

the enzyme [25]. 

The AD contains specific residues which serve as acceptors of ADPR 

moieties, thereby allowing PARP-1 to poly(ADP-ribosyl)ate itself. Earlier reports 

suggested that this domain has between four and 28 such sites [26-28]. The 

observation that glutamate residues of histone H1 [29] and H2B [30], two major 

targets for poly(ADP-ribosyl)ation by PARP-1, function as acceptors for PAR, and 

that there is a chemical similarity between the ADPR-PARP-1 bond and the 

carboxyl-ester bonds in mono-ADP-ribosylated histones [26] led to the 

hypothesis that the multiple acidic residues in the AD are the acceptor sites for 

automodification. Consistent with this hypothesis, recent work by the Liu group 

identified residues D387, E488 and E491 as acceptor sites for PAR [31]. 

However, this hypothesis has been challenged by the Hottiger group, which has 

shown that lysine residues, and not glutamate residues, are in fact the preferred 

sites for PAR in both PARP-1 [32] and PARP-2 [33] automodification.  

The AD also contains a BRCT motif, which is named after the breast 

cancer suppressor protein-1 (BRCA1) C-terminal domain. This motif is present in 

a large number of proteins involved in the maintenance of genomic integrity and 

cell cycle checkpoints, and acts as a major protein-protein interacting interface 
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[34]. The unique diversity of the BRCT domain superfamily allows these motifs to 

interact by forming homo- or hetero-BRCT multimers and phosphorylation-

dependent BRCT–non-BRCT interactions [35]. These characteristics of BRCT 

motifs suggest that the automodification domain is important for the many 

protein-protein interactions of PARP-1 [36], including the intermolecular 

interaction between two monomeric units of PARP-1 in an automodification 

reaction, which allow for the simultaneous function of PARP-1 as a catalyst and 

an acceptor molecule, thus indicating that PARP-1 is a catalytic dimer [37]. The 

presence of this motif raises the possibility that unexplored protein-protein 

interactions involving this domain might also play an important part in PARP-1 

biology. 

  The C-terminal catalytic domain of PARP-1 is the NAD+ binding domain 

and is responsible for all the different catalytic activities associated with the full-

length enzyme. These activities include (i) hydrolysis of the N-glycosylic bond 

between the nicotinamide and the ribose moieties of NAD+, which produces a 

free energy of -34.3 kJ/mol [38] and creates a high driving force for the 

subsequent synthesis of PAR, (ii) initiation or covalent auto-mono-(ADP-

ribosyl)ation, involving the attachment of ADPR to the target residue of the 

acceptor protein(s) (iii) elongation of PAR through the formation of repeating 

ADP-ribose units linked by α(1’’ → 2’) ribosyl-ribose glycosidic bonds, and (iv) 

branching of PAR through the formation of α(1’’’ → 2’’) ribosyl-ribose glycosidic 

linkages. The catalytic center contains amino acid sequences termed the “PARP  
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Figure 1.3. Domain Structures Of the Human Poly(ADP-ribose) Polymerase 
Family Members. A schematic comparison of protein structures of the six PARP 
family members, showing the different domains. The size of each protein in kDa 
is indicated in parentheses, together with the new consensus nomenclature 
which has been proposed for all ADP-ribosyltransferases (ARTs) [21]. The 
glutamate residue in the active site responsible for the poly(ADP-ribosyl)ation 
activity of each enzyme is also indicated. Abbreviations: BRCT; breast cancer 
suppressor protein-1 (BRCA1) C-terminal domain; CLS, centrosomal localization 
signal; SAM, sterile alpha motif; ARD, ankyrin repeat domain; IHRP, inter-α-
trypsin inhibitor heavy chain-related protein domain; Zn1-3, PARP-1-type zinc 
finger domains 1-3; SAP, SAF/Acinus/PIAS-DNA-binding domain; MVP-BD, 
major-vault particle binding domain; NLS, nuclear localization signal; HPS, His-
Pro-Ser region. 
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signature sequence” that are highly conserved between species in PARP-1 and 

present in other PARP family members [39]. 

 

1.3.2 Poly(ADP-ribose) Polymerase-1 Biological Functions 

A. PARP-1 and DNA Repair. Genomic stability of cells has long been 

linked to their poly(ADP-ribosyl)ation capability [40]. Upon DNA single and 

double-stranded breaks, PARP-1 is rapidly recruited to the site of damage and its 

catalytic activity increases up to 500-fold, generating long and branched PAR 

covalently attached to PARP-1 itself, and target proteins, which include nuclear 

structural proteins such as histones, chromatin structure modulators like 

topoisomerases, transcription and cell cycle regulators like p53, epigenetic gene 

regulators like DNA methyltransferase-1 (DMNT1), and transcription factors like 

Fos. The size and high negative charge of PAR interfere with the structure and 

function of these modified proteins. Hence, in this respect PAR has been 

postulated to play two crucial roles simultaneously. First, it diminishes the affinity 

of modified DNA-binding proteins from DNA, in particular histones, which play a 

major role in the condensation and expansion of chromatin, providing a 

mechanism for the nucleosomal unfolding of chromatin and subsequent access 

to the DNA damage site. Second, it recruits DNA repair proteins to the site of 

DNA damage through direct interactions. This includes proteins involved in the 

repair of single strand breaks by base excision repair (BER), such as x-ray repair 

cross-complementing factor (XRCC1), which is the scaffolding protein that 
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assembles and activates the BER machinery [41, 42], as well as proteins 

involved in the repair of double strand breaks by homologous recombination, 

such as mitotic recombination 11 (MRE11) and ataxia telangiectasia-mutated 

(ATM) [43, 44]. Automodified PARP-1 loses its catalytic activity and affinity for 

DNA, resulting in the suppression of PAR synthesis [45] and removal of PARP-1 

from the site of DNA damage to provide access to repair proteins [46]. 

 To gain insight into the functional importance of DNA-dependent 

poly(ADP-ribosyl)ation reactions in vivo, a PARP-1 knock-out mouse model was 

generated [47]. Homozygous mutant PARP-1 mice were shown to be 

radiosensitive and displayed severe genomic instability following γ-irradiation. 

Several groups have reported that PARP-1-deficient mouse embryonic 

fibroblasts (MEFs) display a severe defect in the repair of alkylation induced DNA 

strand-breaks [48-50]. All these observations confirmed the role of PARP-1 in the 

maintenance of genomic integrity. Furthermore, work from the Bürkle group 

showed that treatment of human PARP-1 overexpressing cells with the alkylating 

agent MNNG induced fewer sister-chromatid exchanges than in control cells [51], 

indicating that PARP-1 can stabilize genomic integrity by limiting the availability 

of free DNA strand breaks during BER.  

 

B. PARP-1 and Gene Transcription. In addition to its role in DNA repair, 

PARP-1 has also been demonstrated to play a role in gene expression regulation 

under basal, signal-activated and stress-activated conditions (reviewed in [52]). 
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Gene expression profiles in embryonic stem cells and livers from PARP-1-

deficient mice showed that about 3.5% of the transcriptome is regulated by 

PARP-1, with approximately 60 to 70% of the genes being positively regulated 

[53]. A growing number of studies have identified four modes of PARP-1 

regulation of transcription. The first and most investigated mode is the 

modulation of chromatin structure by PARP-1 via nucleosome binding, histone 

proteins modification, or chromatin composition regulation [52, 54]. The second 

mode is the action of PARP-1 as an enhancer-binding factor through its binding 

to specific sequences or structures in the DNA. Interestingly, it has been 

suggested that direct binding of PARP-1 to hairpins provides an autoregulatory 

mechanism for the expression of the PARP-1 gene itself [55]. The third mode, 

and one which has also been extensively investigated, is the transcriptional 

coregulatory activity of PARP-1 via the release of inhibitory factors and the 

recruitment of stimulatory factors during signal-regulated transcriptional 

responses. In fact, PARP-1 has been reported to be a promoter-specific 

coregulator for a number of DNA-binding transcriptional regulators, such as NF-

κB [56], and nuclear receptors, such as Sp1 [57]. The fourth mode, and perhaps 

the least understood, is the PARP-1 regulation of insulator function. Insulators 

are DNA elements that help organize the genome into discrete regulatory units, 

subsequently protecting a gene from outside influences that could lead to 

inappropriate activation or silencing of a gene [58]. Studies using a general 

inhibitor of PARP-1, namely 3-aminobenzamide (3-ABA), in cell-based assays 



29 
 

have shown that the activity of the insulator complex CCCTC-binding factor 

(CTCF) is dependent on poly(ADP-ribosyl)ation [59]. Furthermore, this particular 

post-translational modification has been shown to be required for the relocation 

of CTCF from its normal diffused nuclear distribution to nucleoli in response to 

various stimuli of cell differentiation [60]. It ought to be mentioned, however, that 

CTCF activity is blocked by methylation of CpGs within its binding sites [61]. 

Therefore, the maintenance of DNA hypomethylation in the genome by PARP-1 

[62], achieved via non-covalent interactions of DMNT1 with PAR and subsequent 

inactivation of DMNT1 [63], alludes to an alternative way of regulating insulator 

function, and highlights the need for further investigation into this mode of PARP-

1 gene transcription regulation. 

 

C. PARP-1 and Apoptosis. The early observation that PARP-1 is a target 

of caspases provided strong evidence for a link between poly(ADP-ribose) 

metabolism and the programmed cellular death pathway of apoptosis [64, 65]. As 

mentioned earlier, cleavage by caspases 3 and 7 occurs within the NLS, and this 

separates the DNA-binding domain (24 kDa fragment) from the catalytic and 

automodification domains (89 kDa). The involvement of PARP-1 in apoptosis 

was demonstrated by the Murcia group which expressed an uncleavable PARP-1 

mutant in PARP-1-deficient MEFs and detected a delay in apoptosis induced by 

CD95 stimulation [66]. Cleavage of PARP-1 by caspases, which has become a 

marker of apoptosis, renders the enzyme no longer able to be activated by DNA 
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strand breaks and suggests a control mechanism of preventing energy depletion. 

The cleaved 24 kDa N-terminal fragment is subsequently able to become 

irreversibly bound to the ends of DNA fragments and it has been suggested that 

this fragment could contribute to the irreversibility of apoptosis by blocking 

access of DNA repair enzymes to strand breaks [67]. 

 

 D. PARP-1 and Spermatogenesis. In the last five years, work from the 

Meyer and Quesada groups has shown that PARP-1 also plays a role in 

testicular germ cells [68, 69]. Indeed, PAR formation mediated by PARP-1, and 

possibly also PARP-2, occurs during spermatogenesis. Furthermore, the highest 

levels of PAR are observed when the highest rates of chromatin nucleoprotein 

exchanges take place, indicating that the role of PARP-1 in DNA damage 

surveillance also applies to sperm DNA. A role of PARP-1 in germ cell DNA 

repair has also been reported [70]. In this study, DNA damage induced on rat 

germinal cells by γ-irradiation and H2O2 was effectively repaired in vitro over a 

recovery period of 1-3 h, but was significantly delayed in the presence of the 

PARP-1 inhibitor 3-ABA.  

The findings that infertile men with spermatid and spermatocyte 

maturation arrest and hypospermatogenesis have increased apoptosis [71] and 

that the sperm of infertile men has higher levels of caspase-cleaved PARP-1 

compared to fertile men [72] strongly suggest a correlation between apoptosis 

and male infertility, and highlight a role for PARP-1 in male reproduction. PARP-1 
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could, therefore, be considered a new marker for sperm damage and has the 

potential to become a therapeutic target for male infertility.  

 

1.3.3 Poly(ADP-ribose) Polymerase-1 Inhibition 

 The discovery of PAR sparked a great interest in the biological function 

fulfilled by poly(ADP-ribosyl)ation, and efforts were soon being made in 

identifying inhibitors of this post-translational modification.  Various compounds, 

including nicotinamides [73], thymidine [74], and methylated xanthines and 

cytokinins [75], were shown to inhibit PARP-1 in vitro; however, their inhibitory 

effects in cells proved to be of limited value due to their lack of specificity. The 

first report of specific chemical inhibitors of PARP-1 came from the Whish group 

in 1980 [76], which found that various benzamides, which are close analogues of 

nicotinamide, substituted in the 3-position were physiologically specific inhibitors 

of PARP-1. The most specific of these compounds, namely 3-aminobenzamide 

(3-ABA), was shown to enhance the cytotoxicity of DNA methylating agents in 

murine leukemia cells [77], suggesting a role of PARP-1 in DNA repair and 

highlighting for the first time the potential of PARP-1 inhibitors as 

chemosensitizers. 

 A major breakthrough in PARP-1 cancer research occurred in 2005 with 

two reports by independent groups showing that cell lines deficient in the breast 

cancer associated genes BRCA1/2 were sensitive to PARP-1 inhibition while 

normal cells were not [78, 79]. This phenomenon in which the malfunction of two 
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genes leads to cell death while the malfunction of either gene alone is compatible 

with viability was named ‘synthetic lethality,’ and has become an exciting new 

paradigm in cancer therapy. PARP-1 inhibitors were, therefore, hypothesized to 

be effective single agents in killing cancer cells with deficient DNA repair 

mechanisms. This sparked the interest of many drug discovery programs and 

accounts for the presence of at least six PARP-1 inhibitors currently undergoing 

human clinical trials for the treatment of cancer (reviewed in [80, 81]). Of notable 

mention is the PARP-1 inhibitor Olaparib (AZD2281, AstraZaneca), which in a 

phase I clinical trial has been shown to have antitumor activity in BRCA1/2-

associated cancer while producing few of the side effects of conventional 

chemotherapy [82]. Out of the six PARP-1 inhibitors in clinical trials, Olaparib and 

BS-I201 (BiPar/Sanofi Aventis) are the most advanced, both well into their phase 

III clinical studies. 

 In 1994, work from the Dawson group identified a link between oxidative 

DNA damage caused by nitric oxide or peroxynitrite, for example, and single 

strand breaks [83], leading to the hypothesis that PARP-1 is overactivated in 

ischemia-reperfusion conditions where excess DNA damage occurs. It was 

suggested, therefore, that therapeutic PARP-1 inhibition would prevent the rapid 

consumption of NAD+ and subsequent excessive cell death by necrosis (see 

Berger hypothesis, section 1.2.1). Studies using a mouse model of stroke 

showed that the genetic disruption of PARP-1 displayed a profound protective 

effect with a greater than 60% reduction in damaged brain tissue compared to 
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wild-type mice [84, 85]. This protective effect by PARP-1 inhibitors in ischemic 

conditions was attributed to the preservation of cellular NAD+ as mentioned 

earlier as well as an affected immune response which prevented the activation of 

particular inflammatory responses [86]. Today, one PARP-1 inhibitor, namely 

MP-124 (Mitsubishi), is undergoing a phase I clinical trial for the treatment of 

cerebral ischemia [81].  

 

1.3.4 Other Members Of the Poly(ADP-ribose) Polymerase Family 

The identification of additional PARPs has extended the role poly(ADP-

ribosyl)ation beyond the maintenance of genomic stability. The study of these 

PARPs, however, is still in its infancy, and much remains to be learned about 

their roles in DNA damage response, NAD+ and PAR metabolism, and diseases 

of inappropriate cell death. What follows is a brief overview of the structural 

features and known biological functions of the remaining five members of the 

PARP family. 

 

A. PARP-2. A second enzyme with PARP activity was discovered as a 

result of residual DNA-dependent poly(ADP-ribosyl)ation activity in embryonic 

fibroblasts derived from PARP-1-deficient mice [87, 88]. This enzyme, aptly 

named PARP-2 (ARDT2), also functions in the response of cells to genotoxic 

stress, even though its poly(ADP-ribosyl)ation activity has been reported to be 

10-15% of the total activity observed in cell extracts upon full stimulation by DNA 
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strand breaks [88]. To this writing, PARP-1 and -2 are the only known PARPs to 

be activated by DNA damage. 

PARP-2 is a 62 kDa nuclear protein encoded by a gene located on 

chromosome 14q11.2 in humans. The catalytic domain of PARP-2 was found to 

be very similar to that of PARP-1, suggesting similar functions between the two 

enzymes. Minor differences have been observed in the vicinity of the acceptor 

site, which are thought to provide substrate specificity [89]. The N-terminal DBD 

of PARP-2, on the other hand, is five times smaller than that of PARP-1 (75 

versus 383 residues) and while it contains a NLS sequence responsible for its 

nuclear localization, it does not possess any zinc finger motifs (Figure 1.3). 

Hence, DNA binding of PARP-2 occurs through a different mode of action, which 

remains to be elucidated. The DBD of PARP-2 shares homology with the SAP 

domain observed in several nuclear proteins like APE-1 and Ku70, involved in 

chromosomal organization and in DNA repair [90].  

The generation of a PARP-2-deficient mouse model provided insight into 

the physiological role of this enzyme in response to genotoxic stress. Similarly to 

PARP-1-deficient mice, mice deficient in PARP-2 displayed severe 

radiosensitivity and genomic instability following γ-irradiation [88], confirming a 

biological role for PARP-2 in the cellular response to DNA damage alongside 

PARP-1. Furthermore, these findings demonstrated that despite the ‘inferior’ 

poly(ADP-ribosyl)ation activity of PARP-2 the phenotypes of the two null mouse 

models are equally severe. The disruption of both PARP-1 and PARP-2 in a 
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double null mutant mouse model was embryonically lethal, highlighting the need 

for both enzymes during early embryogenesis, and also suggesting that PARP-2 

activity may only partially compensate for PARP-1 deficiencies.  

Consistent with its role in DNA repair, PARP-2 has been shown to  interact 

with PARP-1, and DNA repair proteins XRCC1, DNA Polymerase β and DNA 

ligase III [91]. Hence, PARP-1 and -2 share similar binding partners, suggesting 

that they are both engaged in the same repair complex. In addition to localizing 

to sites of DNA breaks, PARP-2 is also an integral part of centromeres, 

suggesting that like another member of the PARP family, namely PARP-3, it may 

play an important role in dividing cells [92, 93]. More recently, PARP-2 has also 

been implicated in abnormal spermatogenesis. PARP-2-deficient male mice were 

found to have hypofertility, and the examination of infertile null mice revealed an 

increased incident of testicular apoptosis [94].  

 

 B. PARP-3. The third member of the PARP family, namely PARP-3 

(ARDT3) is the least studied and smallest PARP family member to date, encoded 

by the PARP-3 gene located on chromosome 3p21.2 in humans. It is a 61-kDa 

protein consisting of a unique N-terminal domain followed by a C-terminal 

catalytic domain containing the ‘PARP Signature Sequence’ that it shares with 

the other five members of the family (Figure 1.3). The N-terminal domain 

contains a centrosomal localization signal (CLS) believed to be responsible for 

targeting PARP-3 to the centrosome. 
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 Unlike PARP-1 and -2, PARP-3 activity is not stimulated by DNA strand 

breaks. However, work from the Poirier group has shown that PARP-3 interacts 

with Ku70/Ku80, DNA-PK and PARP-1 [95], providing evidence that PARP-3 

contributes to the DNA damage response. In the same study, PARP-3 was also 

shown to associate with polycomb group proteins that are known to play a crucial 

role in the maintenance of cell fate by epigenetic silencing of particular genes. 

This suggested that perhaps through its poly(ADP-ribosyl)ation activity PARP-3 

regulates gene silencing.  

A recent report from the Helleday group identified histone H1 as a 

substrate of PARP-3 and showed that the N-terminal domain of PARP-3 interacts 

with PARP-1. This interaction, in turn, is capable of activating PARP-1 activity in 

the absence of DNA [96]. These findings further support a role of PARP-3 in DNA 

repair. A surprising finding from the same study was the observation that the 

activity of PARP-3 is limited to mono-ADP-ribosylation, raising the possibility that 

this enzyme may not be one of the ‘bona fide’ PARPs. 

 

C. Vault PARP. The Vault protein V-PARP (ARTD4) is the 193 kDa 

component of the vault complex that shares 29% identity with the catalytic 

domain of PARP-1 [97]. Vault complexes are highly conserved and are the 

largest ribonucleoprotein particles ever described, with an impressive mass of 

12.9 MDa. Although roles in multidrug resistance and innate immunity have been 

suggested, its physiological function is still unclear. V-PARP is encoded by a 
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gene located on chromosome 13q12.12 in humans. It contains a BRCT domain 

thought to mediate protein-protein interactions, followed by the PARP catalytic 

domain which is capable of catalysing a poly(ADP-ribosyl)ation reaction (Figure 

1.3). The third domain is composed of two IHRP motifs, so named because they 

share 27-30% identity with the inter-α-trypsin inhibitor heavy-chain-related 

protein, a human plasma glycoprotein. At its C-terminus, V-PARP contains the 

major vault protein binding domain (MVP-BD) which, as the name implies, is 

responsible for its interaction with another component of vault complex named 

the Major Vault Protein. 

To date, the biological roles of V-PARP are unknown. However, V-PARP 

is not always associated with vaults, and in the unbound form it is able to localize 

to the mitotic spindle [97]. This suggests a role for V-PARP in the proper 

maintenance or shuttling of chromosomes during mitosis. While damaged DNA 

does not activate V-PARP, this cytoplasmic protein is catalytically active and able 

to poly(ADP-ribosyl)ate itself.   

 

D. Tankyrase-1. In 1998, work from the de Lange group led to the 

discovery of a protein that shares homology to ankyrins and to the catalytic 

domain of PARP-1 [98]. This protein localized to human telomeres, which are 

essential for chromosome maintenance and stability, and was shown to interact 

with TRF1, a telomeric protein with a role in telomere length regulation. Hence, it 

was named Tankyrase for TRF-1 interacting, ankyrin-related ADP-ribose 
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polymerase. Tankyrase-1 (ARTD5) is a 142 kDa protein encoded by a gene 

located on chromosome 8p23.1 in humans. While its C-terminus shares 30% 

homology with the PARP-1 catalytic domain, the rest of the domain structures 

are very different (Figure 1.3). The central domain is composed of 24 ankyrin 

repeats, which are short motifs that mediate protein-protein interactions, and is 

flanked to the N-terminus by a region carrying homopolymeric His, Pro and Ser 

residues (HPS), and to the C-terminus by a sterile alpha module (SAM) motif that 

possibly promotes protein-protein interactions. Surprisingly, Tankyrase-1 lacks a 

NLS sequence, and its mechanism of localization to telomeres is still unknown. 

The best understood role of Tankyrase-1 is in the regulation of telomere 

length via the poly(ADP-ribosyl)ation of TRF1, whose ability to bind telomeric 

DNA is subsequently inhibited, opening up the telomeric complex and allowing 

access to telomerase [99]. Hence, Tankyrase-1 functions as a positive regulator 

of telomere length. Consistent with this modus operandi, overexpression of 

Tankyrase-1 results in telomere elongation [100]. Certainly, the presence of 

PARP activity at telomeres and the known role of PARPs1-3 in DNA damage 

suggests a role for Tankyrase-1 in the protection of telomeres from DNA damage 

[98]. The observation that Tankyrase-1 is not activated by damaged DNA or by 

telomeric DNA, however, suggests a different mechanism of activation for this 

enzyme, possibly via a post-translational modification of the protein [101]. In 

addition to telomeres, Tankyrase-1 has been found to localize to the Golgi 

membranes, specifically to the glucose transporter Glut4 vesicles [102]. 
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 Recently, a tankyrase-1-deficient mouse was generated to assess 

possible in vivo functions of this enzyme, which are still obscured. No defects 

were observed in development, telomere length maintenance, or cell cycle 

regulation in the null mice. In contrast, however, deficiency in both Tankyrase-1 

and Tankyrase-2 (see below) resulted in embryonic lethality, indicating that while 

there may be substantial redundancy between the two tankyrases, their function 

is essential for embryonic development [103]. 

 In agreement with the function of Tankyrase-1 in telomere maintenance, 

the inhibition of this enzyme has been shown to potentiate the ability of a 

telomerase inhibitor, MST-312, to induce telomere shortening [104]. These 

findings have identified Tankyrase-1 as a potential therapeutic target for cancer, 

and have thrust Tankyrase-1 into the limelight as a target for the treatment of 

BRCA1/2-deficient cancer in the context of synthetic lethality [105]. 

  

 E. Tankyrase-2. In 2001, a homologue of Tankyrase-1 with 85% 

identity to the ankyrin repeats, SAM and PARP catalytic domain of Tankyrase-1 

was discovered [106]. This protein, named Tankyrase-2 (ARTD6), is slightly 

smaller in size than Tankyrase-1 (127 kDa) and is encoded by a gene located on 

chromosome 10q23.32 in humans. Tankyrase-2 also lacks a NLS sequence. The 

most significant difference between the two tankyrases is the absence of the 

HPS domain in Tankyrase-2 (Figure 1.3). Similarly to Tankyrase-1, this protein 

localizes to telomeres and Golgi membranes, and based on the diversity of its 



40 
 

binding partners it may also be present in other cell compartments, including 

endosomes, nuclei, nuclear membranes and the pericentriolar matrix [106]. 

 Tankyrase-2 has been shown to exhibit similar functions to Tankyrase-1. It 

is able to poly(ADP-ribosyl)ate itself as well as TRF1, and maintains similar 

binding partners to Tankyrase-2 in vitro, i.e. TRF1 [101] and IRAP [102]. In 

addition, overexpression of Tankyrase-2 in the nucleus resulted in the release of 

TRF1 from telomeres, suggesting a similar role to Tankyrase-1 [101]. 

Interestingly, high overexpression of Tankyrase-2 causes cell death, an effect not 

observed with Tankyrase-1 [106]. This cell death is characterized by a loss in the 

mitochondrial membrane potential but not by the cleavage of PARP-1, 

suggesting necrosis rather than apoptosis as the cell death pathway and 

insinuating that the activity regulation of the two tankyrases may be quite 

different.   

 

1.4 Poly(ADP-ribose) Glycohydrolases 

 The presence of an enzyme in calf thymus crude extract capable of 

splitting the ribose-ribose bond of PAR to form oligomers and monomers of ADP-

ribose was first reported in 1971 by the Sugimura group [107]. Partial 

purifications of this newly discovered enzyme, namely poly(ADP-ribose) 

glycohydrolase (PARG), were subsequently obtained from rat liver [108] and calf 

thymus [109] and its enzymatic function was characterized as being 

predominantly exoglycosidic, resulting in the hydrolysis of PAR into monomers of 
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ADP-ribose (ADPR). In spite of the success in isolating and purifying PARG to 

apparent homogeneity from various mammalian sources [110-115], its low 

abundance within eukaryotic cells and susceptibility to proteolysis have made it a 

very difficult enzyme to investigate and have been the principal limiting factors in 

the study of PAR hydrolysis by PARG. 

 

1.4.1 Poly (ADP-ribose) Glycohydrolase Structural and Genetic Features  

The isolation of the first PARG cDNA from bovine in 1997 by the Jacobson 

group revealed that a 4.1-kb cDNA encodes a PARG with a predicted molecular 

weight of 110 kDa [116]. Southern analysis of bovine genomic DNA revealed that 

PARG is encoded by a single-copy gene, which is located on chromosome 

10q11.23 in humans (Figure 1.4) [116, 117]. Subsequent expression of 

recombinant bovine PARG cDNA in Escheridia coli, however, resulted in the 

detection of two enzymatically active proteins of 110 kDa and 59 kDa [116], 

leading many groups to hypothesize that the smaller fragment was a product of 

posttranslational cleavage of the larger, full-length protein.  

The characterization of the human PARG gene structure by the same 

group identified an open reading frame consisting of 18 exons and 17 introns, 

with exons 1-3 encoding a putative regulatory domain and exons 9-14 encoding 

the catalytic region of the enzyme [118] (Figure 1.4). In vitro coupled transcription 

and translation of the human PARG cDNA yielded several specific bands in the 

range of 85-111 kDa, indicating the usage of alternative translation initiation sites 
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[118]. This led to the identification of two splice variants of human PARG mRNA 

which express isoforms of 102 kDa (hPARG102) and 99 kDa (hPARG99) [119], 

resulting from translation initiation at positions M83 in exon 2 and M109 in exon 

3, respectively (Figure 1.4). Additional alternative splice mechanisms have 

recently been identified by which two smaller PARG protein isoforms of 60 kDa 

(hPARG60) and 55 kDa (hPARG55) are also expressed from the human PARG 

gene [120], providing a likely explanation for the multiple 50-60 kDa PARG 

proteins that have been repeatedly reported in different cells and tissues over the 

last 20 years [112, 114, 121-125]. Homologous forms of these splice isoforms 

have also been detected in the mouse, namely mPARG110, mPARG101, 

mPARG98, mPARG63 and mPARG58. These murine PARGs differ from the 

human homologs in that they all lack 8 residues at the C-terminus, hence the 

slightly different protein sizes and nomenclature. Furthermore, unlike mPARG63 

and mPARG58, which contain the exon 5-encoded residues, hPARG60 and 

hPARG55 lack this exon in its entirety (Figure 1.4). The biological significance of 

these differences still remains to be elucidated. 

The availability of the full-length PARG cDNA enabled the investigation of 

PARG subcellular localization and the biological role of this enzyme in PAR 

metabolism. Recent work from the Jacobson group identified a functional nuclear 

localization signal (NLS) in human PARG encoded by exon 1 (10CTKRPRW16) 

[119]. Such findings are consistent with the nuclear localization of full-length 

hPARG111 that contains the NLS, and the extranuclear localization of the other  
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Figure 1.4. Gene Structure Of Human PARG. Organization and localization of 
the human PARG gene, showing the distribution of its 18 exons and 17 introns 
along with the corresponding protein domains. PARG is encoded by a single 
gene but is expressed as multiple isoforms via an alternative splicing 
mechanism. Adapted from [118]. 
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four isoforms which lack the NLS but retain either one or both of the reported 

putative leucine-rich nuclear export signals (NES) [126]. The position of the NLS 

and the two putative NES are indicated in Figure 1.5 relative to the full primary 

sequence of the human PARG protein. Indeed, splice isoforms hPARG102, 

hPARG99 and hPARG60 localize to the cytoplasm [119, 120], highlighting the 

importance of the NLS/NES balance in the tight regulation of the nucleo-

cytoplasmic shuttling and subcellular localization of the different PARGs. Isoform 

hPARG55, on the other hand, contains a recently-identified N-terminal 

mitochondrial targeting sequence (MTS) encoded by exon 4 and localizes to the 

mitochondria [120, 127]. The role of this MTS in the catalytic activity of PARG is 

investigated in detail in this dissertation. The predominantly cytoplasmic location 

of cellular PARG has been intriguing in light of the fact that most known PARPs 

have a nuclear localization. 

 

1.4.2 Poly (ADP-ribose) Glycohydrolase Biological Functions 

PARG catalyzes the hydrolysis of the O-linked α(1’’ → 2’) and α(1’’’ → 2’’) 

ribosyl-ribose linkages to produce free ADPR (Figure 1.1). Circa twenty years 

following the first partial purification of PARG and the identification of its 

exoglycosidic activity, it was demonstrated in 1994 by the Poirier group that 

highly purified PARG also exhibited endoglycosidic activity, enabling the 

hydrolysis of PAR at sites embedded within the PAR chains and resulting in the 

production  of  PAR   oligomers  [128].   Furthermore,  it  was  shown  that  PARG  
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EXON 1a  (‐16MVQAGAEKDAQSISLR‐1) 
 

EXON 1 
1MNAGPGCEPCTKRPRWGAATTSPAASDARSFPSRQRRVLDPKDAHVQFRVPPSSPACVPGRAGQ
HRGSATSL72 
 

EXON 2 
73VFKQKTITSWMDTKGIKTAESES95 
 

EXON 3 
96LDSKENNNTRIESMMSSVQKDNFYQHNVEKLENVSQLSLDKSPTEKSTQYLNQHQTAAMCKWQ
NEGKHTEQLLESEPQTVTLVPEQFSNANIDRSPQNDDHSDTDSEENRDNQQFLTTVKLANAKQTTED
EQAREAKSHQKCSKSCDPGEDCASCQQDEIDVVPESPLSDVGSEDVGTGPKNDNKLTRQESCLGNSP
PFEKESEPESPMDVDNSKNSCQDSEADEETSPGFDEQEDGSSSQTANKPSRFQARDADIEFRKRYSTK
GGEVRLHFQFEGGESRTGMNDLNAKLPGNISSLNVECRNSKQHGKKDSKITDHFMRLPKAEDRR424 
 

EXON 4 
425KEQWETKHQRTERKIPKYVPPHLSPDKKWLGTPIEEMRRMPRCGIRLPLLRPSANHTVTIRV486 
 

EXON 5 
487DLLRAGEVPKPFPTHYKDLWDNKHVKMPCSEQNLYPVEDE526 
 

EXON 6 
527NGERTAGSRWELIQTALLNKFTRPQNLK554 
 

EXON 7 
555DAILKYNVAYSKKWDFTALIDFWDK579 
 

EXON 8 
580VLEEAEAQHLYQSILPDMVKIALCLPNICTQ610 

 

EXON 9 
611PIPLLKQKMNHSITMSQEQIASLLANAFFCTFPRRNAKMKSEYSSYPDINFNR663 
 

EXON 10 
664LFEGRSSRKPEKLKTLFCYFRRVTEK689 
 

EXON 11 
690KPTGLVTFTRQSLEDFPEWER710 
 

EXON 12 
711CEKPLTRLHVTYEGTIEENGQGMLQ735 

 

EXON 13 
736VDFANRFVGGGVTSAGLVQEEIRFLINPELIISRLFTEVLDHNECLIIT784 
 

EXON 14 
785GTEQYSEYTGYAETYRWSRSHEDGSER811 
 

EXON 15 
812DDWQRRCTEIVAIDALHFRRYLDQFVPEKMRRELNK847 
 

EXON 16 
848AYCGFLRPGVSSENLSAVATGNWGCGAFGGDARLK882 
 

EXON 17 
883ALIQILAAAAAERDVVYFTFGDSELMRDIYSMHIFLTERKLTV925 

 

EXON 18 
926GDVYKLLLRYYNEECRNCSTPGPDIKLYPFIYHAVESCAETADHSGQRTGT976 
 

 
Figure 1.5. Protein Sequence Of Human PARG. The methionine residues 
encoded by the five start codons identified in the human PARG gene are in bold 
and underlined. The residues encoded by exon 1a are solely present in the 
hPARG60 isoform, which lacks the exons 1-3 encoded residues. Significant 
sequences within the PARG protein are highlighted: yellow, functional NLS; red, 
MTS; green, three catalytic residues encoded by exon 13; grey, glycine-rich 
region important for PARG function; magenta, tyrosine residue involved in 
inhibitor binding; black, putative caspase-3 cleavage sites; blue, putative NES 
sequences. 
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displays variable kinetic parameters as a function of polymer size, with its sub-

micromolar KM decreasing with an increase in polymer size and complexity. This 

suggested a biphasic mode of action of PARG, with the initial endoglycosidic 

cleavage of PAR covalently attached to modified proteins and subsequent 

exoglycosidic (or distributive) activity to degrade PAR oligomers into ADPR 

monomers [129]. The transient nature of PAR and the identification of PARG as 

the major enzyme responsible for its catabolism [130] have suggested a close 

coordination between the PARPs and PARG, and a subsequent importance of 

PARG in the maintenance of genomic integrity. 

 Several genetic and cellular studies have been carried out to understand 

the biological role of PARG. An early study examining the activity of nuclear 

PARG in the cell cycle of HeLa S3 cells showed that the hydrolysis of PAR by 

PARG in the late G1 phase was two-fold higher than that in the early G1 phase, 

and remained high throughout the S-G2-M phase, suggesting that PARG is 

involved in cell cycle progression [131]. Inhibition of PAR hydrolysis in the murine 

mammary tumor cell line 34i using a tannin compound suppressed the 

transcription of glucocorticoid-sensitive mouse mammary tumor virus (MMTV), 

adding regulation of gene transcription as a candidate role for PARG [132]. In 

addition, in vitro analysis of PARG activity in an apoptotic model system, in which 

mammalian HL60 cells were treated with the topoisomerase II inhibitor etoposide 

to cause DNA strand breaks, showed that PARG is activated in tandem with 

PARP-1 and is involved in apoptosis and DNA repair [133]. The observation that 
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PARG is cleaved by caspase-3 during apoptosis in human cells [134] further 

supports a role for PARG in apoptosis. However, the consequence of this 

cleavage is not similar to that of PARP-1 in that the cleaved C-terminal PARG 

products retain their catalytic activity. Hence, the purpose of this post-

translational processing of PARG in apoptosis needs further investigation. The 

putative caspase-3 cleavage sites of PARG are indicated in Figure 1.5 relative to 

the primary sequence of the protein.  

To better understand the physiological role of PARG in vivo, several 

genetic models have been developed. The first investigation of a loss-of-function 

mutant of PARG was reported in the plant Arabidopsis thaliana, in which a single 

point mutations within the active site of tej (the plant ortholog of parg) affected 

circadian rhythms, due to the continual, non-reversible automodification of PARP 

which resulted in the modulation of clock-controlled gene transcription rates 

[135]. A PARG mutant lacking the entire catalytic domain has also been 

generated in the fruitfly Drosophila melanogaster, which was shown to be lethal 

in the larval stage of normal development, indicating that PARG is essential for 

the development of the fruit fly [136]. An accumulation of PAR was observed in 

the central nervous system of the few flies that were able to develop into adults 

at an elevated temperature of 29°C, and this accumulation was for the first time 

observed outside of the nucleus. These findings highlighted a crucial role of 

PARG in normal neuronal cell function.  
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Consistent with the above findings, the full deletion of the PARG gene in a 

mouse model was reported to lead to early embryonic lethality [137], again 

highlighting the importance of PARG in development and suggesting a lack of 

compensatory mechanisms for the catabolism of PAR. In the same study, PARG-

deficient mouse embryonic trophoblast stem cells, kept alive in the presence of 

the PARP-1 inhibitor 3-ABA, showed accumulation of PAR and increased 

sensitivity to cytotoxicity. This cell hypersensitivity to low dose DNA-damaging 

agents was recently explained by the irreversible PAR modification of histones 

H1, H2 and H2B in the absence of PARG, which results in altered chromatin 

structure and increased DNA access to DNA-modifying agents [138].  

To overcome the lethal phenotype of the PARG null mutation, a 

hypomorphic mutant mouse was generated via the targeted deletion of exons 2 

and 3 of PARG, which depleted the nuclear full-length mPARG110 isoform, while 

maintaining the expression of the shorter isoforms [139]. These PARG∆2-3/∆2-3 (or 

PARG(110)-/-) mice were viable and fertile but exhibited hypersensitivity to 

alkylating agents and ionizing radiation, a phenotype identical to PARP-1-

deficient mice. MEFs carrying this hypomorphic mutation exhibited several 

hallmarks of genomic instability, including a high frequency of sister chromatid 

exchange, micronuclei formation, chromosomal aberrations and presence of 

supernumerary centrosomes [140]. Furthermore, these cells accumulated more 

Rad51 foci in response to the DNA replication inhibitor hydroxyurea, indicative of 
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a defective repair of replication forks. Taken together, these results confirm the 

role of PARG in DNA repair and in the maintenance of genomic stability.  

A role for PARG in spermiogenesis has also been suggested, and a 

recent report has shown that PARG∆2,3/∆2,3 sperm nuclei have nuclear 

condensation defects in differentiating spermatids due to failure to adequately 

remove core histones and other chromosomal proteins prior to sperm  

maturation; defects which were also observed in wild-type sperm of mice treated 

with the PARP-1 inhibitor PJ34 [141]. Hence, alterations of either arm of PAR 

metabolism cause poor sperm chromatin quality and abnormal nuclear structure 

which can lead to male infertility.  

The above genetic models have contributed enormously to our current 

understanding of the biological functions of PARG and have highlighted the 

significance of appropriate poly(ADP-ribose) homeostatic regulation in vivo. 

 

1.4.3 Poly(ADP-ribose) Glycohydrolase Inhibition 

 Due to the unique structure of the PARG substrate, the discovery and 

development of PARG inhibitors had a slow start. In 1989, almost twenty years 

following the discovery of PARG, a class of naturally occurring polyphenolic 

compounds known as the tannins were identified as competitive inhibitors of 

PARG activity in vitro [142, 143]. Hydrolizable tannins such as gallotannin 

(extracted from green tea and pine cones) and nobotanin B (extracted from the 

plant Tibouchina semidecandra) were unable to inhibit PARP-1 directly but were 
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shown to prevent PARP-1 mediated neuronal cell death by slowing down the 

turnover of PAR and thus limiting NAD+ consumption [144, 145]. Hence, through 

the inhibition of PARG these compounds were shown to have beneficial effects in 

PARP-mediated neuronal cell death. In spite of the moderate potency of these 

tannins, their selectivity for PARG remains questionable and it is possible that 

some of the observed beneficial effects are non-specific, such as their ability to 

scavenge reactive oxygen species [146]. Furthermore, the high molecular weight 

of these compounds makes them less than ideal from a drug development 

perspective. Reasonable inhibition of PARG has also been observed with DNA 

intercalators, such as ethacridine which has an IC50 value of approximately 7 µM 

[133, 147], but their use as therapeutic agents, however, has not been pursued 

mostly due to their considerable toxicity. 

 In 1995, work by the Jacobson group led to the synthesis of an NH-

analogue of ADP-ribose, adenosine diphosphate (hydroxymethyl)pyrrolidinediol 

(ADP-HPD), which proved to be a partial, noncompetitive inhibitor of PARG with 

a reported IC50 of approximately 120 nM [148, 149]. To date, this compound 

remains the most specific and selective inhibitor of PARG. Due to the high 

polarity of this compound, however, ADP-HPD is not cell permeable. While this 

limits its utility to in vitro structural studies of PARG, its specificity makes it an 

attractive pharmacophore for the development of cell permeable compounds. 

Structure-activity relationship (SAR) analyses of ADP-HPD, aimed to determine 

the effects of structure on inhibitor potency, led to the synthesis of additional 
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ADP-ribose analogues [150]. The structures of ADP-HPD and four of these 

analogues are shown in Figure 2.4. Efforts in rendering ADP-HPD membrane 

permeable by increasing the length and bulkiness of the 8-adenosyl substituents 

proved successful, but it resulted in a decrease in PARG inhibitory activity [150] 

and a rapid hydrolysis by phosphodiesterases once inside the cell (unpublished 

data). While an ADP-HPD analogue resistant to pyrophosphatase activity was 

synthesized, via the replacement of the phosphate group with a methylene 

group, this compound was found to possess no PARG inhibitory activity (see 

Chapter II). 

  A second generation of intercalator-like amide-based PARG inhibitors 

synthesized by Guilford Pharmaceuticals, Inc., have been used for in vivo studies 

due to their low molecular weights and good cell permeability properties. One of 

these compounds, N-bis-(3-phenyl-propyl)9-oxo-fluorene-2,7,diamide (GPI 

16552) was shown to be neuroprotective in a rat model of focal cerebral ischemia 

by reducing brain infarct volumes by 40-53% [151], an effect very similar to that 

observed with PARP-1 inhibitors. The same compound was also shown to 

significantly enhance the anti-tumor activity of temozolomide against melanoma 

growth in a mouse model [152], showing the potential for PARG inhibitors as 

chemosensitizers. Another inhibitor, GPI 18214, was found to substantially 

attenuate the septic-shock-like syndrome and inflammation caused by zymosan 

in mice [153]. The protective effects of GPI 18214 correlate with the observed 

reduction in polymorphonuclear leukocyte infiltration into the intestine and lung  
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Figure 1.6. Challenges Of Targeting PARG 
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observed in PARP-1 knock-out mice in several inflammatory models (reviewed in 

[56]). A later assessment of the above pharmacological tools, however, found 

that the inhibitory activity of GPI 16552, considered to be a potentially specific 

PARG inhibitor, was only 40% at a drug concentration of 80 µM, and had no 

effect on astrocyte death models compared with PARP inhibitors [146].  

The above findings, together with recent studies indicating that a precise 

coordinate regulation of PARPs and PARG is required for response to genotoxic 

stress [42, 154] suggest that the disruption of either arm of PAR cycles can 

provide therapeutic benefits in the multiple pathological conditions mentioned 

above. 

 

1.5 Hypothesis and Specific Aims 

 In spite of the discovery of PARG over 40 years ago [107], a number of 

obstacles have prevented this enzyme from being investigated as extensively as 

PARP-1. These obstacles include the unavailability of high-throughput 

biochemical assays, lack of structural aspects, and limited structure-activity 

relationship analyses of this enzyme, which have subsequently stalled the 

discovery and development of specific and cell permeable PARG inhibitors and 

the validation of PARG as a therapeutic target for the treatment of disease 

(Figure 1.6). The studies presented in this dissertation aim to test the hypothesis 

that recombinant human PARG produced by heterologous expression serves as 

a useful tool in the characterization of the structure-activity relationship and the 
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identification of structural features of this essential enzyme involved in the 

maintenance of genomic integrity.  

Three specific aims were devised in order to test this hypothesis: 1) To 

evaluate a novel high-throughput colorimetric assay for the rapid screening of 

inhibitors of PARG, 2) To devise expression and purification strategies designed 

to produce highly pure and soluble PARG protein suitable for structural studies, 

and 3) To identify essential structural features of PARG and provide insight into 

the molecular composition of the different PARG domains. The successful 

completion of this dissertation research will provide useful biochemical tools and 

shed light into the structure-activity relationship of this important enzyme. 
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CHAPTER TWO 

EVALUATION OF A HIGH-THROUGHPUT COLORIMETRIC ASSAY FOR 

POLY(ADP-RIBOSE) GLYCOHYDROLASE 

2.1 Abstract 

Poly(ADP-ribose) polymerases (PARPs) have emerged as potentially 

valuable therapeutic targets. The close coordination of PARP and poly(ADP-

ribose) glycohydrolase (PARG) activities and the biological effects of PARG 

inhibitors raise the possibility that PARG may also be a good therapeutic target. 

In this study, a commercial high-throughput assay for PARG developed by 

Trevigen, Inc. that measures loss of biotinylated poly(ADP-ribose) (PAR) from 

histones has been compared to a widely used assay that determines the release 

of ADP-ribose (ADPR) from radiolabelled PAR. The validity of both assays was 

demonstrated by a linear dependence of PAR loss (high-throughput) or ADPR 

released (radiolabelling) as a function of time and amount of PARG added.  The 

reproducibility is similar but the sensitivity of the high-throughput assay is 

approximately two-fold greater, likely due to its ability to detect both 

exoglycosidase and endoglycosidase activities of PARG, while the radiolabelling 

assay detects exoglycosidase activity only. The utility of the high-throughput 

assay was demonstrated by determining IC50 values for several known PARG 

inhibitors. A high-throughput, nonradioactive assay, which could potentially be 

modified to detect PARG endoglycosidase activity independent of 

exoglycosidase activity, will undoubtedly facilitate the evaluation of PARG as a 
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potential therapeutic target and lead to the identification of novel PARG 

inhibitors. 

 

2.2 Introduction 

Polymers of ADP-ribose (PAR) are synthesized from NAD+ by the action 

of poly(ADP-ribose) polymerases (PARPs) [21, 155] and PAR hydrolysis is 

catalyzed by poly(ADP-ribose) glycohydrolases [129]. Multiple genes encoding 

PARPs have been identified [155, 156] and these enzymes have been implicated 

in many different cellular functions including DNA repair, RNA transcription, 

centrosome function, and mitotic spindle assembly [157, 158]. In contrast, a 

single gene that encodes PARG activity has been identified in mammals [118], 

although the gene is expressed to generate multiple PARG isoforms specifically 

targeted to different cell compartments [119, 120, 127]. A novel gene encoding a 

structurally unrelated 39 kDa enzyme exhibiting low PARG activity, namely ADP-

ribose hydrolase-3 (ARH3), has been discovered [159, 160] but its role in the 

rapid, DNA damage dependent PAR degradation within cells remains to be 

elucidated. 

The best understood aspect of PAR metabolism is that which occurs in 

response to genotoxic stress, where PARP-1 and -2 activation by DNA strand 

breaks, formed directly by the DNA damaging agent or indirectly by DNA repair 

nucleases, leads to rapid nuclear PAR synthesis that is also accompanied by 

rapid PAR turnover catalyzed by PARG [13, 161, 162]. At high levels of DNA 
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damage, the coordinated activities of PARP-1 and -2 and PARG can selectively 

deplete the cellular NAD+ pool [163] with possible consequences on cellular 

energy metabolism and other reactions that use NAD+ as a substrate [157]. PAR 

metabolism plays an important role in cell fate determination following genotoxic 

stress, promoting cell survival following limited DNA injury [158] and increasing 

cell death following more extensive injury [86, 164]. This has led to the clinical 

development of PARP inhibitors as therapeutic agents used in combination with 

DNA alkylating agents [165-167] and as potential stand alone agents for 

treatment of BRCA related tumors [82, 168, 169]. 

More recent studies have raised the possibility that PARG may represent 

an attractive therapeutic target. A potent PARG inhibitor has been shown to act 

as a potent chemosensitizer for temozolomide in an animal model [152]. Both 

PARP and PARG inhibitors also show promise for the treatment of shock and 

ischemia-reperfusion injury [170], with PARG inhibitors demonstrating protective 

effects that compare favorably with PARP inhibitors [151]. These findings, 

together with recent studies indicating that a precise coordinate regulation of 

PARPs and PARG is required for response to genotoxic stress [42, 154] suggest 

that disruption of either arm of PAR cycles can provide therapeutic benefit in the 

multiple pathological conditions mentioned above. 

Studies of PARG would be greatly benefited by the availability of a high-

throughput assay for the enzyme. The most widely used PARG assay involves 

the release of ADPR monomers from radiolabelled PAR followed by their 
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separation by thin layer chromatography [9, 171]. Recently, a commercial high-

throughput assay for PARG has been developed by Trevigen, Inc. that does not 

utilize radioactivity. Described here is a comparison of the two assays whose 

differences are listed in Table 2.1. The overall conditions of the two PARG 

assays are quite different and no attempt is made to make them more 

comparable. The bulk of this work has been turned into a manuscript, which is 

currently in process and will soon be ready for submission to the target journal 

Analytical Biochemistry. 

 

2.3 Materials and Methods 

2.3.1 Materials  

The high-throughput, colorimetric PARG assay kits (Cat. No. 4681-096-K) 

were kindly provided by Trevigen, Inc. (Gaithersburg, MD). The Triton X-100, 

which is not provided with the kit, was purchased from EMD Chemicals, Inc. (San 

Diego, CA). The (α-32P)NAD+ was purchased from Perkin Elmer (Waltham, MA). 

ADP was purchased from Sigma-Aldrich (St. Louis, MO). The potent PARG 

inhibitor, ADP-HPD, and its analogs were prepared in our laboratory and their 

syntheses, except for inhibitor ADP(Me)-HPD, has  been previously described 

[148, 150].  
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Table 2.1. Conditions and Parameters Of the Radiolabelling and High-
Throughput PARG Assays. 
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2.3.2 Radiolabelling PARG Activity Assay 

This assay utilizes conditions previously reported [171]. Briefly, a typical 

reaction mixture was prepared  by  the addition of 5 µl of 3× glyco assay buffer  

[172], 2.5 µl of 60 µM [α-32P]PAR (approx. 6,000 cpm/µl) and 5 µl of deionized 

water. For the validation of the assay as a function of time, 3.3 milliunits of PARG 

was added to initiate each reaction, and the reaction mixtures were incubated at 

37°C for increasing amounts of time, ranging from 2.5 to 20 min. For the 

validation of the assay as a function of enzyme added, increasing amounts of 

PARG were added, ranging from 0.5 to 50 milliunits, and the reaction mixtures 

were incubated for 5 min. The reactions were then terminated by the addition of 2 

µl of 1% SDS. Next, 3 µl of each reaction mixture was loaded onto a 2 × 10 cm 

poly(ethyleneimine)-cellulose F TLC plate, pre-spotted with 1 µl of 40 mM ADP-

ribose. The spots were dried and the plates were placed into a TLC tank with 100 

ml of methanol and developed until the solvent front reached the top of the plate. 

The plates were then transferred into a second tank containing 100 ml of a 0.9 

M/0.3 M acetic acid/LiCl solution. Once developed, the plates were air-dried, and 

the origins and ADPR spots (visible under a short-wave UV lamp) were excised 

and placed into separate 20-ml scintillation vials containing 10 ml EcoLume. The 

radioactivity was measured using a Beckman liquid scintillation counter. The 

PARG activity is expressed as the percent conversion of PAR to ADPR and was 

calculated as follows: 

% conversion = [A / (B + A)] × 100 
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where A and B are the scintillation counts of the ADPR spot and PAR origin spot, 

respectively. 

 

2.3.3 High-Throughput Colorimetric PARG Activity Assay  

A schematic of the high-throughput colorimetric PARG assay is shown in 

Figure 2.1. Briefly, 25 µl of PARP enzyme (0.08 Units/µl diluted with the provided 

1× PARP buffer) was added to each histone-coated strip well, except for the 

PARP negative control. For this set of wells, the PARP was substituted with 25 µl 

of 1× PARP buffer. The PARP negative control serves as a measure of the 

nonspecific binding of Streptavidin-HRP80 to the histones in the strip wells during 

the detection step of the assay. Next, 25 µl/well of 1× PARP cocktail (prepared 

prior to the experiment by mixing 2.5 µl of 10× PARP cocktail, 2.5 µl of 10× 

activated DNA and 20 µl of 1× PARP buffer) was added using a multi-channel 

pipetting devise to initiate the ribosylation reaction. The strip wells were 

incubated at room temperature for 60 min and then washed 4 times with 200 

µl/well of 1× PBS containing 0.1% Triton X-100, ensuring that all of the liquid was 

removed following each wash. For the validation of the assay as a function of 

time, 3.3 milliunits of PARG were added to each well, except for the PARG 

negative control, and incubated at room temperature for 20, 40 or 60 min. For the 

validation of the assay as a function of enzyme added, increasing amounts of 

PARG were added, ranging from 0.5 to 50 milliunits (once again with the 

exception   of   the   PARG   negative   control   wells)   and   incubated   at  room  
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Figure 2.1. Schematic Representation Of the High-Throughput Colorimetric 
PARG Assay. The first step of the assay involves the poly(ADP-ribosyl)ation of 
histones bound to the bottom of a 96-well plate by PARP-1 in the presence of 
biotinylated NAD+. The resulting biotinylated PAR is subjected to hydrolysis by 
the addition of PARG, and the loss of PAR is measured using a streptavidin-
horseradish peroxidase-80 (Strep-HRP80) conjugate followed by treatment with 
its substrate TACS-Sapphire. The reaction is stopped by the addition of 0.2 M 
HCl and the absorbance read at A450. 
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temperature for 60 min. The strip wells were washed 4 times, as described 

above, and then 50 µl/well of Streptavidin-HRP80 (diluted 250-fold with 1× PARG 

buffer) was added. The strip wells were incubated at room temperature for 60 

min and washed once again as described above. Next, 50 µl/well of the TACS-

SapphireTM substrate was added, and the wells were incubated in the dark for 5-

10 min. The reaction was terminated by the addition of 50 µl/well of 0.2 M HCl 

and the absorbance of each well was measured at 450 nm, with the PARG 

negative control wells providing the 100% reference absorbance. The PARG 

activity is expressed as the percent cleavage of PAR and was calculated as 

follows: 

% cleavage = [(A – B) / A] × 100 

where A and B are the absorbance at 450 nm in the absence and in the 

presence of PARG, respectively. 

 

2.3.4 PARG Inhibitors Screening Using the High-Throughput Assay  

The histone poly(ADP-ribosyl)ation step was carried out as described in 

the high-throughput colorimetric PARG assay protocol above. In separate 

eppendorf tubes, 100 µl of twice-concentrated serial dilutions of each PARG 

inhibitor were mixed with an equal volume of 40 ng/ml of PARG. This ensured a 

final 20 ng/ml final concentration of PARG and a 1× final concentration of the 

inhibitors. A control tube without inhibitor was included by replacing each inhibitor 

with 100 µl of 1× PARG buffer. The tubes were incubated at room temperature 
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for 15 min, after which 50 µl/well of each mixture was added into triplicate strip 

wells. A PARG negative control was also included and in this set of wells 50 µl of 

1× PARG buffer was added. The strip wells were incubated at room temperature 

for 60 min and then washed 4 times with 200 µl/well of 1× PBS containing 0.1% 

Triton X-100, ensuring that all of the liquid was removed following each wash. 

The strip wells were then detected as described in the high-throughput 

colorimetric PARG assay protocol above. 

 

2.3.5 Data Analysis  

A unit of PARG activity was defined as the amount of enzyme required to 

release 1 nmol of ADPR from PAR per minute under the conditions of the two 

assays described above. Knowledge of the initial [α-32P]PAR substrate 

concentration in the radiolabelling PARG assay allowed for the number of units of 

PARG to be calculated as follows: 

U = [p × mol] / t 

Where U is the number of units of PARG in nanomoles per minute (nmol min-1) , 

p is the percent conversion of PAR to ADPR, mol is the number of moles of [α-

32P]PAR substrate in the reaction mixture in nanomoles, and t is the incubation 

time in minutes.  

 



65 
 

 

Figure 2.2. PARG Activity As a Function Of Time. Validation of the 
radiolabelling (panel A) and high-throughput (panel B) PARG assays over 
different time frames. Data are the average of three independent experiments, 
each conducted in triplicate. 
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2.4 Results and Discussion 

2.4.1 Linearity Of the Assays As a Function Of Time  

Figure 2.2 compares the linearity of the radiolabelling and high-throughput 

assays as a function of time. Both assays demonstrate linearity in terms of 

conversion of PAR to ADPR (radiolabelling) or disappearance of PAR (high-

throughput) despite the different time frames used. The radiolabelling assay 

typically uses an incubation time of 5 min, although the release of ADPR is linear 

with respect to time for at least 20 min (Figure 2.2, panel A). The high-throughput 

assay also shows a linear disappearance of PAR for up to 60 min (Figure 2.2, 

panel B), which is the current incubation time recommended in the commercial 

assay kit. As will be discussed below, the linear disappearance of PAR over the 

60 min period demonstrates the potential for flexibility in the high-throughput, 

commercial assay depending upon the research application. 

 

2.4.2 Sensitivity and Range Of Linearity Of the Assays As a Function Of 

Enzyme Added  

The amount of ADPR released in a standard 5-min radiolabelling assay 

and the PAR disappearance in the high-throughput assay as a function of PARG 

enzyme added were compared. The units of PARG shown were calculated from 

the radiolabelling assay, as explained in Materials and Methods, with a unit of 

PARG activity being defined as the amount of PARG that will release 1 nmol of 

ADPR from PAR per minute under the conditions of the assay. The results  
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Figure 2.3. PARG Activity As a Function Of Enzyme Added. Comparison of 
the radiolabelling (circles) and high-throughput (triangles) PARG assays over a 
narrow range (0.5 to 12 milliunits) (A) and a wider range (up to 50 milliunits) (B) 
of PARG enzyme added. Note the two-fold greater sensitivity of the high-
throughput assay in comparison to the radiolabelling assay. Data are the average 
of three independent experiments, each conducted in triplicate. 
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demonstrate a linear response between 0.5 and 12 milliunits (pmol/min-1) for both 

assays (Figure 2.3, panel A). The amount of disappearance of PAR per amount 

of active enzyme is approximately two-fold greater in the high-throughput assay 

than the amount of ADPR formed in the radiolabelling assay, showing a greater 

sensitivity of the former assay. This difference is most likely due to the 

endoglycosidase activity of PARG [173], which is measured by the high-

throughput assay but not by the radiolabelling assay. In the high-throughput 

assay, endoglycosidase activity releases protein-free PAR, which is in turn 

removed from the microtiter plate well upon washing. In the radiolabelling assay, 

on the other hand, the protein-free PAR produced by endoglycosidase activity 

does not migrate with ADPR upon separation by thin layer chromatography, 

hence only the exoglycosidase activity of PARG is being measured. 

Over a wider range of enzyme, where up to 50 milliunits of PARG were 

added to the assays, the amount of ADPR release or PAR disappearance is not 

linear and begin to plateau at circa 20 milliunits (Figure 2.3, panel B). Again, the 

amount of PAR disappearance per unit of enzyme is greater than the amount of 

ADPR released, consistent with the postulation that the greater activity observed 

with the high-throughput assay is accounted for by the endoglycosidase activity 

of the enzyme.  

The validation of the radiolabelling and high-throughput assays with 

respect to time and the amount of enzyme added demonstrates that the assays 

are of comparable reproducibility and sensitivity. Furthermore, this comparison  
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Figure 2.4. Structures Of ADP-HPD and Related Compounds Tested As 
PARG Inhibitors To Evaluate the Screening Potential Of the High-
Throughput PARG Assay. 
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allows for the approximate determination of units of PARG activity by use of the 

following relationship. Each 1% loss of PAR under the conditions of the high-

throughput assay corresponds to approximately 0.3 milliunits of PARG. Such a 

relationship can be helpful in determining and comparing specific PARG activity, 

for example, in crude cell extracts, in sub-cellular fractions, and of purified 

proteins. 

 

2.4.3 Determination Of IC50 Values For Several Known PARG Inhibitors  

The screening potential of the high-throughput PARG assay was 

evaluated using the most specific and potent, non-competitive PARG inhibitor 

adenosine 5’ diphosphate (hydroxymethyl) pyrrolidinediol (ADP-HPD) and five 

related compounds whose structures are shown in Figure 2.4. The analysis of 

the inhibition curve of ADP-HPD revealed an IC50 value of 0.3 µM, which is in 

good agreement with previously reported values [148, 150].  The 8-adenosyl 

substituted analogue, 8-AHA-ADP-HPD, and the N6-adenosyl substituted 

analogue, N6-hexyl-ADP-HPD, as expected, exhibited a loss of inhibitor potency 

with higher IC50 values of 0.8 µM and 40 µM, respectively (Figure 2.5). It should 

be noted, however, that the IC50 values obtained for these analogs using the 

high-throughput PARG assay are about one order of magnitude lower than the 

values previously determined using the radiolabelling PARG assay [150], 

suggesting that these compounds are perhaps more potent endoglycosidic than 

exoglycosidic  inhibitors  of  PARG  (Table 2.2).  This  pattern was also observed  
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Figure 2.5. Determination Of IC50 Values For ADP-HPD and Related 
Compounds Using the High-Throughput PARG Assay. Inhibition analyses 
were performed by adding varying concentrations of the inhibitor to the high-
throughput PARG assay as described in Materials and Methods. The compounds 
tested as inhibitors were ADP-HPD (closed circles), 8-AHA-ADP-HPD (upward 
closed triangles), N6-hexyl-ADP-HPD (open circles), ADP(Me)-HPD (downward 
closed triangles) and ADP (closed squares). Data are the average of three 
independent experiments, each conducted in triplicate. 
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Table 2.2. Comparison Of IC50 Values Of ADP-HPD and Four Related 
Compounds. 
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with two less-potent inhibitors of PARG, namely ADP and adenosine 5’ 

methylene diphosphanate-HPD, ADP(Me)-HPD, whose IC50 values were 200 µM 

and 335 µM, respectively. 

Despite the potency and selectivity of ADP-HPD for PARG, this compound 

is highly polar and therefore does not readily traverse the plasma membrane. For 

this reason, as well as the lack of more cell permeable inhibitors of PARG, the 

elucidation of PARG function in vivo and the validation of PARG as a therapeutic 

target have been greatly hindered. In addition to eliminating the need for 

preparation and disposal of radioactive material, the availability of this novel 

assay should greatly aid in the identification of potent, selective and cell 

permeable PARG inhibitors by allowing for the screening of large compound 

libraries in a high-throughput manner, subsequently facilitating the evaluation of 

PARG as a potential therapeutic target.   

 

2.4.4 Potential Modification Of the High-Throughput PARG Assay To Determine 

Endoglycosidase Activity  

The biological significance of both the exoglycosidase and 

endoglycosidase activities of PARG has long been an intriguing question. It is 

currently believed that PARG exhibits endoglycosidic activity first and catabolizes 

PAR to smaller sized oligomers, which are subsequently further catabolized into 

ADPR monomers by exoglycosidic activity [128, 174]. Indeed, a hypothesis can 

be  made  that  the   endoglycosidase  activity  of  PARG  is  the  key  to  PARP-1  
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Figure 2.6. Proposed Modification Of the High-Throughput Colorimetric 
Assay To Detect PARG Endoglycohydrolase Activity Independent Of 
Exoglycosidic Activity. Histone-biotinylated PAR polymers are subjected to a 
very limited treatment with snake venom phosphodiesterase (SVP). This 
generates PAR termini resistant to the exoglycohydrolase activity of PARG and 
prevents the generation of free ADPR observed with unmodified PAR polymers. 
The measured loss of PAR in the assay, therefore, would be directly associated 
with the endoglycosidic activity of PARG which generates PAR oligomers. 
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dependent cell death. The much higher exoglycosidase activity of PARG, 

however, has made the determination of the endoglycosidase activity very 

difficult, and no current assay exists that detects solely PARG endoglycosidase 

activity. The studies described here suggest the possibility that this high-

throughput assay may be adapted for such a purpose (Figure 2.6). A general 

approach would be to subject the histone-biotinylated PAR substrate to a very 

limited treatment with snake venom phosphodiesterase, which would be 

predicted to generate PAR termini resistant to PARG, hence preventing the 

generation of free ADPR by exoglycosidic cleavage. In this case, the measured 

loss of PAR in the assay would be directly associated with the endoglycosidase 

activity of PARG. Such a specific assay could prove to be very beneficial in 

highlighting the biological role and importance of the endoglycosidic activity of 

PARG and further validate this enzyme as a potential therapeutic target for the 

treatment of a variety of medical conditions, including diseases of uncontrolled 

cell proliferation, such as cancer, and those of uncontrolled cell death, such as 

neurodegeneration and ischemia-reperfusion injury. 
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CHAPTER THREE 

STRATEGIES FOR LARGE-SCALE EXPRESSION AND PURIFICATION OF 

POLY(ADP-RIBOSE) GLYCOHYDROLASE 

3.1 Abstract 

Poly(ADP-ribose) glycohydrolase (PARG) catalyzes the hydrolysis of   

α(1’’ → 2’) or α(1’’’ → 2’’) O-glycosidic linkages of poly(ADP-ribose) (PAR) to 

produce free ADP-ribose (ADPR). In spite of great strides in understanding the 

biological functions of PARG, knowledge of its protein structure has been 

hindered by difficulties in obtaining large quantities of pure PARG protein. These 

difficulties lie in the low cellular abundance of the enzyme and its sensitivity to 

proteolytic degradation during purification. To identify an optimum expression 

and purification system for structural and functional studies of PARG, two vectors 

were constructed expressing a catalytically active 59 kDa C-terminal human 

PARG fragment (hPARG59) fused to either a C-terminal hexahistidine (His6) tag 

alone or with a N-terminal maltose binding protein (MBP) tag. MBP was found to 

promote the solubility and increase the expression yield of hPARG59. Its use as 

an affinity tag for purification, however, was not as efficient as the His6 tag, 

resulting in lower protein purity that could not be improved by more stringent 

purification conditions. Protease cleavage site predictions identified a factor Xa 

and a thrombin site located near the C-terminal end of hPARG59, suggesting 

sensitivity of PARG to proteolytic degradation by these proteases. Treatment with 

thrombin and enterokinase resulted in non-specific cleavage of hPARG59, while 
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Tobacco Etch Virus protease (TEV) did not exhibit any specificity for hPARG59. 

With these findings, a catalytically-active and cleavable hPARG59 construct was 

designed with a N-terminal dual His6-MBP tag separated from hPARG59 by a 

linker region containing a TEV cleavage site. While this construct was efficiently 

purified by Ni2+ metal affinity chromatography, large-scale cleavage of the dual 

affinity tag by TEV resulted in hPARG59 protein precipitation, demonstrating the 

insolubility of hPARG59 at high concentrations. While this cleavable hPARG59 

purification and expression system could be useful in structural studies requiring 

low protein concentrations, its use in x-ray crystallographic studies does not 

appear to be feasible. For this reason, an uncleavable hPARG59 construct was 

designed using an alternative approach in protein crystallography consisting of a 

fixed arm carrier in combination with surface entropy reduction. A mutant MBP 

fusion construct was generated containing surface mutations designed to reduce 

surface entropy and encourage crystal lattice formation, and was fixed to 

hPARG59 by a short, rigid linker composed of six residues to remove the 

impediment of conformational heterogeneity that exists in the presence of long 

flexible linkers. This alternative approach allowed for crystal screens to be carried 

out with soluble milligram amounts of hPARG59, and the screens produced very 

fine needle-like crystal clusters. While attempts in optimizing the crystal screen 

conditions to produce larger crystals were unsuccessful and protein structure 

determination by x-ray crystallography could not be pursued, the constructed 
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uncleavable hPARG59 fusion protein offers a promising tool for large-scale 

structure/activity studies of the difficult to study PARG protein.    

 

3.2 Introduction 

Poly(ADP-ribosyl)ation is a transient, dynamic and reversible post-

translational modification of proteins involved in a host of biological functions [8, 

175]. Poly(ADP-ribose) (PAR) is synthesized by members of the poly(ADP-

ribose) polymerase (PARP) family of enzymes. PARP-1 (ARTD1), the founding 

family member, has been the most extensively studied. In response to DNA 

damage, it uses NAD+ to synthesize linear or multibranched PAR on specific 

target proteins including itself in an automodification reaction. Genome-wide 

sequence analyses in human have revealed 17 different genes encoding 

enzymes with sequence homology to the active site of PARP-1 [20, 158]. While 

the proteins encoded by these genes share homology, to date only six of them 

have demonstrated polymerase activity [21, 155] and are thus often referred to 

as the ‘bona fide’ PARP family members [175].  

In contrast, only a single PARG gene with a clearly defined function in 

PAR catabolism has been detected in mammals [116]. A novel gene encoding a 

39 kDa enzyme with low PARG activity, namely (ADP-ribose) hydrolase 3 

(ARH3), has been identified and characterized [159, 160, 176], but the extent to 

which this structurally-unrelated enzyme participates in the rapid, DNA damage-

dependent PAR turnover within the cell remains to be elucidated. Furthermore, 
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the embryonic lethality of mice with a total knock out of the PARG gene 

demonstrates that ARH3 cannot replace PARG. The PARG gene encodes a full-

length 111 kDa nuclear protein (hPARG111) and several smaller isoforms that 

are located in different cell compartments. These isoforms resulting from 

alternative splicing include hPARG102, hPARG99 and hPARG60, which lack the 

nuclear localization signal and are therefore extranuclear [119, 120], and 

hPARG55 which localizes to the mitochondria thanks to the presence of a N-

terminal mitochondrial targeting sequence (MTS) [120].  

In spite of the fact that PARG was discovered almost 40 years ago [107], 

progress in understanding its biological functions and structural features has 

been slow. This is attributed to its low abundance within eukaryotic cells and its 

extreme sensitivity to proteolysis. While the abundance issue was solved by the 

isolation of the first PARG cDNA from bovine [116], which allowed for large 

amounts of recombinant PARG protein to be expressed in vitro, the susceptibility 

of PARG to proteases still poses difficulties. Furthermore, the often observed 

tendency of PARG to precipitate out of solution when highly concentrated and 

the large size of all PARG isoforms (>50 kDa) pose additional challenges in the 

pursuit of large amounts of pure protein for high resolution protein structure 

determination by nuclear magnetic resonance (NMR) spectroscopy and x-ray 

crystallographic methods. 

The work reported here describes in detail strategies developed for large-

scale structural studies of PARG with the ultimate objective of obtaining milligram 
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quantities of highly purified, soluble protein suitable for x-ray crystallographic 

analysis. Solving the structure of a protein using x-ray crystallography is 

accomplished via a multi-stage process that requires successful completion of 

each stage before proceeding to the next. Once soluble protein is obtained and 

purified, it must be crystallized in a form that yields diffraction quality crystals, 

which can also represent a serious hurdle. According to recent statistics from the 

Joint Center for Structural Genomics (http://www.jcsg.org), only 9.8% of 

expressed proteins generate crystals of sufficient size and quality for x-ray 

screening. Of these crystals, 74% demonstrate adequate diffraction for data 

collection. Despite having diffraction-quality crystals, however, only 50% of these 

are actually solved. The expression and purification strategies devised in this 

work were designed to overcome probable difficulties along the crystallography 

pipeline, and determine the 3-dimensional structure of PARG. In addition, they 

provide valuable tools for deepening our understanding of the relationship 

between the structure and biological activity of this problematic PARG protein.  

 

3.3 Materials and Methods 

3.3.1 Materials  

PhusionTM High-Fidelity DNA Polymerase kits were obtained from New 

England Biolabs. Restriction endonucleases BamHI, EcoRI, HindIII, NdeI, SalI, 

as well as dNTPs, Klenow fragment, shrimp alkaline phosphatase (SAP), T4 

DNA ligase and their respective buffers were purchased from Fermentas. 
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Restriction endonuclease AgeI was purchased from New England Biolabs. The 

QIAquik gel extraction kit, the MinElute PCR purification kit, the MinElute 

Reaction Cleanup kit, the QIAprep spin miniprep kit, the QIAexpress mouse anti-

pentaHis-HRP conjugate antibody and the Classics Suite (NeXtal tubes) 

crystallization kits were purchased from Qiagen. E. coli strain TOP10, Ni-NTA 

agarose resin, EnterokinaseMaxTM (EkMaxTM) and the mouse anti-His(C-term)-

HRP conjugate antibody were purchased from Invitrogen. E. coli strain K12 TB1, 

plasmid pMAL-c2x and Amylose resin were purchased from New England 

Biolabs. Plasmid pMAL-c2x-Ek-hPARG59-His6 had previously been constructed 

in our laboratory and was readily available. ProTEV protease was purchased 

from Promega and Thrombin protease was purchased from GE Healthcare. 

Electroporation cuvettes (0.1 cm, 20-80 µl) were purchased from USA Scientific. 

Bacto-tryptone and yeast extract were purchased from BD Difco. Vivaspin 15 

(50K MWCO) concentrators were purchased from ISC BioExpress and PVDF 

membranes for western blotting were purchased from Bio-Rad. 

 

3.3.2 Construction Of Plasmid p-hPARG59-His6  

Plasmid p-hPARG59-His6 was prepared by the removal of the malE gene 

from plasmid pMAL-c2x-Ek-hPARG59-His6, which had previously been made 

and was already available in the laboratory. Plasmid pMAL-c2x-Ek-hPARG59-

His6 (2 µg) was digested with 30 units NdeI restriction endonuclease for 1 h at 

37°C in 1× R+ buffer [10 mM Tris-HCl (pH 8.5), 10mM MgCl2, 100 mM KCl and 
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0.1 mg/ml BSA], and purified using the MinElute Reaction Clean up kit. The 

plasmid was digested a second time with 30 units SalI restriction endonuclease 

for 1 h at 37°C in 1× O+ buffer [50 mM Tris-HCl (pH 7.5), 10 mM MgCl2, 100 mM 

NaCl and 0.1 mg/ml BSA] and separated from the cleaved malE gene by gel 

electrophoresis. The plasmid was excised from the 1% agarose gel, purified 

using the QIAquick gel extraction kit and amplified using 10 units Klenow 

fragment for 10 min at 37°C in 1× Klenow buffer [50 mM Tris-HCl (pH 8.0), 5 mM 

MgCl2 and 1mM DTT]. The reaction was stopped with a 10-min incubation at 

70°C and the blunt-ended plasmid was religated using 4 units T4 DNA ligase for 

16 h at room temperature in 1× T4 DNA ligase buffer [40 mM Tris-HCl (pH 7.8), 

10 mM MgCl2, 10 mM DTT and 0.5 mM ATP]. 

 

3.3.3 Construction Of Plasmid pMAL-His6-malE  

Plasmid pMAL-His6-malE was prepared by the replacement of the malE 

gene from the commercially-available plasmid pMAL-c2x with a modified malE 

gene in which coding bases for six histidine residues (His6) were inserted at its 5’ 

end. The modified insert was termed His6-malE and was synthesized by 

polymerase chain reaction (PCR) using forward primer His6-malE-for and reverse 

primer malE-rev (Table 3.1). The primers were designed to include a NdeI 

restriction site at the 5’ end and a BamHI site at the 3’ end of the PCR product. In 

a thin-wall 0.2-ml PCR tube, 1 µl of 10 µM of each primer was mixed with 1 µl of 

10 ng/µl pMAL-c2x vector as the DNA template, 1 µl of 10 mM dNTP, 10 µl of 5×  
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Table 3.1. Primers Used In the Identification Of an Optimum Expression and 
Purification System For PARG. 
 

 

Each primer is listed with its respective sequence, percentage of GC content and 
melting temperature (Tm). The GC content and Tm were calculated using the IDT 
SciTools OligoAnalyzer 3.0 tool available through the IDT website (http:// 
www.idtdna.com/analyzer/Applications/OligoAnalyzer/).  
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PhusionTM HF buffer (containing 7.5 mM MgCl2), 1 unit of PhusionTM High-Fidelity 

DNA polymerase and 35.5 µl of autoclaved H2O to bring the final volume to 50 µl. 

The PCR reaction was began with an initial denaturation step at 98°C for 30 sec, 

followed by 10 cycles of denaturation, annealing and elongation steps at 98°C for 

10 sec, 41°C for 30 sec and 72°C for 30 sec, respectively. These were then 

followed by 20 cycles of denaturation, annealing and elongation steps at 98°C for 

10 sec, 68°C for 30 sec and 72°C for 30 sec, respectively. A final elongation at 

72°C was carried out for 5 min and the reaction was stopped at 4°C. The PCR 

reaction quality and yield was checked by gel electrophoresis. The PCR product 

of circa 1000 base pairs was excised from the agarose gel, purified using the 

MinElute PCR purification kit, and digested separately with 30 units NdeI and 

BamHI for 1 h at 37°C in O+ buffer [50 mM Tris-HCl (pH 7.5), 10 mM MgCl2, 100 

mM NaCl and 0.1 mg/ml BSA] and in BamHI buffer [10 mM Tris-HCl (pH 8.0), 5 

mM MgCl2, 100 mM KCl, 0.02% Triton X-100 and 0.1 mg/ml BSA], respectively, 

so as to produce the sticky ends necessary for cloning into a digested pMAL-c2x 

vector lacking the malE gene. Plasmid pMAL-c2x (2 µg) was digested with NdeI 

and BamHI, as described above for the His6-malE PCR product, resulting in the 

removal of the entire malE gene as well as the downstream factor Xa cleavage 

site coding bases. The digested plasmid was dephosphorylated with 2 units of 

SAP at 37°C for 45 min in 1× SAP buffer [1M diethanolamine-HCl (pH 9.8), 0.5 

mM MgCl2 and 10 mM 4-nitrophenylphosphate] followed by inactivation at 65°C 

for 15 min. The dephosphorylated plasmid was separated from the digested 
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malE gene by gel electrophoresis, excised and purified using the QIAquik gel 

extraction kit. The newly synthesized His6-malE insert was cloned into the 

digested pMAL-c2x plasmid via a 16 h ligation reaction at room temperature 

using 4 units of T4 DNA ligase.  

 

3.3.4 Construction Of Plasmid pMAL-His6-malE-TEV-hPARG59  

Plasmid pMAL-His6-malE-TEV-hPARG59 was prepared by cloning 

hPARG59 with TEV protease cleavage site coding bases at its 5’ end (TEV-

hPARG59) into plasmid pMAL-His6-malE. The TEV-hPARG59 insert was 

synthesized by PCR using forward primer TEV-hP59for and reverse primer 

hP59rev (Table 3.1). The primers were designed to include a SalI restriction site 

at the 5’ end and a PmeI site at the 3’ end of the PCR product. The PCR reaction 

was prepared and carried out as described for plasmid pMAL-His6-malE (see 

section 3.3.3), but using plasmid pMAL-c2x-Ek-hPARG59-His6 as the DNA 

template, and using 48°C as the annealing temperature for the first 10 cycles and 

69°C for the final 20 cycles. The PCR product was analyzed by gel 

electrophoresis, excised from the agarose gel and digested first with 30 units of 

SalI at 37°C for 1 h in 1× O+ buffer and then with 30 units of PmeI at 37°C for 1 h 

in 1× NEBuffer 4 [20 mM Tris-acetate (pH 7.9), 50 mM potassium acetate, 10 

mM magnesium acetate, 1 mM DTT and 1 mg/ml BSA]. Following each 

digestion, the PCR product was purified using the MinElute PCR purification kit. 

Next, 2 µg plasmid pMAL-His6-malE was digested with 30 units of HindIII at 37°C 
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for 1 h in 1× R+ buffer and immediately polymerized with 10 units of Klenow 

fragment at 37°C for 10 min in 1× Klenow buffer to convert the sticky ends into 

blunt ends. The reaction was stopped with a 10 min incubation at 70°C. The 

plasmid was then digested with 30 units of SalI at 37°C for 1 h in 1× O+ buffer 

and dephosphorylated with 2 units of SAP at 37°C for 45 min in 1× SAP buffer. 

The reaction was stopped with a 15 min incubation at 65°C. The TEV-hPARG59 

insert was cloned into the digested pMAL-His6-malE plasmid via a 16 h ligation 

reaction at room temperature with 4 units of T4 DNA ligase in 1× T4 DNA ligase 

buffer.   

  

3.3.5 Construction Of Plasmid pMAL-His6-malE(mut)-NAAAEF  

Plasmid pMAL-His6-malE(mut)-NAAAEF was prepared by the replacement 

of the malE gene in the commercially-available pMAL-c2x plasmid with a His6-

malE insert in which three single bases at the 3’ end were mutated to produce 

amino acid mutations E360A, K363A and D364A in the MBP affinity tag when 

expressed. In addition, the insert included a short 18 base-pair chain 

downstream of the mutant malE gene to produce a rigid linker region composed 

of six residues, namely NAAAEF, when expressed. The insert was termed His6-

malE(mut), and was synthesized by PCR using forward primer pMAL-His6-malE-

for2 and reverse primer malE-NAAAEF-rev2 (Table 3.1). The primers were 

designed to include a NdeI restriction site at the 5’ end and a EcoRI site at the 3’ 

end of the PCR product. The PCR reaction was prepared and carried out as 
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described for plasmid pMAL-His6-malE (see section 3.3.3) but using an 

annealing temperature of 40°C for the first 10 cycles and 66°C for the final 20 

cycles. The PCR reaction quality and yield was checked by gel electrophoresis, 

excised from the agarose gel and purified using the MinElute PCR purification kit. 

The total PCR product and 2 µg plasmid pMAL-c2x were each digested with 30 

units of NdeI at 37°C for 1 h in 1× O+ buffer and with 30 units of EcoRI at 37°C 

for 1 h in 1× EcoRI buffer [33 mM Tris-acetate (pH 7.9), 10 mM magnesium 

acetate, 66 mM potassium acetate and 0.1 mg/ml BSA]. The PCR product was 

purified using the MinElute PCR purification kit, and the digested plasmid pMAL-

c2x was separated from the cleaved malE gene by gel electrophoresis and 

dephosphorylated with 2 units of SAP at 37°C for 45 min in 1× SAP buffer. The 

reaction was stopped with a 15 min incubation at 65°C. The His6-malE(mut)-

NAAAEF insert was cloned into the digested pMAL-c2x via a 16 h ligation 

reaction at room temperature with 4 units of T4 DNA ligase in 1× T4 DNA ligase 

buffer.   

 

3.3.6 Construction Of Plasmid pMAL-His6-malE(mut)-NAAAEF-hPARG59  

The hPARG59 insert was synthesized by PCR using forward primer 

hP59for2 and reverse primer hP59rev (Table 3.1). The primers were designed to 

include an EcoRI restriction site at the 5’ end and a PmeI site at the 3’ end of the 

PCR product. The PCR reaction was prepared and carried out as described for 

plasmid pMAL-His6-malE (see section 3.3.3), but using plasmid pMAL-c2x-Ek-
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hPARG59-His6 as the DNA template, and using 56°C as the annealing 

temperature for the first 10 cycles and 66°C for the final 20 cycles. The PCR 

product was analyzed by gel electrophoresis, excised from the agarose gel and 

digested first with 30 units of EcoRI at 37°C for 1 h in 1× EcoRI buffer and then 

with 30 units of PmeI at 37°C for 1 h in 1× NEBuffer 4. Following each digestion, 

the PCR product was purified using the MinElute PCR purification kit. Next, 2 µg 

plasmid pMAL-His6-malE(mut)-NAAAEF was digested with 30 units of HindIII at 

37°C for 1 h in 1× R+ buffer and immediately polymerized with 10 units of Klenow 

fragment at 37°C for 10 min in 1× Klenow buffer to convert the sticky ends into 

blunt ends. The reaction was stopped with a 10 min incubation at 70°C. The 

plasmid was then digested with 30 units of EcoRI at 37°C for 1 h in 1× O+ buffer 

and dephosphorylated with 2 units of SAP at 37°C for 45 min in 1× SAP buffer. 

The reaction was stopped with a 15 min incubation at 65°C. The hPARG59 insert 

was cloned into the digested pMAL-His6-malE(mut)-NAAAEF plasmid via a 16 h 

ligation reaction at room temperature with 4 units of T4 DNA ligase in 1× T4 DNA 

ligase buffer.   

 

3.3.7 Plasmid Amplification  

The ligation reaction product (1 µl) was diluted into 19 µl autoclaved H2O 

and added to a thawed 50 µl aliquot of electrocompetent E. coli TOP10 strain 

bacteria. The mixture was gently pipetted into an electroporation cuvette with a 

0.1 cm chamber gap ensuring no air bubbles were introduced and the cuvette 
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was incubated on ice for at least 5 min. The plasmid was transformed by 

electroporation using an ElectroCell Manipulator 600 (BTX) with the charging 

voltage set at 1.83 kV, the mode set at 2.5 kV/Resistance in high voltage, the 

capacitance set at 25 µF and the resistance set at 129 Ohms so as to produce a 

desired pulse length of 4.25-4.27 1/e. Next, 500 µl SOC buffer was quickly added 

to the cells, contents were transferred into an eppendorf tube and incubated at 

37°C with shaking at 600 rpm for 30 min. The cells were plated on two pre-

warmed agar plates containing 100 µg/ml ampicillin, and incubated in the dark at 

37°C for 12-16 h. Up to ten bacterial colonies were picked, inoculated into 5 ml 

LB broth medium [10 g/L Bacto-tryptone, 5 g/L yeast extract and 10 g/L NaCl] 

containing 100 µg/ml ampicillin and grown at 37°C with vigorous shaking (circa 

250 rpm) for 12-16 h. The plasmid DNA from each culture was purified using the 

QIAprep spin miniprep kit and analyzed by diagnostic digest using strategically 

chosen restriction endonucleases. Plasmid p-hPARG59-His6 minipreps were 

digested with EcoRV and BglII and those resulting in the production of two bands 

of 6400 and 670 base pairs by gel electrophoresis were chosen for sequencing. 

Plasmids pMAL-His6-malE and pMAL-His6-malE(mut)-NAAAEF minipreps were 

digested with NdeI and SacI and those which did not produce a band of circa 

1000 base pairs by gel electrophoresis, hence not cleaved by SacI, were chosen 

for sequencing. Plasmid pMAL-His6-malE-TEV-hPARG59 minipreps were 

digested with SalI and KpnI and plasmid pMAL-His6-malE(mut)-NAAAEF-

hPARG59 minipreps with EcoRI and KpnI, and those resulting in the production 
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of a 800 base-pair band by gel electrophoresis were chosen for sequencing. 

Large-scale production of each chosen plasmid was carried out using the Qiagen 

plasmid maxi kit, and plasmids were submitted to the University of Arizona 

Genetic Analysis and Technology Core Service Facility for DNA sequencing. 

 

3.3.8 Fusion Protein Expression  

Each plasmid (1 µg) was diluted 1:20 in autoclaved H2O and transformed 

into the electrocompetent E. coli K12 TB1 strain bacteria as described in section 

3.3.7. Cells were grown in Rich broth medium containing 100 µg/ml ampicillin 

until the A600 reached 0.5-0.6. The volume of Rich broth medium used was based 

on the type of experiment. For optimization studies, cells were grown in 500 ml-1 

L Rich broth medium, while for crystallization studies the volume was 6-12 L. A 

200 µl sample of the uninduced culture was taken for Coomassie blue staining 

analysis, centrifuged and the pellet resuspended in 20 µl 1× protein sample 

buffer [63 mM Tris-HCl (pH 6.8), 10% glycerol, 2% SDS and 0.0025% 

bromophenol blue] and ran on a 10% or 12.5% SDS-PAGE. Expression of the 

desired protein was induced by the addition of IPTG to the culture medium at a 

final concentration of 0.3 mM and cells were then grown for an additional 2-3 h at 

37°C. A 100 µl sample of the induced culture was collected by centrifugation and 

the pellet resuspended in 20 µl of 1× protein sample buffer and ran on a 10% or 

12.5% SDS-PAGE and proteins were examined by Coomassie blue staining. The 
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cultured cells were harvested by centrifugation, flash-frozen in liquid N2 and 

stored at -80°C.  

 

3.3.9 Fusion Protein Purification By Ni-NTA Metal Affinity Chromatography  

Thawed cells were resuspended in cold, filtered and degassed Ni-NTA50 

lysis buffer [50 mM potassium phosphate buffer (pH 7.5), 300mM KCl, 50 mM 

imidazole, 10% glycerol, 0.1% triton X-100, 1 mM PMSF, 1 µg/ml aprotonin, 1 

µg/ml leupeptin and 1 µg/ml pepstatin A] using a ratio of 10 ml buffer per gram of 

bacteria and sonicated 12 × 10 sec on ice to rupture the cell membrane.  

For small-scale studies, the lysate was centrifuged at 10000 rpm for 30 

min at 4°C, after which the supernatant was loaded onto a 0.5-ml Ni-NTA 

agarose column at 4°C and allowed to pass through by gravity flow. The column 

was washed twice with 5 ml of cold Ni-NTA50 wash buffer (similar to the lysis 

buffer but lacking the protease inhibitors), and the protein was eluted with 1.5 ml 

of cold Ni-NTA150 elution buffer [50mM potassium phosphate buffer, (pH 7.5), 

300 mM KCl, 150 mM imidazole, 5% glycerol, 0.1% triton X-100 and 1mM 

maltose]. 

For large-scale studies, the lysate was centrifuged at 40000 × g and the 

crude clear lysate supernatant was passed through a 5-ml Ni-NTA agarose 

column attached to a FPLC pump (GE AKTAprime plus) at 4°C at a flow-rate of 1 

ml/min. The column was washed with 100 mL of cold, filtered and degassed Ni-

NTA50 wash buffer at a flow-rate of 1 ml/min. Protein was eluted using 24 ml 
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cold, filtered and degassed Ni-NTA150 buffer at a flow-rate of 1 ml/min, and 

collected in 2 ml fractions. Prior to the elution step, 200 µl of 50 mM β-

mercaptoethanol (β-Me) was added into each elution collection tube to ensure 

eluate would contain a final β-Me concentration of 5 mM. 

 

3.3.10 Fusion Protein Purification By Amylose Resin 

Thawed cells were resuspended in ice-cold Column buffer [20 mM Tris-

HCl (pH 7.4), 200mM NaCl, 1 mM EDTA and 10 mM β-Me] using a ratio of 10 ml 

buffer per gram of bacteria and sonicated 12 × 10 sec on ice to rupture the cell 

membrane. The lysate was centrifuged at 10,000 rpm for 30 min at 4°C, after 

which the supernatant was loaded onto a 0.5-ml amylose resin column at 4°C 

and allowed to pass through by gravity flow. The column was washed 2-4 times 

with 5 ml Column buffer. The elution was carried out using Column buffer with 

either a fixed 10 mM maltose concentration (3 elution fractions of 2 ml) or a 

maltose gradient ranging from 0-10 mM (20 elution fractions of 1 ml). A final 

elution was carried out using 1-2 ml of 0.1% SDS to elute any protein left bound 

to the column. A sample of each fraction was taken for SDS-PAGE and 

Coomassie Blue staining analyses. 
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3.3.11 Protease Cleavage Sites Predictions  

The potential protease cleavage sites within hPARG59 were predicted in 

silico by submitting the query sequence to the PeptideCutter tool made available 

through the ExPASy proteomics server [177]. 

 

3.3.12 Protease Cleavage Reactions  

PARG fusion proteins were incubated for 1.5 and 24 h with either thrombin 

(1 U: 8 µg), enterokinase (1 U: 40 µg) or TEV (1 U: 2 µg). All proteolysis 

reactions were carried out at both room temperature and at 4°C. Thrombin 

cleavage reactions were conducted in 1× Thrombin buffer [20 mM Tris-HCl (pH 

8.1), 25 mM NaCl and 2.5 mM CaCl2]. Enterokinase cleavage reactions were 

conducted in 1× EkMax buffer [50 mM Tris-HCl (pH 8.0), 1 mM CaCl2 and 0.1% 

Tween-20]. TEV cleavage reactions were conducted in 1× TEV buffer 1 [50 mM 

Hepes (pH 7.0), 0.5 mM EDTA and 1 mM DTT], 1× TEV buffer 2 [10 mM Tris-HCl 

(pH 8.0), 150 mM NaCl, 0.5 mM EDTA and 1 mM DTT] and in Ni-NTA150 buffer.   

 

3.3.13 Western Blotting  

Comparable volumes of protein purification fractions were separated by 

SDS-PAGE (10% or 12.5% gels) and electroblotted onto PVDF membranes. 

Blots were probed with mouse anti-His(C-term)-HRP conjugate antibody (1:5,000 

dilution) and mouse anti-pentaHis-HRP conjugate (1:12,000 dilution). 

Immunodetection was performed by enhanced chemilluminescence. 
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3.3.14 PARG Activity Assay  

This assay utilizes conditions previously reported [171]. Briefly, a typical 

reaction mixture was prepared by adding 5 µl of 3× glyco assay buffer [150 mM 

potassium phosphate buffer (pH 7.5), 150 mM KCl, 0.3 mg/ml BSA and 30 mM 2-

mercaptoethanol], 2.5 µl of 60 µM [α-32P]PAR (approx. 6000 cpm/µl) and 5 µl of 

deionized H2O. Next, 2.5 µl PARG was added and the reaction mixtures were 

incubated at 37°C for 5 min. The reactions were then stopped by the addition of 2 

µl of 1% SDS. A volume of 3 µl from each reaction mixture was loaded onto a 2 × 

10 cm poly(ethyleneimine)-cellulose F TLC plate, prespotted with 1 µl of 40 mM 

ADP-ribose. The spots were dried and the plates were placed into a TLC tank 

with 100 ml methanol and developed until the solvent front reached the top of the 

plate. The plates were then transferred into a second tank containing 100 ml of a 

0.9 M/0.3 M acetic acid/LiCl solution. Once developed, the plates were air-dried, 

and the origins and ADPR spots (visible under a short-wave UV lamp) were 

excised and placed into separate 20-ml scintillation vials containing 10 ml 

EcoLume. The radioactivity was counted in a Beckman liquid scintillation counter.  

 

3.3.15 Crystallization Screens  

Elution fractions from the large-scale FPLC purification were pooled 

together and concentrated in 1× crystallization buffer [20 mM Tris-HCl (pH 7.2), 1 

mM EDTA and 1 mM DTT] either in the presence or absence of 5% glycerol, 

1mM maltose and 10 µM ADP-HPD, using a Vivaspin 15 concentrator (50 kDa 
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MWCO) to obtain a protein concentration greater than 9 mg/ml. All crystallization 

screens were performed by the hanging drop vapor diffusion method at 4°C. 

Briefly, hanging drops were formed on the underside of round glass cover slips 

by mixing 2 µl protein solution with an equal volume of each of the 96 reservoir 

solutions in the Qiagen Classics Suite crystallization kit. The cover slips were 

sealed using a silicon oil to individual wells of 24-well plates, each containing 700 

µl of the respective reservoir solution. The plates were stored at 4°C and 

inspected for crystal growths weekly. 

 

3.4 Results 

3.4.1 Tools For the Development Of an Optimum Expression and Purification 

System For PARG Studies  

Two fusion proteins were designed to serve as tools for the development 

of an optimum expression and purification system for structural and functional 

studies of PARG (Figure 3.1). The two bacterial expression vectors were 

constructed from the commercially available pMALTM-c2x vector, as described in 

detail in Materials and Methods. Both vectors contain a pBR322-derived origin of 

replication [178], and a lacIq expression cassette. Their expression is under the 

control of the Ptac promoter, the rrnB terminator, and β-lactamase expression 

cassette as resistance marker for selection with ampicillin (Figure 3.1, panel A). 

Vector pMAL-c2x-Ek-hPARG59-His6 expresses a catalytically-active hPARG59 

fragment fused to an N-terminal maltose binding protein (MBP) tag separated by 
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Figure 3.1. Tools For the Development Of an Efficient Expression and 
Purification System For PARG Structural Studies. A. Schematic of plasmids 
p-hPARG59-His6 and pMAL-c2x-Ek-hPARG59-His6 showing position of affinity 
tags and protease cleavage sites relative to the hPARG59 cDNA and their size in 
base pairs (bp). The restriction enzyme sites utilized in the synthesis of the 
plasmids and in the diagnostic restriction digests are indicated. B. Schematic of 
the hPARG59 constructs expressed by plasmids in (A). The N-terminal maltose 
binding protein (MBP) and the C-terminal hexahistidine (His6) affinity tags are 
shown in orange and red, respectively, and the factor Xa (Xa) and enterokinase 
(Ek) protease cleavage sites within the linker region are shown in blue and grey, 
respectively. The sizes of the MBP tag and hPARG59 protein are indicated in 
kilodaltons (kDa). 
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a linker consisting of a Factor Xa and an enterokinase protease cleavage site. At 

the C-terminus, hPARG59 is fused to a hexa-histidine (His6) tag. Vector p-

hPARG59-His6, on the other hand, expresses hPARG59 solely with a C-terminal 

His6 tag (Figure 3.1, panel B). These two fusion proteins were used to determine 

whether the MBP tag increased the expression yield and solubility of hPARG59, 

to determine which of the two tags (MBP or His6) produced better purification by 

affinity chromatography, and to identify the most specific protease for the 

removal of the MBP tag after purification of the PARG fusion protein.  

 

3.4.2 Escherichia coli Maltose Binding Protein Is Effective At Promoting the 

Solubility and Expression Level Of PARG  

In addition to facilitating the detection and purification of recombinant 

proteins, many affinity tags have also been shown to improve their solubility and, 

consequently, their expression levels. Examples of fusion partners that have 

been touted as solubilizing agents include thioredoxin (Trx) [179], glutathione S-

transferase (GST) [180], MBP [181], Protein A [182], ubiquitin [183] and DsbA 

[184]. To determine whether a solubilizing agent would be necessary for the 

expression of hPARG59, the expression yields of two hPARG59 constructs, one 

with a solubilizing N-terminal MBP tag and one with a non-solubilizing C-terminal 

His6 tag, were compared. The pMAL expression system that expresses MBP-

fusion proteins was chosen for several reasons. First, MBP does not contain any 

cysteine residues, making its protein stability independent of reducing agents. 
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Second, a comparison of Trx, GST and MBP revealed MBP as the most effective 

solubilizing agent, with the ability to promote the proper folding of its attached 

protein into its biologically active conformation [185]. With these properties in 

mind, MBP was tested as a fusion partner to hPARG59 (Figure 3.2). A 2 h 

expression of the MBP-tagged hPARG59 resulted in a significant increase in the 

protein expression yield, as indicated by the increase in total protein present in 

the induced lane compared to the uninduced lane (Figure 3.2, panel A). A very 

low expression yield, however, was observed for the hPARG59 construct lacking 

the MBP tag (Figure 3.2, panel B). These differences are confirmed by panel C of 

Figure 3.2 which compares the levels of each fusion protein purified by Ni2+ 

affinity chromatography by Western blotting using an antibody specific for the C-

terminal histidine residue of the His6 tag. This significant difference in expression 

yield suggested that hPARG59 not fused to a carrier protein may be toxic to E. 

coli, resulting in a lack of cell growth during the induction period. While this could 

be partially compensated by induction at higher cell densities, the use of an N-

terminal MBP tag clearly increased the yield of hPARG59 for large-scale studies. 

 

3.4.3 Metal-Affinity Chromatography Provides a More Efficient Purification 

Method For PARG Than Amylose Resin 

Construct MBP-Ek-hPARG59-His6 was expressed in 250-ml cultures for 2 

hours at 37°C without medium exchange. The cells were collected, lysed, and 

extracts  were  affinity  purified on 0.5 ml of either amylose or Ni2+ affinity resins 
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Figure 3.2. E. coli MBP Protein Increases the Solubility and Expression 
Yield Of hPARG59. Coomassie blue staining of a 12.5% SDS PAGE gel of 
uninduced (U) and induced (I) samples taken from MBP-Ek-hPARG59-His6 (A) 
and hPARG59-His6 (B) bacterial cultures as described in Materials and Methods. 
Each respective fusion protein is indicated with an asterisk. C. Western blotting 
using anti-His (C-term)-HRP antibody (1:10000 dil.) Lanes: (1) 1% (v/v) of the 
MBP-Ek-hPARG59-His6 Ni2+ column elution fraction, (2) 1% (v/v) of the 
hPARG59-His6 Ni2+ column elution fraction.  
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as described in Materials and Methods to determine which method produced the 

highest level of purity. Panel A of Figure 3.3 shows Coomassie blue staining of 

the different purification fractions obtained with an amylose column. The 

hPARG59 fusion protein bound to the amylose resin and the purified 110-kDa 

fusion protein, indicated by an asterisk, was eluted with the manufacturer 

recommended 10 mM maltose concentration. However, 3 column volumes of 

elution buffer were insufficient to completely elute the bound fusion protein, and 

only about 70% of the protein was recovered. An additional observation was the 

low purity of the eluted protein, which was estimated to be circa 50%. The purity 

could not be improved with more stringent washing conditions due to the ability of 

maltose to elute bound protein at concentrations as low as 1mM (Figure 3.3, 

panel B). With the Ni2+ metal affinity column, on the other hand, all bound protein 

was successfully eluted in a single step with 150 mM imidazole and no protein 

was left bound to the column (Figure 3.4). An additional advantage of the Ni2+ 

column was that it allowed for more stringent washing steps by increasing the 

imidazole concentration in the wash buffer. Panels A and B of Figures 3.4 show 

the Coomassie Blue staining and western blot, respectively, of a Ni2+ purification 

performed with an optimum 50 mM imidazole concentration in the wash buffer. 

While such a high concentration would inevitably lower the total yield of purified 

protein, it improved the purity of the elution fraction, which was estimated to be 

greater than 90%. From these observations, it was concluded that the Ni2+ metal  
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Figure 3.3. Amylose Resin Purification Of MBP-Ek-hPARG59-His6. A. 
Construct MBP-Ek-hPARG59-His6  was purified by amylose resin and eluted with 
a fixed 10 mM maltose concentration (A) and a 0-10 mM maltose concentration 
gradient (B). Lanes: (CL) cleared crude lysate, (FT) flow-through fraction, (W1-
W4) wash fractions 1-4, (E1-E20) elution fractions 1-20, (FE) final elution fraction 
using 0.1% SDS. To make lanes comparable, 0.12% (v/v) of each purification 
fraction was added into its respective well. The MBP-Ek-hPARG59-His6 fusion 
protein band is indicated by an asterisk. 
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Figure 3.4. Ni2+ Metal Affinity Purification Of MBP-Ek-hPARG59-His6.  
Construct MBP-Ek-hPARG59-His6 was purified by Ni-NTA resin and each 
purification fraction was analyzed by Coomassie Blue staining (A) and Western 
Blotting (B). Lanes: (CL) cleared crude lysate, (FT) flow-through fraction, (W1-
W2) wash fractions 1-2, (E1-E2) elution fractions 1-2, (FE) final elution fraction 
using 0.1% SDS. To make lanes comparable, 0.003% (v/v) and 0.0017% (v/v) of 
protein sample was added into each lane for Coomassie Blue staining and 
Western Blotting, respectively. The MBP-Ek-hPARG59-His6 fusion protein band 
is indicated with an asterisk. 
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affinity chromatography was the preferred purification method for the hPARG 

constructs. 

 

3.4.4 Tobacco Etch Virus Protease Is the Preferred Enzyme For the Removal 

Of the MBP Affinity Tag From the hPARG59 Fusion Protein  

Affinity tags have become indispensable tools for protein expression and 

purification. Yet, because they have the potential to interfere with structural and 

functional studies, it is usually desirable to remove them from the target protein. 

Most fusion proteins are engineered so that the N-terminus of the passenger 

protein is genetically fused to the C-terminus of the affinity tag with a linker region 

containing a protease recognition site between them. Two common proteases for 

such purposes are factor Xa [186] and enterokinase [187], which are able to 

generate passenger proteins with native N-termini after digestion thanks to their 

primary specificity determinants being N-terminal to the scissile bond. Other 

proteases that have been used successfully in the removal of affinity tags include 

thrombin [188] and TEV [189].  

A preliminary sequence analysis of hPARG59 was carried out using the 

ExPASy PeptideCutter tool, as described in Materials and Methods, to predict 

whether hPARG59 contains any sites recognized by the aforementioned 

proteases. A thrombin and a factor Xa cleavage site coded by exons 9 and 10, 

respectively, were predicted for hPARG59 (Figure 3.5, panel A) while 

enterokinase and TEV cleavage sites were not. These predictions suggested that 
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the use of factor Xa and thrombin in the removal of the MBP affinity tag would be 

unfavorable since it would result in the degradation of hPARG59. Enterokinase 

and TEV, on the other hand, would be the preferred candidates. With this in 

mind, an enterokinase cleavage site was inserted in the linker region of the MBP-

Ek-hPARG59-His6 fusion protein, downstream of the factor Xa cleavage site 

already present in the parent pMAL-c2x vector (Figure 3.1). To confirm the 

protease cleavage site predictions, the hPARG59 fusion protein was incubated 

with thrombin, enterokinase and TEV and cleavage products were detected after 

1.5 hours and 24 hours of incubation by western blotting using an antibody 

specific for the C-terminal His6 tag of the fusion protein (Figure 3.5, panel B). 

Thrombin produced two detectable cleavage products, one of circa 60 kDa and a 

smaller one of circa 35 kDa. The smaller product is consistent with the predicted 

thrombin cleavage site near the C-terminus of hPARG59. The larger product, 

however, was unexpected. The 60 kDa size of the larger product suggested non-

specific cleavage occurring upstream of hPARG59 in the fusion protein. The 

preference of thrombin for an arginine residue at the P1 position and a glycine 

residue at the P2 position [190] proposes non-specific cleavage by thrombin at 

the factor Xa site in the linker region. As expected, incubation with enterokinase 

produced the hPARG59 passenger protein product (60 kDa) through the 

recognition of the cleavage site inserted in the linker region. However, two 

proteolysis products of circa 50 kDa and 30 kDa were also detected indicating 

cleavage  at  two  locations  other  than  the intended target site. While these two 
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Figure 3.5. Determination Of the Optimum Protease Cleavage Site For 
hPARG59. A. Protein sequence of hPARG59 coded by exons 9 and 10 showing 
the position of the thrombin and Factor Xa protease cleavage sites predicted by 
the PeptideCutter tool made available through the ExPASy proteomics server 
[191]. B. Western blotting of the MBP-Ek-hPARG59-His6 fusion protein before 
and after a 1.5- and a 24-hr incubation with thrombin (1U:8 µg), enterokinase 
(1U:40 µg) or TEV (1U:2 µg) proteases. 4.35 µg of protein was loaded into each 
lane of a 12.5% SDS-PAGE gel and protein bands were detected using anti-
His(C-term)-HRP antibody (1:10000 dil.) as described in Materials and Methods.  
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locations were not predicted, non-specific cleavage by enterokinase resulting in 

the degradation of the passenger protein has been reported for other proteins 

[192, 193]. The observed high sensitivity of PARG to proteolytic degradation is 

related to the slow progress that has been made in the PARG arena. Consistent 

with the predictions, TEV did not cleave the hPARG59 fusion protein. These 

results showed that thrombin and enterokinase (as well as factor Xa) cannot be 

used in the removal of the MBP affinity tag and point to TEV as the preferred 

protease exhibiting the greatest sequence specificity. 

 

3.4.5 Expression and Purification Of a Cleavable hPARG59 Construct For 

Structural Studies 

The increase in yield and solubility of hPARG59 observed with a MBP tag, 

the greater purity obtained with a Ni2+ affinity column and the sequence 

specificity of TEV allowed for an optimum expression and purification system to 

be developed for PARG studies. Panel A of Figure 3.6 shows the redesigned 

pMAL-c2x vector in which the coding bases for a His6 tag were inserted at the 5’ 

end of the malE gene, and in which the bases coding for a TEV recognition site 

were inserted in the linker region between the malE gene and the passenger 

hPARG59 gene. Expression of this vector produced a TEV-cleavable hPARG59 

fusion protein, which was termed His6-MBP-TEV-hPARG59 (Figure 3.6, panel B). 

Due to the potential of a His6 tag to interfere with structure determination using x- 

ray crystallographic analysis, it was inserted at the N-terminus of the MBP tag to 
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Figure 3.6. Synthesis Of a Cleavable hPARG59 Construct For Structure-
Activity Studies Of PARG. (A) Schematic of expression plasmid pMAL-His6-
malE-TEV-hPARG59. The size of the plasmid and the restriction sites utilized in 
its synthesis and in the diagnostic restriction digests are indicated. (B) Schematic 
of the His6-MBP-TEV-hPARG59 fusion protein, showing the position of the His6-
MBP dual affinity tag relative to the hPARG59 passenger protein. The TEV 
protease cleavage site located within the linker region is shown in a box, with an 
arrow indicating the cleavage site. 
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allow for its removal by TEV following purification. The TEV protease recognition 

site was inserted at the C-terminus of the linker, with the first residue of 

hPARG59, namely methionine, at the P1’ position to avoid the retention of any 

non-PARG residues after TEV cleavage. Recent studies have shown that while 

glycine and serine are the preferred residues at the P1’ position of TEV 

substrates, many side-chains can be accommodated with little impact on the 

efficiency or processing [189]. This novel cleavable hPARG59 construct was 

highly expressed in a soluble form and efficiently purified by Ni2+ affinity 

chromatography with an estimated purity greater than 90% (Figure 3.7, panel A). 

The eluate from Ni2+ affinity chromatography was passed through an amylose 

resin column to determine whether the purity could be further improved. 

Coomassie Blue staining of the amylose column elution fraction showed that the 

additional purification step did not improve purity and resulted in the loss of some 

fusion protein. This suggested that the impurities present in the elution fractions 

were proteins interacting with the fusion protein and not proteins that exhibited 

affinity for either resin. Based on these results it was concluded that prior to the 

removal of the dual His6-MBP tag by TEV a single Ni2+ column purification was 

sufficient. To determine whether the dual His6-MBP tag exerted any effect on the 

enzymatic activity of hPARG59, the activity of the cleavable hPARG59 construct 

was measured as described in Materials and Methods. The cleavable His6-MBP-

TEV-hPARG59 construct displayed a very similar activity to that of recombinant 

bovine   PARG   (Figure  3.7,  panel   B),    indicating   the   effectiveness   of  this 
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Figure 3.7. Expression, Purification and Catalytic Activity Of the Cleavable 
His6-MBP-TEV-hPARG59 Fusion Protein. (A) Coomassie blue staining of a 
10% SDS-PAGE gel. Lanes: (CL) 0.1% (v/v) of cleared crude lysate, (Ni2+, E) 
0.8% (v/v) of the Ni2+ column elution fraction, (Amy, E) 0.8% (v/v) of the amylose 
resin elution fraction. The His6-MBP-TEV-hPARG59 fusion protein band is 
indicated with an asterisk. (B) Catalytic activity of His6-MBP-TEV-hPARG59 
(circles) as a function of enzyme added compared to that of catalytically-active 
recombinant bovine PARG (triangles).  
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expression and purification system for both functional and structural studies of 

PARG.  

 

3.4.6 Removal Of the Dual His6-MBP Affinity Tag By TEV Protease  

The removal of the affinity tag from the passenger protein is ordinarily 

desirable for functional and structural studies. The sequence specificity exhibited 

by TEV protease (Figure 3.5, panel B) suggested an efficient cleavage of the 

dual His6-MBP tag from hPARG59. The cleaved hPARG59 fragment could 

subsequently be purified from the reaction mixture by negative selection using 

the same Ni2+ affinity chromatography technique utilized in the purification of the 

cleavable hPARG59 fusion protein. The HQ-tagged TEV, the cleaved His6-MBP 

tag and any uncleaved fusion protein would be expected to bind to the Ni2+ 

column, while hPARG59 would be collected in the flow through fraction. Several 

small-scale pilot experiments were carried out to determine the optimum 

temperature and incubation time for the TEV cleavage, the optimum ratio of TEV 

to fusion protein amount, and the optimum buffer conditions. All reaction products 

were quickly subjected to centrifugation and the supernatants containing the 

soluble fraction were analyzed by SDS-PAGE and Coomassie Blue staining. 

Panel A of Figure 3.8 shows the Coomassie Blue staining of the optimum small-

scale TEV cleavage reaction achieved at 4°C for 16 hours, using a 1 unit TEV to 

1 µg fusion protein ratio in a phosphate buffer containing 10% glycerol (see 

Materials and Methods). While complete cleavage of His6-MBP-TEV-hPARG59 
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was not achieved, a soluble hPARG59 product (band b) was obtained indicating 

that there was no steric occlusion of the protease cleavage site in spite of its 

vicinity to the ordered structure of hPARG59. The next step was to scale-up the 

TEV cleavage reaction. Fusion protein concentrations greater than 1 mg/ml were 

used to determine whether this cleavable hPARG59 expression and purification 

system could be used in the production of highly concentrated hPARG59 for 

crystallographic studies. Panel B of Figure 3.8 shows a representative 

Coomassie Blue staining of the soluble (supernatant) and insoluble (pellet) 

fractions following a large-scale TEV cleavage reaction. The TEV cleavage 

reaction was unsuccessful and the small amount of cleaved hPARG59 product 

precipitated out of solution and was detected in the pellet fraction (band b). The 

precipitation occurred rapidly as indicated by the large amount of uncleaved 

fusion protein present in the insoluble pellet fraction (band a). TEV and its 

truncated autoproteolysis product also precipitated (bands c and d). The only 

reaction product to remain soluble was the cleaved His6-MBP tag (band e). 

Repeated attempts were made to improve the cleavage efficiency that included 

different incubation times and temperatures, and different buffer conditions. 

Maltose and the PARG inhibitor ADP-HPD were also added to try and stabilize 

the fusion protein and cleaved hPARG59 product, respectively, but these 

attempts proved to be unsuccessful. These results showed the tendency of 

PARG to precipitate out of solution at high concentrations, creating an additional 

hurdle in the pursuit of PARG’s crystal structure. While this cleavable expression 
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Figure 3.8. Removal Of the Dual His6-MBP Affinity Tag By TEV Protease. A. 
Coomassie Blue staining of a small-scale TEV cleavage of 40 µg His6-MBP-TEV-
hPARG59 showing efficient removal of His6-MBP from the fusion protein. Lanes: 
(Pre) 3.5 µg Ni2+-purified hPARG59 fusion protein prior to TEV cleavage, (S) 3.5 
µg supernatant fraction of the TEV cleavage reaction product. B. Coomassie 
Blue staining of a large-scale TEV cleavage of 400 µg His6-MBP-TEV-hPARG59 
showing incomplete removal of His6-MBP and precipitation of hPARG59. The 
TEV cleavage reaction was carried out in both the presence and absence of 10 
µM ADP-HPD. Lanes: (Pre) 6.7 µg (0.008% v/v) of Ni2+-purified hPARG59 fusion 
protein prior to TEV cleavage, (S) 0.008% (v/v) post-cleavage soluble 
supernatant fraction, and (P) 0.025% (v/v) post-cleavage insoluble pellet fraction. 
Bands a-e represent the uncleaved fusion protein His6-MBP-TEV-hPARG59 (103 
kDa, band a), the cleaved hPARG59 protein (59 kDa, band b), the Pro-TEV 
protease (50 kDa, band c), the truncated TEV autoproteolysis product (47 kDa, 
band d) and the cleaved His6-MBP tag (43 kDa, band e), respectively. 
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and purification system proved to be unsuitable for PARG crystallographic 

studies, it has the potential to be useful in functional and structural studies 

requiring smaller concentrations of PARG, such as circular dichroism (CD) 

spectrophotometry and surface plasmon resonance (SPR) spectroscopy. 

 

3.4.7 Design, Expression and Purification Of an Uncleavable hPARG59 

Construct For X-ray Crystallographic Studies  

A recent approach in overcoming protein insolubility problems involves the 

crystallization of a target protein in complex with a soluble protein tag, termed a 

carrier protein. Carrier proteins that have been used in this manner include GST 

[194-197], thioredoxin [198, 199], lysozyme [200-203], and MBP [204-207], with 

the latter having been thus far the most widely used. In most cases, however, the 

increased expression and solubility of a carrier protein alone is not sufficient to 

obtain diffraction quality crystals, and additional modifications of the carrier fusion 

protein are therefore necessary. Two modifications have proven to be beneficial 

in previous studies. The first is the shortening of the linker region joining the 

carrier protein and the target protein to create as little conformational 

heterogeneity as possible. The second is surface entropy reduction (SER) via the 

mutation of patches of large, surface-exposed charged residues to small non-

polar residues to favor the formation of crystal contacts featuring the backbone 

amide and carbonyl groups [208]. The combination of a fixed-arm carrier with 

SER offers an alternative approach in protein crystallization, which has led to the 
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Table 3.2. Successfully-Solved Structures Using Maltose Binding Protein 
(MBP) Carrier-Driven Crystallization. 
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determination of previously unattainable structures. Table 3.2 lists the proteins 

successfully crystallized using MBP as a carrier protein, and shows the 

respective modifications made to the linker regions and the entropy reducing 

mutations on the C-terminal solvent exposed loop of MBP that maximized the 

potential of crystallization. 

In order to overcome the insolubility exhibited by hPARG59 and increase 

the probability of obtaining diffraction-quality crystals, the above rescue 

strategies were implemented. An uncleavable hPARG59 fusion protein was 

expressed with a truncated linker region composed of 6 residues (NAAAEF) to 

function as a ‘fixed-arm’ and merge the His6-MBP dual tag and the hPARG59 

passenger protein into an inflexible crystallization unit. Furthermore, 3 positively 

charged residues at the C-terminus of MBP, namely E360, K363 and D364, were 

mutated into hydrophobic alanine residues (Figure 3.9, panels A and B). 

Analyses of this uncleavable fusion protein, termed His6-MBP(mut)-NAAAEF-

hPARG59, were carried out by Coomassie Blue Staining (Figure 3.10, panel A) 

and Western Blotting using an anti-pentaHis antibody (Figure 3.10, panel B). The 

fusion protein of circa 110 kDa was efficiently expressed and purified with an 

estimated purity greater than 90%. To determine whether the short and rigid 

linker disrupted the structure of the downstream hPARG59 protein, affecting 

protein folding and activity, Michaelis-Menten kinetic analyses were performed on 

the fusion protein (Figure 3.11). His6-MBP(mut)-NAAAEF-hPARG59 showed a 

Km  value of  1.47 µM  which was very similar to the published values of 1.58 µM 
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Figure 3.9. Synthesis Of an Uncleavable hPARG59 Construct For 3-
Dimensional Structure Determination By X-ray Crystallography. A. 
Schematic of plasmid pMAL-His6-malE(mut)-NAAAEF-hPARG59, showing the 
position of the His6 (in red) and the mutant malE gene, malE(mut), (in orange) 
coding bases relative to the hPARG59 (in green) insert. The size of the plasmid 
and the restriction sites utilized in its synthesis and in the diagnostic restriction 
digests are indicated. The bases coding the junction between malE(mut) and 
hPARG59 are shown, and the bases at the 3’ end of the malE(mut) gene which 
were mutated to achieve surface entropy reduction of the resulting MBP protein 
are underlined. B. Schematic diagram of the non-cleavable His6-MBP(mut)-
NAAAEF-hPARG59 construct showing the three MBP residues, namely E360, 
K363 and D364, mutated into alanine residues (underlined and in bold) and the 
truncated, rigid linker region, NAAAEF.  
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Figure 3.10. Ni2+ Metal Affinity Purification Of the Uncleavable hPARG59 
Fusion Protein. Construct MBP-Ek-hPARG59-His6 was expressed and purified 
by Ni-NTA resin and each fraction was analyzed by Coomassie Blue staining (A) 
and by Western Blotting using an anti-pentaHis-HRP conjugate antibody (B). 
Lanes: (U) uninduced cells, (I) induced cells, (CL) 0.001% (v/v) cleared crude 
lysate, (FT) 0.001% (v/v) flow-through fraction, (W1-W2) 0.001% (v/v) wash 
fractions 1-2, (E) 0.005% (v/v) elution fraction. The hPARG59 fusion protein band 
is indicated with an asterisk.  
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[128] and 0.87 µM [209] observed for rPARG. The Vmax value of 16.9 nmol min-1 

mg-1, however, was significantly lower than the published values of 151 nmol  

min-1 mg-1 [128] and 2.6 µmol min-1 mg-1 [209] observed for rPARG. To determine 

whether the lower Vmax was caused by the 300 mM KCl salt concentration in the 

Ni2+ column elution buffer, the catalytic activity of hPARG59, produced by the 

cleavage of the cleavable His6-MBP-TEV-hPARG59 fusion protein by TEV, was 

tested in increasing concentrations of KCl (Figure 3.12). The activity at each KCl 

concentration was measured using the radiolabelling PARG activity assay as 

described in Materials and Methods, and was compared to that observed with the 

lowest KCl concentration of 25 mM. A KCl concentration of 125 mM resulted in a 

50% decrease in catalytic activity. As the KCl concentration increased the activity 

decreased to a minimum where a concentration of 600 mM and 900 mM resulted 

in no detectable activity. These results suggested that the lower Vmax of the 

uncleavable hPARG59 fusion protein was caused by the high salt concentration 

in the buffer and was not an effect exerted by the rigid N-terminal His6-MBP tag. 

This synergistic approach to protein crystallization offered a rescue strategy in 

obtaining milligram quantities of highly purified, catalytically active and soluble 

hPARG59 protein for crystallographic studies. 

 

3.4.8 Crystallization Of hPARG59 As an Uncleavable Fusion Protein  

The tandem fixed-arm MBP/SER mutation system allowed for >9 mg/ml 

concentrations  of  purified  uncleavable hPARG59 fusion protein to be obtained, 
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Figure 3.11. Michaelis-Menten Kinetic Analysis Of Bacterially Expressed 
Uncleavable His6-MBP(mut)-NAAAEF-hPARG59 Fusion Protein. 1.2 mU of 
purified fusion protein was incubated with 0-10 µM 32P-PAR substrate for 5 min. 
Kinetic data was generated using the radiolabelling PARG activity assay. 
Michaelis-Menten plot was generated by GraphPad Prism and the VMAX and KM 
values were calculated using the resulting statistical analysis. Data are 
expressed as values from a single experiment carried out in triplicate.  
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Figure 3.12. PARG Activity Is Inhibited By Increasing Concentrations Of 
Potassium Chloride. hPARG59 (178 ng) was incubated with increasing 
amounts of KCl and the PARG activity was measured using the radiolabelling 
assay as described in Materials and Methods. The mean percent conversion is 
expressed as a percentage of the activity observed with the lowest KCl 
concentration of 25 mM. Data are expressed as values from two experiments, 
each carried out in triplicate. 
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making it possible for crystallization studies to be performed. Initial crystal 

screens were carried out by hanging drop vapor diffusion as described in 

Materials and Methods to identify favorable crystallization conditions. Ninety-six 

conditions from a Qiagen Classics Suite crystallization kit, each composed of a 

buffer, a salt and one or two precipitants, were tested and protein crystallization 

was monitored over the course of weeks. A crystal screen carried out with the 

addition of the PARG inhibitor adenosine diphosphate 

(hydroxymethyl)pyrrolidinediol (ADP-HPD) and the MBP substrate maltose 

produced 2 clusters of crystals formed in a 0.1M HEPES, pH 7.5, 0.2M MgCl2 

and 30% (v/v) PEG 400 buffer (Figure 3.13). The crystals were described as very 

fine needles sharing a single nucleation site, producing sea urchin-like crystal 

clusters, which began to dissolve when exposed to room temperature. 

Unfortunately, the needles were too small to be harvested and optimization 

screens carried out to try and improve crystal size and quality failed to produce 

any crystals at all. While the nature of the crystals could not be confirmed, 

several points suggested that they were the uncleavable hPARG59 fusion protein 

and not false positive inorganic salt crystals resulting from the presence of 

divalent Mg2+ cations and the diphosphate group of ADP-HPD. First, no crystal 

formation was observed in three other crystallization reservoir conditions in the 

Classics Suite crystallization kit which contained 0.2 M MgCl2. Second, the low 

amount of ADP-HPD ligand present in the hanging drop (5 µM final 

concentration)  was  unlikely  to  produce  such  an  abundance of crystals. Third, 
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Figure 3.13. Crystallization Of hPARG59 As an Uncleavable Fusion Protein 
Using Surface Entropy Reduction and Carrier-Driven Crystallization 
Strategies. Pictures of two separate crystal clusters of His6-MBP(mut)-NAAAEF-
hPARG59 formed by the hanging drop vapor diffusion method carried out at 4°C. 
The concentration of the fusion protein and the crystallization conditions are 
shown. 
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Mg3(PO4)2 salt is insoluble in H2O and would therefore not be expected to 

dissolve after a 30-minute exposure to room temperature. Fourth, upon 

crystallization Mg3(PO4)2 forms rhombic plates and not needles. These 

observations, in addition to the lack of crystal formation in the control hanging 

drops in which the protein was omitted, suggest that the fine needles were 

hPARG59 protein crystals. The inability to obtain larger crystals through the 

optimization of the preliminary conditions, however, halted the crystallization 

studies and prevented the determination of the three-dimensional structure of 

hPARG59 by x-ray crystallography. In spite of the lack of success in determining 

the 3-dimensional structure of hPARG59, this fixed-arm MBP/SER expression 

system provides a formidable tool for future large-scale functional and structural 

studies of PARG. 
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CHAPTER FOUR 

IDENTIFICATION OF A REGULATORY SEGMENT OF POLY(ADP-RIBOSE) 

GLYCOHYDROLASE 

4.1 Abstract 

Coordinate regulation of PARP-1 and -2 and PARG is required for cellular 

responses to genotoxic stress. While PARP-1 and -2 are regulated by DNA 

breaks and covalent modifications, mechanisms of PARG regulation are poorly 

understood. Full-length PARG is predicted to contain 4 domains (A-D). We report 

here discovery of a PARG regulatory segment far removed linearly from residues 

involved in catalysis, which are located at positions 738, 756, and 757 (Domain 

C) of the 976-residue full-length human PARG protein (hPARG111). Expression 

and analysis of human PARG segments identified a minimal catalytically active 

C-terminal PARG (hPARG59) containing residues 461 to 976 (Domains B, C, 

and D). This protein was recently identified as a mitochondrial PARG isoform 

with a N-terminal mitochondrial targeting sequence (MTS). Deletion analysis 

revealed that the 16-residue MTS located in Domain B was required for PARG 

activity.  Site-directed mutagenesis identified leucine residues 473 and 474 as 

essential for catalytic activity, suggesting that these hydrophobic residues, more 

than 280 residues removed from the catalytic residues in linear sequence, are 

involved in PARG regulation.  This region of PARG was termed the “regulatory 

segment/MTS” (REG/MTS). The overall α-helical composition of hPARG59, 

determined by circular dichroism (CD), was unaffected by mutation of the 
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REG/MTS leucine residues, suggesting that activity loss was not due to incorrect 

protein folding. Secondary structure predictions of hPARG59 were performed to 

gain insight into this novel mechanism of regulation. REG/MTS was predicted to 

be in a loop conformation since the CD spectra of the ∆461-476 mutant showed 

a higher α-helical content compared to hPARG59, indicating a secondary 

structure other than α-helix for this segment. Deletion of the REG/MTS from 

hPARG111 also resulted in complete loss of activity, indicating that all PARG 

isoforms are subject to regulation at this site. The presence of the REG/MTS (i) 

raises the possibility that PARG activity may be regulated by interactions of 

PARP-1 and -2 and other proteins at this site, (ii) raises interesting questions 

concerning mitochondrial PARG since MTS residues are often removed after 

transport and (iii) offers a potentially novel site for drug targeting of PARG. 

 

4.2 Introduction 

The synthesis of polymers of ADP-ribose (PAR) is an immediate cellular 

response to DNA strand breaks caused by oxidative stress, ionizing radiation or 

alkylating agents [13, 158, 210]. A primary enzyme involved in this post-

translational modification is poly (ADP-ribose) polymerase-1 (PARP-1 or 

ARTD1), which belongs to a growing family of PARPs that includes a second 

member (PARP-2 or ARTD2) that also responds to DNA strand breaks [21, 156]. 

Upon binding to DNA strand breaks, PARP-1 and -2 use nicotinamide adenine 

dinucleotide (NAD+) as a substrate to synthesize PAR targeted to the PARPs 
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themselves and other nuclear acceptor proteins, such as histones, p53 and 

enzymes involved in DNA repair [211]. PARP-1 is enzymatically inactivated and 

released from the DNA strand break by its automodification. Poly(ADP-ribose) 

glycohydrolase (PARG) is the endo-exoglycohydrolase that catalyzes PAR 

turnover via the hydrolysis of the α(1’’ → 2’) and α(1’’’ → 2’’) ribosyl-ribose 

linkages to produce free ADP-ribose (ADPR) [109].  

Unlike the PARPs that are encoded by multiple genes, only a single 

PARG gene with a clearly defined function in PAR hydrolysis has been detected 

in mammals [116]. A structurally unrelated 39-kDa enzyme exhibiting PARG 

activity has been identified and characterized [159], but its functional significance 

remains to be elucidated. The PARG gene encodes a full-length 111-kDa PARG 

protein (hPARG111) that localizes to the nucleus, but several other PARG 

isoforms are expressed in different cell compartments from alternative splice 

variants of the human PARG RNA transcripts [119, 120]. These include 

hPARG102, hPARG99 and hPARG60, which lack the N-terminal nuclear 

localization signal (NLS) coded by exon 1 and show an extranuclear localization 

[119, 120], and a hPARG55 isoform that localizes to the mitochondria [120, 127]. 

A schematic of the different PARG isoforms is shown in Figure 1.4. 

Several significant strides in understanding the structural and functional 

relationship of PARG have been made in the last decade. Deletion of the PARG 

gene results in a complete loss of cellular PARG activity and early embryonic 

lethality of homozygous mutant mice [137], suggesting that there are no 
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significant compensatory mechanisms for the catabolism of PAR. Partial deletion 

of the PARG gene in both Drosophila melanogaster [136] and in mice [137, 139] 

sensitizes cells to DNA damage induced by alkylating agents and ionizing 

radiation. Upon genotoxic stress, both PARP-1-/- mouse embryonic fibroblasts 

(MEF) [42] and cells derived from a hypomorphic mutant mouse model in which 

exons 2 and 3 of PARG were deleted (PARG-∆2,3) [154] showed a reduced level 

of formation of XRCC1 foci, indicating that the regulation of PAR levels is 

achieved via a precise coordination of PARP and PARG activities critical for 

normal cellular responses to DNA damage. 

An inhibitor binding site of PARG, residue T796, was recently identified 

[209] and found to be in a highly conserved region of the protein coded by exons 

13 and 14, which also contains three essential acidic residues (D738, E756 and 

E757) [9] and a glycine-rich region (G745-G746-G747) [135] important for PARG 

function. These findings allowed a ‘signature sequence’ to be defined and led to 

the putative assignment of a domain structure for PARG (Figure 4.1) [9, 212]. 

Extensive work on PARP-1 has led to the discovery of several different 

mechanisms of regulation for this enzyme. Two N-terminal zinc finger domains in 

PARP-1 have been shown to bind to various DNA structures [213] and thereby 

activate the catalytic domain situated at the C-termini of the enzymes. Recently, 

a third zinc-binding domain has been identified in human PARP-1, and it has 

been shown to be essential for the DNA-dependent activity [24] as well as the 

chromatin   compaction   activity  of  the   enzyme  [25].  Both  PARP-1  activation  
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Figure 4.1. Determination Of the Minimal Catalytically Active PARG. The 15 
PARG fragments synthesized and tested for enzymatic activity are shown in 
relation to the full-length hPARG111 protein. Each fragment is labeled according 
to its size in kilodaltons and is indicated on the right as being either catalytically 
active (+) or inactive (-). 
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following DNA damage [214] and DNA damage-independent PARP-1 activation 

[215] were found to be dependent on phosphorylation by activated extracellular 

signal-regulated kinases 1/2 (ERK1/2) [214], and the role of PARP-1 in 

transcriptional regulation was found to be regulated by acetylation of specific 

lysine residues [216]. In spite of our increasing understanding of PARP-1 

regulation, to date no information is available on how PARG is regulated. We 

report here structure-function studies that have led to the discovery of the first 

mechanism of regulation of PARG via the identification of amino acid residues 

required for PARG activity that are far removed from the putative catalytic 

domain of the enzyme. Intriguingly, these residues are located within a 16-

residue mitochondrial targeting sequence (MTS) of the enzyme. The bulk of this 

work has been published in the journal Biochemistry, an American Chemical 

Society (ACS) publication [Ref: Botta, D. and Jacobson, M.K. (2010) 

Identification of a regulatory segment of poly(ADP-ribose) glycohydrolase. 

Biochemistry 49(35):7674-7682]. 

 

4.3 Materials and Methods 

4.3.1 Materials  

The pMAL-c2x and pBAD102/D-TOPO parent vectors were purchased 

from New England Biolabs (Ipswich, MA) and Invitrogen (Carlsbad, CA), 

respectively. The [α-32P]NAD+ used for the synthesis of radiolabelled PAR was 

purchased from Perkin Elmer (Waltham, MA). 
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4.3.2 Synthesis and Cloning Of PARG Fragments and Mutants  

Primers were designed to produce Polymerase Chain Reaction (PCR) 

products with the ENLYFQ/S Tobacco Etch Virus (TEV) protease cleavage site 

coding sequence preceding each PARG fragment and mutant, and with SalI and 

PmeI restriction sites at the 5’ and 3’ ends, respectively (Table 4.1). The PARG 

mutants were synthesized with the use of previously constructed and reported 

mutant PARG plasmids as templates for the PCR [127]. The efficacy of the PCR 

was determined by gel electrophoresis. Figure 4.2 shows the successful PCR 

synthesis of the fifteen PARG fragments used in this study. Each PCR product 

was cloned into a dual hexahistidine-maltose binding protein (His6-MBP) fusion 

protein expression vector pMAL-His6-malE, a modified pMAL-c2x expression 

vector (New England Biolabs) in which hexahistidine coding bases were inserted 

at the 5’ end of the malE gene that encodes the MBP tag. For more information 

on this plasmid, please refer to Figure 3.6. Plasmids were amplified in 

electrocompetent E. coli TOP10 (Invitrogen), isolated using the QIAprep Spin 

Miniprep kit (Qiagen) and sequenced to ensure correct orientation of the PARG 

inserts. 

 

 4.3.3 Deletion Mutation Of the MTS  

The QuikChange II XL site-directed mutagenesis Kit (Stratagene) was 

used, following the manufacturer’s protocol, to obtain a deletion mutation of 

residues  461-476  in  the  full-length  hPARG111  protein.  Briefly,  pBAD102/D-  
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Table 4.1. Primers Used In the PARG Minimal Catalytic Domain and Gene 
Modification Studies. 

 

The components of each primer are distinguished by color: red, overhang; 
brown, SalI restriction site; blue, TEV cleavage site encoding bases; black, 
hPARG encoding bases; green, PmeI restriction site; orange, stop codon. 
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Figure 4.2. Synthesis Of Fifteen Different hPARG Fragments By Polymerase 
Chain Reaction. The efficiency of each polymerase chain reaction (PCR) was 
detected by electrophoresis on a 1% agarose gel. 
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TOPO-hPARG111, a large expression vector containing the full-length protein, 

was  amplified  in  its  entirety  by  PCR  using  the  PfuUltra  High-Fidelity  DNA 

polymerase and deletion primers hP111-∆461-476for (5’-GGC TTG GAA CTC 

CCA TTG AGG AGT CTG CCA ATC ACA CAG TAA CTA TTC GG-3’) and  

hP111-∆461-476rev (5’-CCG AAT AGT TAC TGT GTG ATT GGC AGA CTC 

CTC AAT GGG AGT TCC AAG CC-3’). The amplification reaction product was 

treated with the restriction enzyme DpnI for the digestion of parental methylated 

and hemimethylated DNA and then transformed into XL10-Gold ultracompetent 

cells for amplification. 

 

4.3.4 Expression and Purification Of PARG Fragments and Mutants  

The pMAL-His6-malE-TEV-hPARG plasmids were transformed into the 

electrocompetent E. coli K12 TB1 strain (New England Biolabs) by 

electroporation. Cells were grown in 500 ml of Rich medium [10 g/L 

bactotryptone, 5 g/L yeast extract, 5 g/L NaCl and 2 g/L D-glucose] containing 

100 µg/ml ampicillin until the A600 reached 0.5-0.6. Expression was induced by 

the addition of IPTG to a final concentration of 0.3 mM. Cells were then grown for 

an additional 2 h at 37°C, harvested by centrifugation, and stored at -80°C. The 

pBAD102/D-TOPO-hPARG plasmids were instead transformed into the 

electrocompetent E. coli Rosetta strain (Novagen), grown in LB medium, and 

expressed for 4 h using 0.2% L-arabinose. Thawed cells were resuspended in 

lysis buffer [50 mM potassium phosphate buffer (pH 7.5), 300mM KCl, 50 mM 
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imidazole, 10% glycerol, 0.1% Triton X-100, 1 mM PMSF, 1 mg/ml aprotonin, 1 

mg/ml leupeptin and 1 mg/ml pepstatin A] and subjected to sonification to rupture 

the cell membrane. After a 30 min centrifugation at 10,000 rpm, the supernatant 

was loaded onto a 0.5-ml Ni-NTA agarose column (Invitrogen) and allowed to 

pass through by gravity flow. The column was washed twice with 5 ml of wash 

buffer (similar to the lysis buffer but lacking the protease inhibitors), and the 

protein was eluted with 1.5ml of elution buffer [50mM potassium phosphate 

buffer (pH 7.5), 300 mM KCl, 100 mM imidazole, 10% glycerol, 0.1% triton X-

100, and 1mM maltose]. Following addition of 40 units of HQ-tagged TEV 

(Promega) to 40 µg of purified protein, the cleavage reaction was conducted in 

elution buffer for 16 h at 4°C.  

 

4.3.5 PARG Activity Assay  

This assay utilizes conditions previously reported [171]. Briefly, a typical 

reaction mixture was prepared via addition of 5 µl of 3× glyco assay buffer [150 

mM potassium phosphate buffer (pH 7.5), 150 mM KCl, 0.3 mg/ml BSA, and 30 

mM 2-mercaptoethanol], 2.5 µl of 60 µM [α-32P]PAR (approx. 6,000 cpm/µl), and 

5 µl of deionized water. A total of 2.5 µl of each TEV-cleavage reaction product 

was added, and the reaction mixtures were incubated at 37°C for 10-60 min. The 

reactions were then stopped by the addition of 2 µl of 1% SDS. Next, 3 µl of each 

reaction mixture was loaded onto a 2 × 10 cm poly(ethyleneimine)-cellulose F 

TLC plate, prespotted with 1 µl of 40 mM ADP-ribose. The spots were dried and 
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the plates were placed into a TLC tank with 100 ml of methanol and developed 

until the solvent front reached the top of the plate. The plates were then 

transferred into a second tank containing 100 ml of a 0.9 M/0.3 M acetic acid/LiCl 

solution. Once developed, the plates were air-dried, and the origins (containing 

PAR) and ADPR spots (visible under a short-wave UV lamp) were excised and 

placed into separate 20-ml scintillation vials containing 10 ml of EcoLume. The 

radioactivity was counted in a Beckman liquid scintillation counter.  

 

4.3.6. Circular Dichroism Spectrophotometry  

Circular dichroism (CD) spectra were recorded in the wavelength range of 

200–260 nm with an Olis DSM20 spectropolarimeter (Olis, Inc., Bogart, GA) 

using a 0.1-cm path length stain-free cell. The fusion proteins were analyzed at a 

concentration of 0.3 mg/ml in 5mM potassium phosphate buffer (pH 7.5), 25 mM 

KCl and 1% glycerol at 20°C. Spectra were recorded in millidegrees of ellipticity 

(θ). The solvent spectrum was subtracted from the sample spectra, and three 

independent measurements were used to calculate the mean residue ellipticity, 

[θ], using the formula:  

[θ] = (100θ) / (cln) 

where [θ] is the mean residue ellipticity in degrees squared centimeters per 

decimole (deg cm2 dmol-1), θ is the experimental ellipticity in millidegrees, c is the 

protein concentration in millimolarity, l is the cell path length in centimeters, and n 

is the number of residues in the protein [217]. Assuming that the mean residue 
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ellipticity at 222 nm is exclusively due to the α-helix conformation, fractional 

helicities were calculated using the following equation:  

% helicity = [([θ]222 nm + 2,340 deg cm2 dmol-1 ) 

/ (30,300 deg cm2 dmol-1)] × 100 

where [θ]222 nm is the observed mean residue ellipticity at 222 nm, and 2,340  and 

30,300 deg cm2 dmol-1 are previously determined values corresponding to 0 and 

100% helix content at 222 nm, respectively [218]. 

 

4.3.7 Secondary Structure Predictions  

The secondary structures of PARP-1, PARP-2 and PARG were predicted 

by submitting primary sequences to the online PredictProtein server [219]. The 

reported results were obtained with the PHD (EMBL-Heidelberg) [220] and 

PROFsec (Profile network prediction Heidelberg) [221] algorithms. PROFsec is 

currently one of the most reliable profile-based neuronal network systems for 

predicting secondary structures of proteins with a three state per residue 

accuracy of 76% [222]. MTS predictions were made using the MitoProtII 

computational method [223]. 

 

4.4 Results 

4.4.1 The Minimal Catalytically Active PARG Is a 59 kDa C-Terminal Fragment  

Previous work by our laboratory identified a highly conserved inhibitor-

binding   residue   of  PARG,  T796  [209],  as  well  as  three  essential  catalytic  
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Figure 4.3. Preparation Of PARG Fragments and Mutants. A. Schematic 
diagram of a His6-MBP-TEV(S)-hPARG fusion protein. All fusion proteins were 
designed to have a Ser (S) residue at the P1’ position of the TEV protease 
cleavage site for optimum cleavage. B. Coomassie blue staining of 
representative Ni2+-purified hPARG fragments before (-) and after (+) removal of 
the His6-MBP dual tag by TEV. The bands present following cleavage are the 
uncleaved fusion protein His6-MBP-TEV-hPARG (70-103 kDa, band a), the Pro-
TEV protease (50 kDa, band b), the truncated TEV autoproteolysis product (47 
kDa, band c), and the cleaved His6-MBP tag (43 kDa, band d). Each cleaved 
hPARG protein product in lane 2 is indicated by an asterisk. 
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residues, D738, E756 and E757 [9], all localized in a region of the putative 

domain  C  encoded  by  exons  12  and  13  of  the  human  PARG  gene. These 

findings, together with the functional characterization of a glycine-rich segment, 

G745-G746-G747 [135], also present in this region of PARG, allowed for the 

definition of a ‘PARG signature’ sequence that suggested that the putative 

domain C represented the minimal catalytic domain of PARG. To test this 

hypothesis, 15 different fragments of human PARG cDNA were cloned into a 

His6-MBP fusion protein expression vector as described in Materials and 

Methods. Each PARG fragment was expressed, purified by affinity 

chromatography, cleaved using TEV protease and tested for PARG activity. 

Panel A of Figure 4.3 shows the composition of the fusion protein expressed 

using the His6-MBP expression vector. The PARG assay used in this study 

measures the release of free ADP-ribose, thus measuring the exoglycosidase 

activity of PARG, which represents the major activity of the enzyme. Analysis of 

each PARG fragment was achieved via SDS-PAGE and Coomassie Blue 

Staining to confirm expression, purity and TEV cleavage efficiency prior to 

catalytic activity determination. Panel B of Figure 4.3 shows the high degree of 

purity (lane 1) and efficient TEV cleavage (lane 2) of several hPARG fragments, 

including larger fragments (hPARG59, hPARG56 and hPARG52) and smaller 

fragments (hPARG49, hPARG40 and hPARG31), as examples of the purity 

verification. Michaelis-Menten kinetic analyses performed on hPARG59 showed 

that  the  Km  and  Vmax values for this  fragment  prior to and after removal of the  
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Figure 4.4. The Large His6-MBP Affinity Tag Does Not Exert Any Effect On 
PARG Activity. Michaelis-Menten kinetics of the uncleaved His6-MBP-TEV-
hPARG59 fusion protein (squares) are compared to those of the cleaved 
hPARG59 protein (triangles) and found to have similar KM and VMAX values. 
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His6-MBP tag were similar (Figure 4.4), indicating that the 45 kDa His6-MBP dual 

tag did not exert a significant effect on PARG activity. For these experiments, 

activity of both cleaved and uncleaved proteins was examined. The fragments 

were designed so that they included the active site residues encoded by exons 

12 and 13 and varied in the number of exon-encoded residues included on either 

side of the active site region (Figure 4.1). The designation of each fragment 

corresponds to its size in kilodaltons. Unexpectedly, only the largest two 

fragments, hPARG70 and hPARG59, demonstrated enzymatic activity. Similar 

results were observed with the corresponding uncleaved fusion proteins (data not 

shown).  

The results in Figure 4.1 identified hPARG59 as the minimal catalytically 

active protein among the fragments analyzed. We were particularly intrigued by 

the lack of enzymatic activity of hPARG56, a fragment that differs from the active 

hPARG59 only by its lack of 26 residues encoded by exon 4, which contain a 

recently detected 16-residue N-terminal MTS [120, 127]. 

 

4.4.2 Deletion Of the PARG MTS Results In the Complete Loss Of Catalytic 

Activity  

To assess the role of the 16-residue MTS in the catalytic activity of PARG, 

4 different deletion mutants were constructed (Figure 4.5). Each mutant was 

expressed, purified, cleaved with TEV, and tested for activity as described in 

Materials and Methods. The specific activity of each protein was measured using  



141 
 

 

 

 

 

 

Figure 4.5. Deletion Of the hPARG59 REG/MTS. The REG/MTS deletion 
mutants are shown in relation to wild-type hPARG59. The exon structure is 
indicated on the top left. The REG/MTS residues present in each deletion mutant 
are also noted. Basic residues of the REG/MTS are indicated with a plus sign (+), 
and those that are hydrophobic are underlined. To the right, the specific activity 
and percent activity of each fragment are listed, with the latter being expressed 
as a percentage of the wild-type hPARG59 value. Data are shown as means of 
values from two separate experiments, each performed in triplicate. 
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results from two separate experiments, each analyzed in triplicate assays. The 

activity  of  the  deletion  mutants  was  compared  to  that  of  the  active minimal 

catalytic fragment, hPARG59, which possesses the full MTS. The deletion of the 

first four residues of the MTS, namely M1, R2, R3 and M4 (mutant ∆1-4), 

resulted in a 70% decrease in catalytic activity compared to that of hPARG59. As 

the deletion progressed towards the C-terminal end of the MTS, the activity 

decreased to a minimum where the deletion of residues M1 to P12 (mutant ∆1-

12) as well as the entire MTS (mutant ∆1-16) resulted in no detectable activity. 

These results indicate that the amino acids present in the MTS of PARG are 

required for the activity of the enzyme. 

 

4.4.3 Adjacent Hydrophobic Residues L13 and L14 In the C-Terminal Half Of 

the MTS Are Essential For PARG Function  

A general feature of many MTS is an amphipathic α-helix [120, 224]. 

Despite a lack of primary sequence homology, MTS are generally highly basic, 

contain no acidic residues and have a high percentage of leucine, serine and 

arginine residues. To determine which residues are essential for PARG activity, 

the MTS was interrogated by site-directed mutagenesis. The basic arginine 

residues at positions 2, 3, 6 and 10 were mutated to hydrophobic alanine 

residues to reduce the net positive charge of the MTS, and the hydrophobic 

leucine residues at positions 11, 13 and 14 were mutated to acidic aspartate 

residues  to disturb  the  hydrophobic  region  of  the  MTS while retaining similar  
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Figure 4.6. Site-Directed Mutagenesis Of the hPARG59 REG/MTS. The 
REG/MTS site-directed mutants are shown in relation to wild-type hPARG59. 
The exon structure is indicated on the top left. The REG/MTS residues mutated 
by site-directed mutagenesis are also noted. Basic residues of the REG/MTS are 
indicated with a plus sign (+), and those that are hydrophobic are underlined. To 
the right, the specific activity and percent activity of each fragment are listed, with 
the latter being expressed as a percentage of the wild-type hPARG59 value. 
Data are shown as means of values from two separate experiments, each 
performed in triplicate. 
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side-chain size. Figure 4.6 shows the mutants constructed and the effect on 

PARG activity. The R2A mutation alone was the only arginine mutation to result  

in a significant loss of PARG activity, which was circa 50% of that of wild-type 

hPARG59. The R3A and combined R2A/R3A/R6A/R10A mutations had no 

significant effect on PARG activity, while the R6A and R10A mutations resulted in 

a significant increase in activity. The L11D mutation alone did not decrease 

PARG activity. However, the double L11D/L13D mutant almost entirely abolished 

it, and the triple L11D/L13D/L14D mutant resulted in no detectable activity. 

These findings complement the deletion mutation results by identifying a 

regulatory segment in the MTS region of PARG. Specifically, they point to the 

vicinal hydrophobic residues L13 and L14 as residues crucial for PARG activity. 

We have termed this region of PARG the “regulatory segment/MTS” (REG/MTS). 

 

4.4.4 Loss Of PARG Activity Is Not Due To Incorrect Protein Folding  

CD spectroscopy was performed to determine whether the differences in 

catalytic activity between hPARG59 and inactive fragments and mutants were 

due to protein unfolding. Inactive constructs chosen for CD analysis were 

hPARG42 (consisting of domains C and D), hPARG23 (consisting of domain C 

only), ∆1-16 (lacking the REG/MTS), and mutant L11D/L13D/L14D. Comparisons 

of the CD spectra and the mean residue ellipticity values at 222 nm are shown in 

panels A and B of Figure 4.7, respectively. hPARG59 exhibited double minima at 

208  and  222  nm  consistent  with  those  observed for canonical α-helices. Any  
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Figure 4.7. Circular Dichroism Spectra. (A) The spectra of fragments 
hPARG42 (brown) and hPARG23 (green) and mutants Δ1-16 (purple) and 
L11D/L13D/L14D (red) are compared to that of wild-type hPARG59 (black). (B) 
The molecular weight, mean residue ellipticity at 222nm, [θ]222, and helical 
fraction of hPARG42, hPARG23, Δ1-16 and L11D/L13D/L14D are compared to 
those of wild-type hPARG59. 
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protein unfolding, therefore, would be expected to increase the amount of 

random coil present in the population, and the minima at 222 and 208 nm on the 

CD spectra would become shallower and move to lower wavelengths, 

respectively. The deletion of Domain B from hPARG59 (fragment hPARG42) 

resulted in a 2% decrease in helicity. However, the overall molecular population 

remained mostly α-helical. Domain C alone (hPARG23), on the other hand, 

showed a much larger decrease in helical content of circa 10% and the spectrum 

showed a greater overall β-sheet content as supported by a weaker CD signal, 

the formation of a single minimum in the 210-220 nm region and a significant 

lowering of the maximum at 200 nm. Surprisingly, the deletion of the REG/MTS 

(∆1-16) resulted in an increase in helicity. This was unexpected due to the α-

helical nature of most MTS [224, 225] and suggests a different secondary 

structure for this sequence in PARG. Lastly, the mutation of the three 

hydrophobic leucine residues of the REG/MTS (mutant L11D/L13D/L14D) 

caused no detectable changes in the conformation of the protein. In addition to 

excluding loss of secondary structure as the cause of loss of enzymatic activity 

by deletion or mutation of the REG/MTS, these results provide insight into the 

molecular composition of the different PARG domains, whose structures still 

remain to be determined. 
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4.4.5 Prediction Of hPARG59 Secondary Structure  

Due to the lack of a crystal structure of PARG, current knowledge on the 

molecular folding of the different putative PARG domains is limited. To 

complement the CD data obtained, secondary structure predictions of human 

PARP-1 (amino acids 664-1014), human PARP-2 (amino acids 233-583), and 

hPARG59 (amino acids 461-976) were made using the PHD and PROFsec 

algorithms as described in Materials and Methods. The corresponding crystal 

structures of human PARP-1 and PARP-2 (Protein Data Bank entries 2RCW and 

3KJD, respectively) were included to validate the accuracy of the prediction 

algorithm. The prediction of PARP-1 and PARP-2 secondary structures very 

closely matches their crystal structures, with a mostly α-helical N-terminal domain 

followed by a mixed α/β catalytic ADP-ribosyltransferase (ADPRT) domain. β-

sheet 5 (labelled by a red square) in the ADPRT domain contains the catalytic 

E988 and E534 residues of PARP-1 and PARP-2, respectively (Figure 4.8). 

These similarities highlight the potential for these algorithms to relate secondary 

structure predictions to functional aspects. The catalytic domain C of PARG 

predicts a secondary structure very similar to that of PARP-1 and PARP-2 

ADPRT domains, which contains a mixture of six β-sheets and three α-helices, 

and with the localization of the catalytic E756 and E757 residues in β-sheet 5 as 

seen for PARP-1 and PARP-2 (Figure 4.9). The high incidence of β-sheets in the 

catalytic domain of PARG emphasizes their major catalytic role in PAR 

catabolism.  Furthermore,  Domain  D is  predicted  to contain a mostly α-helical  
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Figure 4.8. Validation Of the Secondary Structure Prediction Accuracy Of 
the PHD and PROFsec Algorithms. Secondary structure predictions for the 
mostly α-helical domain and mixed α/β ADPRT catalytic domain of hPARP-1 (A) 
and hPARP-2 (B) are shown adjacent to their respective crystal structures 
(Protein Data Bank entries 2RCW and 3KJD for hPARP-1 and hPARP-2, 
respectively). The new consensus nomenclature, which has been proposed for 
all ADP-ribosyltransferases (ARTs) [21], is shown in parentheses. 
 
 

 

 

 



149 
 

 

 

 

Figure 4.9. Secondary Structure Prediction Of hPARG59. Secondary 
structure prediction for the mostly α-helical domain and mixed α/β ADPRT 
catalytic domain of hPARP-1 (A) are compared to that of hPARG59 (B).The 
ADPRT catalytic domain of PARP-1 and the ADPRT-like catalytic domain C of 
PARG are aligned to show structural similarity. The α-helices and β-sheets are 
indicated, and β-sheet 5 containing the catalytic glutamate residues of each 
enzyme, is labeled by a red square. The predictions were conducted using the 
PHD and PROFsec algorithms as described in Materials and Methods. 
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region similar to the domains on the N-terminal side of the PARP-1 and PARP-2 

ADPRT domains. Hence, on the basis of these secondary structure predictions, 

the ADPRT-like Domain C and the mostly α-helical Domain D of PARG highly 

resemble those of PARP-1 and PARP-2, with the sole difference being their 

relative orientation. Such findings can be rationalized by the similarity shared 

between the substrates of the two classes of enzymes, namely the adenosine 

moiety.  

Domain B of PARG, on the other hand, is predicted to contain a mixture of 

random coils, α-helices and β-sheets. The N-terminal region that includes the 

REG/MTS is predicted to contain random coils followed by two vicinal β-sheets 

and four consecutive C-terminal α-helices. A more detailed analysis of the 

REG/MTS was conducted using the Subsec algorithm, a subset of PROFsec that 

predicts the secondary structure of residues that exhibit an average accuracy 

greater than 82% (Figure 4.10, panel A). The REG/MTS was predicted to be in a 

loop conformation, which was not affected by the L11D/L13D/L14D mutations. As 

expected, however, the L11D/L13D/L14D mutations disrupted the maximal 

hydrophobic moment of the REG/MTS (Figure 4.10, panel B) as calculated by 

the Kyte-Doolittle hydropathy scale [226]. Furthermore, the mutations greatly 

reduced the high probability of hPARG59 to be imported into the mitochondria, 

as predicted by the MitoProtII computational method [223], and prevented the 

detection of a mitochondrial processing peptidase (MPP) cleavage site (Figure 

4.10,  panel  C).  These  predictions  are  in  agreement  with previously reported  
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Figure 4.10. PARG REG/MTS Is Predicted To Be In a Loop Conformation. 
(A) PROFsec secondary structure predictions of wild-type REG/MTS and the 
L11D/L13D/L14D mutant. The three mutated residues are colored red. 
Abbreviations: AA, amino acid; L, loop; E, β-sheet; Relsec, reliability index for 
PROFsec prediction (0 for low to 9 for high); SUBsec, subset of the PROFsec 
algorithm for all residues with an expected average accuracy of >82%. (B) Plots 
of helical hydrophobic moment versus amino acid sequence for wild-type 
REG/MTS (open squares) and mutant L11D/L13D/L14D (closed squares). The 
hydrophobic moments were calculated for nine residue segments of the 
REG/MTS (residues M461 to P476) using the Kyte-Doolittle hydropathy scale 
[226]. The moment of each segment is plotted above the central fifth residue of 
that segment. (C) Predicted and observed changes in REG/MTS function 
induced by the L11D/L13D/L14D mutant. The export to mitochondria probabilities 
and cleavage site detections were obtained using the MitoProtII computational 
method [223], while the mitochondrial fraction values have been previously 
reported [127]. 
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results showing a 75% reduction in the level of mitochondrial import of the mutant 

compared to wild-type hPARG59 [127]. The disruption of the hydrophobicity of 

the REG/MTS, therefore, affects not only the mitochondrial localization of 

hPARG59 but also its enzymatic activity. However, this loss of activity is not 

accompanied by any large change in secondary structure. 

 

4.4.6 The REG/MTS Is Also a Critical Factor In the Catalytic Activity Of Full-

Length hPARG111  

The role of the newly identified regulatory segment in the hPARG59 

mitochondrial isoform was investigated in the full-length nuclear hPARG111 

protein to determine whether this region could also regulate the enzymatic 

activity of larger PARG isoforms. While in hPARG59 the regulatory segment 

corresponds to the N-terminal MTS, in hPARG111 it is an internal region 

composed of amino acids 461-476 (Figure 4.1). The REG/MTS was deleted from 

hPARG111 by site-directed mutagenesis as described in Materials and Methods. 

As expected, hPARG111 was found to be active, with a specific activity 

comparable to that of hPARG59 (Figure 4.11). The hPARG111∆461-476 deletion 

mutant, however, exhibited no detectable enzymatic activity, indicating that 

hPARG111, and consequently also the extranuclear hPARG102 and hPARG99 

isoforms, also possess this mechanism of regulation.  
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Figure 4.11. Deletion Of the REG/MTS From Full-Length hPARG111. Deletion 
mutagenesis was used to characterize the role of the REG/MTS in the enzymatic 
activity of the full-length hPARG111 protein. The REG/MTS and its first and last 
amino acid residues are indicated. The specific activities and percent activities 
are shown as means of values from two separate experiments, each performed 
in triplicate. 
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4.5 Discussion 

The study presented here was initiated to identify the minimal catalytic 

domain of PARG. The identification of an inhibitor-binding site [209], three 

essential catalytic residues [9] and a functional glycine-rich region [135] all within 

the putative Domain C of PARG pointed to this highly conserved region as the 

putative minimal catalytic domain. Surprisingly, the smallest active fragment was 

found to be a 59 kDa fragment, also recently identified as a PARG mitochondrial 

isoform with an N-terminal MTS required for targeting to the mitochondrial matrix 

[120, 127]. Deletion studies and site-directed mutagenesis of the 16-residue MTS 

have identified this region, in particular the vicinal hydrophobic leucine residues 

L13 and L14, as being required for activity (Figure 4.6), revealing that the 

residues within the MTS are involved in the regulation of PARG. 

The deletion of the REG/MTS from hPARG59 led to an increase in α-

helical content of the protein, which was surprising since the positively charged, 

amphipathic MTS segments of many proteins are typically predicted to form an α-

helix [120]. In contrast, secondary structure analyses in the study reported here 

using the PROFsec and SUBsec algorithms predicted the REG/MTS to be in a loop 

conformation (Figure 4.10, panel A). This prediction is in agreement with the CD 

data (Figure 4.7) since the deletion of this loop would be predicted to lower the 

random coil contribution to the spectrum and increase the α-helical fraction of the 

protein. Furthermore, a loop conformation would explain the lack of a detectable 

secondary structure change induced by the L11D, L13D and L14D mutations in 
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the C-terminal hydrophobic half of the MTS. While amphiphilic properties are not 

limited to proteins having an α-helical MTS, and considerable flexibility exists in 

the structural requirements for MTS [227], another possibility could be that the 

formation of an α-helical structure is a downstream event induced by the 

interaction of hPARG59 with the binding site or cleft of its respective 

mitochondrial import receptor. 

Our data supports a model in which the hydrophobic leucine residues of 

the REG/MTS interact with hydrophobic residues near the catalytic site to 

activate PARG. Such a model is likely to apply to larger PARG isoforms across 

different cell compartments, since the deletion of the REG/MTS from the full-

length hPARG111 also abrogated its catalytic activity. Indeed, the REG/MTS 

segment is present in all other isoforms of PARG that have been detected to date 

[119, 120]. This raises the possibility that interactions of the REG/MTS with other 

proteins may generally be involved in PARG regulation. The interplay of PARP-1 

and PARG in nuclear PAR metabolism makes automodified PARP-1 a likely 

candidate for regulation of PARG activity at the REG/MTS site following DNA 

damage.  

The presence of a regulatory segment within the PARG MTS is 

particularly interesting in that the mechanism of mitochondrial import of proteins 

with an N-terminal MTS typically involves MTS cleavage by a MPP either during 

or after entry into the mitochondria [228, 229]. This fate of mitochondrial PARG is 

supported by the detection of an MPP cleavage site by the MitoProtII 
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computational method (Figure 4.10, panel C). This raises the possibility that 

interaction with other proteins would be required for activity of mitochondrial 

PARG. Recent studies have provided evidence of a mitochondrial localization of 

PARP-1, dependent on the presence of the mitochondrial protein Mitofilin, with 

which it interacts and which is poly(ADP-ribosyl)ated upon overactivation of 

PARP-1 by traumatic brain injury [230], although the presence of PARP-1 in the 

mitochondrial compartment has not yet been validated in cells derived from 

PARP-1-deficient animals. 

While the mechanism of PARG regulation via this segment of PARG 

needs further investigation, it should be noted that a regulatory domain of PARP-

1 involved in protein-protein interactions capable of modulating PARP-1 

activation and crucial for its DNA-dependent stimulation has recently been 

identified [24]. This domain was found to contain four highly conserved cysteine 

residues with spacing reminiscent of the zinc finger protein fold and was hence 

characterized as the third zinc-binding domain of PARP-1. Although the PARG 

regulatory segment contains only a single cysteine residue and does not have 

any detectable zinc-binding recognition signatures, it shares the same ability as 

PARP-1 in regulating catalytic activity from a location very distant from the active 

site (>250 residues). A comparison of six PARG sequences across a wide range 

of organisms revealed a high level of homology in the REG/MTS (Figure 4.12). 

Particular attention was given to the level of conservation of basic and 

hydrophobic  residues,  which  was  found  to  be  high.  Indeed,  L14  is invariant  
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Figure 4.12. Comparison Of PARG Amino Acid Sequences From Different 
Species. The amino acid sequence of the REG/MTS encoded by exon 4 was 
aligned with five additional PARG sequences across a wide range of organisms. 
Residues colored gray represent sequence identity in all six organisms, while 
those colored red and green represent conservation of basic and hydrophobic 
residues, respectively. The GenBank accession numbers for PARG are as 
follows: Q86W56 for Homo sapiens, O02776 for Bacillus taurus, Q9QYM2 for 
Rattus norvegicus, O88622 for Mus musculus, Q4KLP9 for Xenopus laevis, and 
B1H3J2 for Xenopus tropicalis. 
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across these organisms. The strong sequence homology provides further support 

for the notion that this region of PARG is involved in the regulation of PARG 

activity. 

A look at the secondary structure predictions of hPARG59, in concert with 

the CD data, provides evidence for a mixed α/β Domain C and a mostly α-helical 

Domain D, which are very similar to the catalytic ADPRT domain and the mostly  

α-helical domain, respectively, of PARP-1 and PARP-2. The only significant 

difference lies in the orientation of the two domains. These predicted structural 

similarities between the active sites are due to the similar composition of their 

substrates, namely the ADPR moiety, and are further supported by the cross 

inhibition of PARG inhibitors with PARP-1 observed with several PARG inhibitors 

currently being developed in our laboratory (unpublished data). While this 

potential for cross inhibition may prove to have therapeutic benefits, particularly 

in the new paradigm of cancer therapy based on synthetic lethality, which has 

paved the way for the clinical development of PARP inhibitors in breast tumors 

with germline mutations in BRCA1 and/or BRCA2 [82, 231], it also proposes 

difficulties in obtaining specific PARG inhibitors. This newly identified regulatory 

segment of PARG, therefore, offers a potentially novel site for drug targeting that 

could be exploited for the development of specific and potent PARG inhibitors to 

serve as tools in the validation of PARG as a therapeutic target. 
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CHAPTER FIVE 

CONCLUDING REMARKS 

 

Since the discovery of PAR in 1963, tremendous academic effort has 

been dedicated to understanding the biological function of this molecule in cells. 

Many studies have focused on PARP-1, the major PAR synthesizing enzyme 

whose activity accounts for circa 90% of the total PAR formed in cells following 

DNA damage. With the use of chemical inhibitors, dominant negative mutants, 

and gene inactivation models, PARP-1 has been identified as a multifunctional 

enzyme involved in many cellular processes, which extend from DNA repair and 

chromosomal stability to gene transcription and apoptosis (reviewed in [8, 232, 

233]), and has been thrust into the limelight as a promising target for a variety of 

diseases of inappropriate cell death. 

The work described herein provides strategies designed to aid in the 

investigation of the reverse arm of poly(ADP-ribosyl)ation, namely the hydrolysis 

of PAR by PARG, a crucial determinant of PAR homeostasis which has not been 

studied as extensively as PARP-1. A novel colorimetric high-throughput assay for 

measuring PARG activity was compared to a widely used radiolabelling assay 

and found to be very similar in efficiency and sensitivity, with the advantage of 

being able to also measure the endoglycosidic activity of PARG. The high-

throughput nature of this assay will undoubtedly facilitate the rapid screening of 

chemical space for specific and cell permeable PARG inhibitors, which are badly 
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needed to complement the in vivo studies conducted thus far using gene 

inactivation animal models.  

Two in vitro expression and purification systems for PARG were also 

designed to overcome the physical properties of this enzyme, namely its low 

abundance in cells, extreme sensitivity to proteolysis and low solubility at high 

concentrations, which have made the obtainment of large quantities of PARG for 

structure-activity relationship analyses and structural studies very difficult. These 

two systems are comprised of a TEV-cleavable and an uncleavable hPARG59 

fusion protein fused to an N-terminal dual His6-MBP tag. The MBP tag greatly 

increases the expression yield and solubility of PARG, and the His6 provides an 

efficient purification step by Ni2+ metal-affinity chromatography. The cleavable 

system allows for the removal of the dual tag following purification for the 

obtainment of the carrier protein for in vitro studies. The tendency of PARG to 

precipitate in high concentrations, however, limits the use of this system for 

studies requiring concentrations equal to or less than 1 mg/ml. The discovery of 

the REG/MTS and the secondary structure predictions of a loop that can interact 

with other amino acid sequences provide an explanation for the very poor 

solubility of PARG observed during the work described in this dissertation. 

The uncleavable system, on the other hand, offers a strategy for large-

scale expression of soluble PARG for structural studies. While the crystallization 

of hPARG59 was not successful, the observation that smaller inactive fragments 

of PARG retain their proper secondary structure, as evidenced by circular 
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dichroism (CD) analyses of hPARG42 (Domains C and D) and hPARG23 

(Domain C only) (Figure 4.7), identifies smaller fragments as good crystallization 

candidates. Smaller fragments lacking the REG/MTS would be expected to be 

more soluble, and will allow for the 3-dimensional structure to be determined 

using x-ray crystallography concurrently with nuclear magnetic resonance 

(NMR).  

The cleavable PARG expression and purification system was successfully 

used to perform structure-activity analyses, which led to the identification of the 

first mechanism of regulation of PARG. A region that corresponds with a 

recently-identified mitochondrial targeting sequence (MTS), was found to be 

required for catalytic activity. Furthermore, CD spectra and secondary-structure 

predictions suggested a loop conformation for this region, further supporting a 

regulatory role. This region was termed the “regulatory segment/MTS” 

(REG/MTS). In light of these findings, a model of PARG regulation has been 

proposed (Figure 5.1). In this model, the REG/MTS in domain B of each PARG 

isoform is involved in a hydrophobic interaction with the domain C containing the 

active site. This interaction lifts a flap near the active site generating a 

conformation that enables PARG to bind to its PAR substrate and catalyze its 

hydrolysis. Cleavage of the mitochondrial PARG isoform by a mitochondrial 

processing peptidase (MPP) will result in the loss of the REG/MTS, which will, in 

turn, render PARG inactive due to the loss of the hydrophobic interaction. An 

inactive  PARG  protein  in  the  mitochondria  can,  subsequently be activated by  
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Figure 5.1. Proposed Model Of PARG Regulation. The REG/MTS within the 
domain B of PARG interacts with the catalytic domain C, lifting a flap and 
activating the protein’s catalytic activity. This interaction is maintained in the 
extranuclear hPARG102, hPARG99, hPARG60 and hPARG55 isoforms which 
lack the NLS encoded by exon 1. The hPARG55 mitochondrial isoform is 
transported into the mitochondrial matrix where the MTS is cleaved by a 
mitochondrial processing peptidase (MPP), resulting in the loss of the interaction 
and subsequent lowering of the flap, which produce an inactive mitochondrial 
PARG protein. This activity could potentially be restored by interactions of the 
catalytic domain of PARG with specific mitochondrial proteins. 
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hydrophobic protein-protein interactions with other mitochondrial proteins. More 

studies, however, will need to be performed to better understand this mode of 

regulation of PARG.  

 This dissertation research also provides insight into the secondary 

structure of PARG, and highlights important similarities shared between the 

catalytic domain of PARG and those of PARP-1 and -2. Similarly to the mixed α/β 

ADPRT domain of PARP-1 and -2, the catalytic domain C of PARG contains a 

mixture of six β-sheets and three α-helices, with the localization of the catalytic 

E756 and E757 residues in β-sheet 5. In addition, domain D of PARG is very 

similar to the mostly α-helical domain of PARP-1 and -2 positioned at the N-

terminus of the ADPRT domain. The predominant β-sheet nature of domain C 

and α-helical nature of domain D of PARG was further supported by CD 

spectroscopy analyses. While laying the foundations for future structural studies 

on PARG, this emerging evidence of the structural similarity between the active 

sites of these two different classes of enzymes raises serious challenges for the 

development of selective PARG inhibitors. In fact, current efforts being 

conducted in our laboratory to identify potent, selective PARG inhibitors has led 

to the synthesis of several “dual” inhibitors capable of inhibiting the activity of 

both PARG and PARP-1 with very similar specificity. Such findings certainly draw 

attention to the REG/MTS as an alternative, and perhaps more specific, target for 

inhibitor/drug development. One strategy that could be implemented in the 

identification of compounds capable of inhibiting PARG by targeting the 
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REG/MTS would consist in the use of a recombinant hPARG59 protein 

containing a Y796A mutation. Residue Y796, which is situated within the active 

site, has been shown to be crucial for binding to the potent inhibitor ADP-HPD 

and its mutation into an alanine residue greatly reduces the binding constant of 

the inhibitor by 21-fold while having minimal effects on enzyme activity [209].  

Such a mutant would greatly minimize inhibitor binding to the active site, and any 

inhibition observed when incubated with candidate compounds would suggest 

binding to a site other than the active site. Surface plasmon resonance (SPR) 

spectroscopy using the generated hits could subsequently be used to confirm 

binding to the REG/MTS. For this experiment, binding affinities of the compounds 

for the Y796A mutant can be compared to those for the inactive REG/MTS 

mutant L11D/L13D/L14D. Specific REG/MTS inhibitors would be expected to 

have a low dissociation constant (high affinity) for Y796A and a high dissociation 

constant (low affinity) for L11D/L13D/L14D. 

This dissertation research provides the foundations for future studies 

involving PARG. It is the author’s hope that the availability of a high-throughput 

assay, efficient expression and purification systems, secondary structure 

predictions of the different domains of PARG, and the identification of a novel site 

for drug targeting of PARG will contribute to the field of PAR metabolism and the 

validation of PARG, a crucial determinant of PAR homeostasis, as a valid 

therapeutic target.   
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